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α,ω-Dicarboxylic acids (DCAs) are valuable chemical compounds and are used in a wide 
variety of applications. They serve as monomers for polyamides such as nylons and polyesters. 
Moreover, these compounds are used as precursors for pharmaceuticals, perfumes, lubricants, 
adhesives, plasticizers, powder coatings and corrosion inhibitors. Today, mainly short- and 
medium-chain DCAs are used. The application of DCAs with longer chain lengths (C > 14) is 
less widespread due their lower availability and elevated costs. This is the result of their 
challenging production process. On the one hand, long-chain α,ω-DCAs are produced through 
chemical conversion of fatty acids by means of metathesis. On the other hand, a fermentation 
process with the industrial DCA producer Candida viswanathii is established. Unfortunately, 
both processes come with a number of disadvantages and there is a need for an alternative long-
chain α,ω-DCA production process for increased availability and decreased prices. 
 
Cytochrome P450 monooxygenases (CYP) constitute a large superfamily of enzymes, 
performing a wide variety of reactions and accepting a diverse range of substrates. These 
enzymes have the ability to introduce one oxygen atom from molecular oxygen in a non-
activated C-H bond, while reducing the other oxygen atom to water. This is a reaction difficult 
to achieve by conventional chemical routes. Therefore, CYPs are considered of great value in 
synthetic biology applications. Unfortunately, disadvantages such as low specific activity, the 
need for a redox partner and the cofactor NAD(P)H limits their use, and current application is 
restricted to whole-cell bioconversions. 
 
A number of CYP families have been reported to hydroxylate fatty acid substrates at the 
ω-position to their corresponding ω-hydroxy fatty acids. In some cases, overoxidation to the 
α,ω-DCAs was observed. One of these enzymes was selected for the development of an in vitro 
biocatalytic process, producing α,ω-DCAs from fatty acid substrates, i.e. CYP52A13 from the 
industrial DCA producer C. viswanathii. An in vitro biocatalytic process was pursued due to its 
many advantages over the currently used processes. No rare metal catalysts are needed, the 
enzyme performs its conversion at ambient temperature in mild reaction conditions, no side 
reactions occur due to absence of other enzymes and no cell membrane needs to be crossed, 
especially important with respect to the desired long-chain DCAs. Moreover, a biocatalytic 
process is easier to implement in the chemical industry as fermentation requires specific 
know-how and specialized equipment. 
 
In the first experimental chapter (chapter 3) it was investigated whether it would be feasible to 
create a soluble self-sufficient enzyme for the implementation in an enzyme reactor. 
CYP52A13 belongs to the class II CYP enzymes, meaning it is a membrane-bound protein, 
requiring the redox partner CYP reductase (CPR), which is also membrane-bound. As a soluble 
system was of interest due to its ease of implementation in a reactor system, both enzymes were 
truncated in order to remove their membrane anchor. Pichia pastoris was chosen as this fungal 
host offers many advantages towards industrial protein production. For example, little 




form was therefore pursued as this should greatly facilitate downstream processing. 
Furthermore, it was of interest to create a chimeric construct, where both redox partners were 
present in the same polypeptide chain. In this way, only one enzyme instead of two needs to be 
produced and fusion of the redox partners was reported to enhance coupling efficiency. For the 
optimization of this construct, a nontruncated variant was produced in the same recombinant 
host. Both truncated CYP and CPR were successfully produced using an artificial N-terminal 
tag, replacing the N-terminal membrane anchor. Even more, this N-tag enabled secretion to the 
medium for both enzymes. Unfortunately, activity could only be proven for CPR. A chimer was 
successfully produced but not secreted in P. pastoris and the chimer was retained in the 
microsomal membrane. However, the artificial N-tag proved to be valuable still. The chimer 
could be isolated in a soluble form in absence of detergents by washing the microsome with a 
high salt buffer. Furthermore, the N-tag improved the production yield of this class II CYP 
compared to the nontruncated form, which was only produced to a low level. 
 
In the following chapter (chapter 4), an in vivo immobilization strategy was considered in order 
to enhance stability of the CYP by introduction in a membrane environment, while still 
retaining the advantages of an in vitro approach. To this end, surface display of a self-sufficient 
CYP52A13 on the outer membrane of Escherichia coli was executed. The ice nucleation protein 
InaK proved to be of great value as all differentially truncated constructs appeared at the 
surface. Unfortunately, no DCA producing catalyst could be obtained. In a next step, outer 
membrane vesicles were isolated from a hypervesiculating mutant. Using the natural self-
sufficient CYP102A1 from Bacillus megaterium, spontaneously formed OMVs, as well as 
EDTA-extracted OMVs were isolated and showed activity against the model substrate 
p-nitrophenoxydodecanoic acid. Thereby, a proof-of-concept was delivered for in vivo 
immobilization of CYP enzymes on the surface of OMVs. 
 
Lastly (chapter 5), the matter of cofactor regeneration was addressed. CYP52A13 needs 
NADPH for the delivery of electrons via CPR to CYP52A13. It would not be economically 
feasible to add this cofactor in stoichiometric amounts. Therefore, an enzymatic cofactor 
regeneration approach was investigated. To this end, formate dehydrogenase (FDH) was 
selected, as the substrate formate is cheap and readily available. Moreover, the reaction is 
irreversible and the formed CO2 is easily removed. Because of its NADP
+-specificity, FDH 
from Burkholderia stabilis was selected and production in a secreted form was pursued for a 
facilitated downstream processing. On the one hand, FDH was produced in P. pastoris and 
secreted to the medium. FDH was purified in an active form. Unfortunately, stability issues 
limited the use of this enzyme and production in the recombinant host E. coli was explored. A 
secretory approach was considered by translocating the enzyme to the periplasm and enhancing 
leakage to the medium by a prolonged expression phase. However, this approach was not 
suitable for FDH production. 




Although no soluble self-sufficient CYP52A13 could be delivered for industrial application, a 
solubilization strategy was proposed which might be useful for other class II CYPs or for other 
applications where soluble CYP enzymes are pursued, e.g. crystallization. Recombinant 
production of membrane-bound CYPs is notoriously challenging. In this dissertation, a method 
to immobilize CYPs in vivo was demonstrated, i.e. the display on the surface of E. coli-derived 
OMVs. This is believed to serve as a valuable approach for in vitro applications of CYP 
enzymes, not only as a biocatalyst, but in other CYP applications as well, such as biosensors. 
Additionally, this opens the possibility of in vivo immobilization of other difficult to produce 
enzymes, e.g. FDH, and the creation of a true self-sufficient system by co-expressing FDH with 





α,ω-Dicarbonzuren (DCAs) zijn waardevolle chemische componenten en worden toegepast in 
een waaier aan applicaties. Ze doen dienst als monomeren voor polyamides, zoals nylon, en 
polyesters. Bovendien worden ze gebruikt als precursors voor farmaceutische producten, 
parfums, smeermiddelen, adhesieven, weekmakers, poedercoatings en corrosie inhibitoren. 
Vandaag worden vooral korte- en medium-keten DCAs gebruikt. DCAs met langere 
vetzuurketens (C > 14) worden minder algemeen gebruikt vanwege de lage beschikbaarheid en 
hoge kostprijs. Dit is het gevolg van hun uitdagende productieproces. Aan de ene kant worden 
lange-keten DCAs geproduceerd via de chemische conversie van vetzuren door het toepassen 
van metathese. Aan de andere kant is een fermentatieproces, gebruikmakend van de industriële 
DCA producent Candida viswanathii, beschikbaar. Jammer genoeg gaan beide processen 
gepaard met een aantal nadelen en er is nood aan een alternatief lange-keten DCA 
productieproces die leidt tot een verhoogde beschikbaarheid en verlaagde kostprijs. 
 
Cytochroom P450 monooxygenases (CYP) vormen een grote enzym superfamilie, die een 
variëteit aan reacties uitvoert en diverse substraten accepteert. Deze enzymen slagen erin een 
zuurstofatoom van moleculair zuurstof te introduceren in een niet-geactiveerde C-H binding, 
waarbij het andere zuurstofatoom wordt gereduceerd tot water. Deze reactie is moeilijk te 
verwezenlijken met conventionele chemische methoden. Daarom worden CYPs als 
waardevolle enzymen beschouwd voor hun toepassing in synthetische biologie. Helaas wordt 
hun gebruik gelimiteerd door een lage specifieke activiteit, de nood aan een redox partner en 
aan de cofactor NAD(P)H. Hun huidige toepassing is beperkt tot whole-cell bioconversies. 
 
Er werden een aantal CYP families beschreven die de ω-positie van vetzuur substraten kunnen 
hydroxyleren, wat resulteert in de vorming van hun overeenkomstig ω-hydroxyvetzuur. In 
sommige gevallen is er ook sprake van overoxidatie tot het overeenkomstig α,ω-DCA. Eén van 
deze enzymen werd geselecteerd voor de ontwikkeling van een in vitro biokatalytisch proces, 
waarbij α,ω-DCAs geproduceerd worden vanuit vetzuur substraten, namelijk CYP52A13 van 
de industriële producent C. viswanathii. Een in vitro biokatalytisch proces werd nagestreefd 
vanwege de vele voordelen ten opzichte van de huidige productieprocessen. Er zijn geen 
zeldzame metalen nodig als katalysator, het enzym voert de conversie uit bij een gematigde 
temperatuur en in milde reactiecondities, geen nevenreacties vinden plaats aangezien er geen 
andere enzymen aanwezig zijn en er is geen transport over een celmembraan nodig, vooral 
belangrijk met betrekking tot lange-keten DCAs. Daarbovenop komt het feit dat biokatalytische 
processen gemakkelijk te implementeren zijn in de chemische industrie. Fermentatieprocessen 
daarentegen vereisen specifieke know-how en een gespecialiseerde uitrusting. 
 
In het eerste experimentele hoofdstuk (hoofdstuk 3) werd de mogelijkheid onderzocht om een 
oplosbaar en zelfvoorzienend enzym te creëren voor de implementatie in een enzymreactor. 
CYP52A13 behoort tot klasse II, wat betekent dat het membraangebonden is, en de redox 
partner CYP reductase (CPR), ook een membraangebonden eiwit, nodig heeft. Een oplosbaar 




Daarom werden beide redox partners getrunceerd om hun N-terminale membraananker te 
verwijderen. Pichia pastoris werd geprefereerd als recombinante gastheer omwille van de vele 
voordelen die deze gist biedt in het licht van industriële eiwitproductie. Zo secreteert deze gist 
weinig endogeen eiwit. We beoogden daarom de productie van CYP en CPR in een 
gesecreteerde vorm om de eiwit opzuivering te faciliteren. Bovendien was er interesse in het 
maken van een chimeer construct, waarbij beide enzymen aanwezig zijn in dezelfde 
polypeptide keten. Op deze manier dient slechts één eiwit geproduceerd te worden en er wordt 
beschreven dat fusie van de redox partners de koppelingsefficiëntie verhoogd. Voor de 
optimalisatie van dit construct werd een niet-getrunceerde variant van CYP52A13 
geproduceerd in dezelfde recombinante gastheer. Zowel getrunceerd CYP als CPR werden 
succesvol geproduceerd, waarbij een artificiële N-terminale tag het membraananker verving. 
Bovendien ondersteunde deze N-tag de secretie van beide eiwitten naar het medium. Helaas 
kon enkel voor CPR activiteit aangetoond worden. Een chimeer construct werd geproduceerd 
maar niet gesecreteerd door P. pastoris en het chimeer construct bleef gebonden aan het 
microsomaal membraan. Desalniettemin toonde deze artificiële N-tag zijn waarde. Het chimeer 
enzym kon geïsoleerd worden in een oplosbare vorm in afwezigheid van detergent, door het 
microsoom te wassen met een geconcentreerde zoutbuffer. Bovendien werd aangetoond dat 
deze N-tag leidde tot een verhoogde opbrengst in vergelijking met de niet-getrunceerde CYP 
variant, waarvan de opbrengst slechts laag was.  
 
In het volgende hoofdstuk (hoofdstuk 4) werd een in vivo immobilisatie strategie overwogen 
om de stabiliteit van CYP te verhogen door de integratie in een membraanomgeving, waarbij 
de voordelen van een in vitro aanpak behouden bleven. Om deze reden werd surface display 
van een zelfvoorzienend CYP52A13 op het oppervlak van Escherichia coli uitgevoerd. Het ice 
nucleation eiwit InaK bleek waardevol te zijn aangezien de verschillend getrunceerde 
constructen allemaal op het oppervlak van de cel verschenen. Jammer genoeg werd geen DCA 
producerende katalysator verkregen. Een volgende stap bestond eruit om de membraanvesikels 
te isoleren van een hypervesikulerende mutant. Het natuurlijke zelfvoorzienend enzym 
CYP102A1 van Bacillus megaterium werd geproduceerd en zowel spontaangevormde vesikels 
als EDTA-geëxtraheerde vesikels werden geïsoleerd. Deze toonden activiteit ten opzichte van 
het modelsubstraat p-nitrophenoxydodecanoic acid. Hiermee werd een proof-of-concept 
geleverd voor de in vivo immobilisatie van CYPs op het oppervlak van membraanvesikels. 
 
In het laatste experimentele hoofdstuk (hoofdstuk 5) werd cofactor regeneratie bekeken. 
CYP52A13 heeft NADPH nodig voor de aanlevering van elektronen via CPR naar CYP52A13. 
Economisch zou het niet haalbaar zijn indien deze cofactor in stoichiometrische hoeveelheden 
dient toegevoegd te worden. Daarom werd een enzymatisch cofactor regeneratiesysteem 
onderzocht. Hiervoor werd formaat dehydrogenase (FDH) geselecteerd, aangezien formaat 
goedkoop en gemakkelijk te verkrijgen is. Bovendien is de reactie irreversibel en kan het 
gevormde product CO2 gemakkelijk worden verwijderd. FDH van Burkholderia stabilis werd 
gekozen omwille van zijn NADP+-specificiteit en productie in gesecreteerde vorm werd 
nagestreefd omdat dit de eiwitopzuivering vereenvoudigt. Aan de ene kant werd FDH 




actieve vorm. Helaas bleek de stabiliteit onvoldoende en daarom werd productie in E. coli 
bestudeerd. Productie in een gescreteerde vorm werd hier nagestreefd door translocatie naar het 
periplasma en een verlengde expressiefase waarbij lekkage naar het medium werd vergroot. Dit 
bleek echter geen geschikte aanpak voor FDH productie. 
 
Ook al werd geen oplosbaar zelfvoorzienend CYP52A13 afgeleverd voor industriële 
toepassing, er werd een solubilisatie strategie gegeven die mogelijks van nut kan zijn voor 
andere klasse II CYPs en voor andere toepassingen waar oplosbare CYP enzymen beoogd 
worden, zoals kristallisatie. Recombinante productie van membraangebonden CYPs is een 
welbekende uitdaging. In deze dissertatie werd een methode voor de in vivo immobilisatie van 
CYPs gedemonstreerd, namelijk de display op het oppervlak van membraanvesikels, afgeleid 
van E. coli. Dit wordt aangenomen een waardevolle aanpak te zijn voor de in vitro toepassing 
van CYP enzymen, niet enkel als katalysator, maar ook in andere CYP toepassingen, zoals als 
biosensor. Bovendien opent dit de mogelijkheid tot in vivo  immobilisatie van andere enzymen, 
moeilijk recombinant te produceren, zoals FDH, en het creëren van een volledig 
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NEB New England Biolabs 
NMR nuclear magnetic resonance 
NTA nanoparticle tracking analysis 
OHFA hydroxy fatty acid 
OIMV outer inner membrane vesicles 
OM outer membrane 
Omp outer membrane protein 
OMV outer membrane vesicle 
P450RhF CYP116B2 from Rhodococcus sp. NCIMB 9784 
PBS phosphate buffered saline 
PBS-T phosphate buffered saline, including 0.1 % (v/v) Tween-20 
PET polyethylene terephthalate 









PQS Pseudomonas quinolone signal 
PTDH phosphite dehydrogenase 
ROS reactive oxygen species 
RT retention time 
SAXS small angle X-ray scattering 
SDS-PAGE sodium dodecyl sulfate polyacrylamide gel electrophoresis 
SEC size exclusion chromatography 
sOMV spontaneous outer membrane vesicle 
SP signal peptide 
SRS substrate recognition site 
TB Terrific Broth 
TCA trichloroacetic acid 
TCP total cell protein 
TMCS trimethylchlorosilane 
VLAIO Vlaams agentschap innoveren en ondernemen 
WT wild type 
YNB yeast nitrogen base 
YPD yeast extract peptone dextrose 




















1 Long-chain α,ω-dicarboxylic acids 
1.1 Introduction and application 
α,ω-Dicarboxylic acids (DCAs) are important intermediates with a wide variety of applications, 
which we encounter on a daily basis. We find them in our clothes, our cars, sport equipment, 
packaging, etc. α,ω-DCAs are monomers included in nylons and other polyamides and 
polyesters. Additionally, they serve as precursors for pharmaceuticals, perfumes, lubricants, 
adhesives, plasticizers, powder coatings and corrosion inhibitors [1]–[3]. Adipic acid for 
example is produced on mass for its use in nylon-6,6 (Figure 1.1) [4]. Azelaic acid (Figure 
1.1A) is known to have antibiotic properties with applications in the treatment of acne and its 
lithium and aluminium salts are used in lubricants. Sebacic acid (Figure 1.1A) acts as monomer 
in nylon-6,10 and its dibutyl ester is a plasticizer in food packaging [5]. Using dodecanedioic 
acid (DDDA) (Figure 1.1A) in polyamide synthesis leads to nylon-6,12. DDDA also finds other 
applications such as acting as a curing agent and stabilizer in acrylic powder coatings [4]. 
Another example is brassylic acid (Figure 1.1A), which serves as a precursor for synthetic musk 
[6].  
 
Figure 1.1: The application of α,ω-dicarboxylic acids in industry. A: Examples of α,ω-dicarboxylic acids used 
today. B: Nylon-6,6 is a polymer, formed from two monomer building blocks, i.e. the DCA adipic acid and the 
diamine hexamethylene diamine. 
The application of long-chain α,ω-DCAs (>C14) is less widespread due to the fact that the 
production processes are more challenging, resulting in lower availability and higher costs. 
However, their potential as (cross)linkers in polymer synthesis is widely recognized. Their use 
in polyamides leads to decreased water absorbance [7]. Water absorbance can significantly 
affect stability and mechanical performance. This is exemplified by nylon-6,12, which shows 
lower moisture uptake and improved chemical resistance compared to nylon-6,6 [2]. DCAs 
currently used in polyesters are mainly aromatic, for example terephtalic acid for the synthesis 




polyesters which are more biodegradable, this in contrast to e.g. PET. However, when 
polyesters are synthesized with short-chain aliphatic DCAs, melting temperatures are low, as 
well as their tendency to crystallize. Increasing the chain length of these aliphatic DCAs could 
overcome this [7]. Using chain length of 16 up to 24 carbon atoms leads to polymers with 
polyethylene-like properties, thus showing higher melting temperatures and a higher tendency 
to crystallize. In comparison to PET, long-chain aliphatic polyesters are also more easy to 
process. Long-chain α,ω-DCAs thus offer a lot of advantages and can additionally lead to 
entirely new polymers. In 2015, the demand for long-chain DCAs was more than 24 kilo tons 
for Asia Pacific alone and the demand for long-chain DCAs is increasing annually. According 
to Grand View Research, the global market of long-chain DCAs is anticipated to grow with a 
compound annual growth rate of 7 % and the market is predicted to reach USD 300 million by 
2025. However, this growth is limited by their challenging production processes [3], [8]. From 
this, it is clear that there is a demand for alternative production processes leading to increased 
availability and decreased prices. 
 
1.2 Production processes in industry 
1.2.1 Chemical conversion 
In industry, α,ω-DCAs are mainly synthesized by means of chemical conversions, starting from 
both fossil (petroleum and natural gas) and sustainable resources (fatty acids and their esters). 
The longest DCA that is commercially available by chemical synthesis from fossil resources is 
DDDA (Figure 1.2). [2]–[4]. DCAs with longer carbon chains have also been synthesized from 
fossil-based building blocks, however only on a lab scale. These reactions are inefficient as they 
require elaborate protection and deprotection steps, which makes them useless on a commercial 
scale [7]. Additionally, fossil resources will become more and more limiting and the 
sustainability of industrial processes gains in importance. For these reasons, more attention is 
given to the development of alternative production processes using renewable materials such 
as fats and oils. 
  
Figure 1.2: Chemical synthesis of DDDA. The reaction starts with cyclic trimerization of butadiene, which is 
catalysed using nickel or other metals, e.g. titanium. The obtained cyclododecatriene is then hydrogenated and 
sequentially oxidized with oxygen and nitric acid, respectively, to DDDA. 
Fatty acids (FA) are attractive starting materials for the production of α,ω-DCAs as they already 
contain the desired aliphatic carbon chain and one carboxyl group. With FAs as a substrate, 
some α,ω-DCAs are already produced on a commercial scale. Azelaic acid and brassylic acid, 
for example, are synthesized via ozonolysis of oleic acid (Figure 1.3) and erucic acid, 
respectively, delivering several thousand tons per year [7]. Alkaline oxidation of ricinoleic acid, 




However, these conversions only provide a limited set of α,ω-DCAs. Additionally, FAs are not 
used to their full potential as only half of the chain is converted to the α,ω-DCA end product, 
the other part giving (unwanted) byproducts [2], [7]. 
 
 
Figure 1.3: Ozonolysis of oleic acid, resulting in the α,ω-dicarboxylic acid azelaic acid and the byproduct 
pelargonic acid.  
 
Figure 1.4: Conversion of ricinoleic acid to sebacic acid by alkaline oxidation. 
A chemical conversion producing odd numbered saturated long-chain α,ω-DCA esters was 
reported by the group of Cole-Hamilton [9]. They accomplished this by isomerizing 
methoxycarbonylation of unsaturated FA esters (Figure 1.5). Here the double bond (terminally 
or internal) is converted to a terminal ester group using a palladium bisphosphine catalyst, and 
this with high conversion and selectivity. However, this selectivity is much lower when multiple 
double bonds are present and byproduct formation occurs in that case [7].  
 
 
Figure 1.5: Conversion of methyl oleate to dimethyl nonadecanedioate by means of isomerizing methoxy-
carbonylation using Pd complexes of bis(ditertiarybutyl-phosphinomethyl)benzene (DTBPMB). 
An industrially relevant process for long-chain α,ω-DCA production is the metathesis of 
monounsaturated FAs. In 1972, van Dam et al reported a self-metathesis reaction using the co-
catalysts tungsten hexachloride (WCl6) and tetramethyltin (Me4Sn) in a chlorobenzene solution 
for the conversion of methyl oleate to dimethyl octadecenedioate and octadecene [10]. This 
self-metathesis reaction was improved through replacement of WCl6/Me4Sn by a ruthenium-
based catalyst, known as Grubbs catalyst, which is also more tolerant towards functional groups 
on the alkene chain [11], [12]. Ngo et al reported on the application of Grubbs second-
generation catalyst in a solvent-free reaction (Figure 1.6), resulting in a 79 % oleic acid 
conversion and analytically pure 1,18-octadecenedioic acid was obtained at a yield of 71 %. 
They performed the self-metathesis reaction with 0.1 mol% catalyst under nitrogen atmosphere 
at a temperature between 45 °C and 55 °C. Maintaining the temperature within this range proved 




temperature range, the reaction mixture is liquid and the formed product is solid, thereby 
precipitating out and thus shifting the reaction equilibrium towards product formation. When 
they tested their reaction using linoleic acid as a substrate, a complex mixture of products was 
obtained due to presence of multiple double bonds. Each alkene and unsaturated DCA product 
in its turn can serve as self-metathesis substrate, further complicating the final product mixture 
[13]. In a following article, Ngo et al tested their self-metathesis reaction using plant oils, such 
as soy oil, as a substrate. The first step entailed the hydrolysis of the oil in order to obtain free 
FAs and these were then subjected to olefin metathesis. Subsequently, the products were 
esterified and hydrocarbon, FA ester and DCA esters were separated from each other by means 
of fractionation distillation in case of large scale production. A conversion of 88 % and a DCA 
yield of 88 % was reported. However, the final DCA ester product was not pure and contained 
a variety of DCA esters as the FAs derived from plant oils are a mixture of oleic, linoleic, and 
linolenic acids in case of soy oil. This leads to a variety of self- and cross-metathesis reactions 
[14]. Such DCA mixtures are difficult to separate, leading to elevated costs due to the extensive 
purification process [15]. Moreover, FAs are not used to their full potential as only half of the 
chain is converted to the α,ω-DCA end product(s). Another disadvantage of self-metathesis is 
the problem of isomerization, where the double bond moves during the metathesis reaction, 
again leading to undesired byproduct formation [7], [15]. It must be noted that the ruthenium 
catalyst is difficult to remove from the final product [16], which is an additional disadvantage 
of the metathesis approach, although it has been stated that this contamination is negligible if 
the catalyst turnover number is sufficient and the process is optimized [17].  
 
Figure 1.6: Conversion of methyl oleate to dimethyl octadecenedioate and octadecene by self-metathesis using 
Grubbs second-generation catalyst. 
1,18-octadecanedioic acid, produced by means of metathesis, is commercially available under 
the name Inherent C18 Diacid from the company Elevance Renewable Science (Figure 1.7) 
[18]. Plant oils are first pre-treated in order to remove any contaminant interfering with the 
catalyst. Subsequently, 1-butene is added and cross-metathesis is carried out. Next to the cross-
metathesis of 1-butene with the unsaturated fatty acid methyl esters (FAME) from the 
triglycerides, resulting in terminally unsaturated olefins, self-metathesis and alternative cross-
metathesis reactions occur. The olefins are separated from the remaining products by means of 
distillation. After transesterification of the triglycerides and their derivates, monounsaturated 
FAMEs and DCA dimethyl esters are formed, as well as glycerol and saturated FAMEs (not 
shown). These are then separated. In order to obtain 1,18-octadecanedioic acid, further 
hydrolysis and hydrogenation is performed. This process illustrates the complexity of the 
metathesis process and the numerous side reactions, although in this case, every compound 





Figure 1.7: Olefin metathesis process for the production of 1,18-octadecanedioic acid, as performed by Elevance 
Renewable Sciences (copied from [15]). 
1.2.2 Bioconversion 
Several yeast strains, many of which originally assigned as Candida species, were found to 
produce and secrete long-chain α,ω-DCAs when grown either on alkanes or on FAs and their 
methyl esters [1], [3]. The conversion occurs with high selectivity and thus offers an interesting 
alternative to chemical conversion processes. Moreover, these conversions occur at ambient 
temperature and pressure and do not require toxic or rare-metal catalysts, giving a sustainable 
alternative, when using FAs as a substrate.  
 
Industrially relevant α,ω-DCA yields are obtained with the yeast Candida tropicalis/Candida 
viswanathii (Table 1.1) [2], [3]. Consequently, this yeast has been extensively investigated and 
is now used for commercial α,ω-DCA production. The dual assignation is reflecting the fact 
that some commercially used C. tropicalis strains are reassigned as C. viswanathii. The two 
species are closely related and cannot be distinguished using conventional methods. Almost all 
literature refers to C. tropicalis while it is likely that some strains have to be reclassified as well 
[21], [22]. Below, we will discuss the two strains together as the general mechanism of DCA 
production is conserved and we will refer to C. tropicalis unless reclassification is clearly 
documented. Anyway, in Europe, both species are classified as pathogenic (risk group class 
two). For their use in a large scale fermentation process, safety precautions thus need to be 
taken, leading to elevated production costs. Therefore, a lot of attention is given to the search 




1.2.2.1 Candida tropicalis/Candida viswanathii 
The yeast Candida tropicalis is known to produce and secrete long-chain α,ω-DCAs when 
grown either on alkanes or on FAs and has been used in industry as a valid alternative to 
chemically-based processes [1]–[3]. The alkanes can be used as a substrate through the presence 
of an ω-oxidation pathway in this yeast (Figure 1.8). Upon alkane uptake in the cell, this 
substrate is converted first to a terminal alcohol. In a second step, further oxidation results in 
the aldehyde, and thirdly, a FA is formed. These FAs can then be degraded by the β-oxidation 
pathway for energy. However, FAs can enter the ω-oxidation pathway as well. In this case, FAs 
will first be converted to ω-hydroxy FAs (OHFA). Subsequently, the corresponding aldehyde 
is formed and a last oxidation step gives the α,ω-DCA. DCA is then either secreted or degraded 
in the β-oxidation pathway [1]–[3]. The β-oxidation pathway in C. tropicalis is exclusively 
located in the peroxisomes (as is the case for other yeasts), whereas the ω-oxidation pathway is 
not.  
 
Figure 1.8: ω-oxidation of FAs and β-oxidation of FAs and DCAs in Candida tropicalis. The first and rate limiting 
step of the ω-oxidation pathway is catalysed by CYP, anchored to the ER membrane, together with its redox partner 
CPR. 
The first step in the ω-oxidation pathway entails the terminal oxidation, either the α-position in 
case of alkanes or the ω-position for FAs, resulting in their corresponding alcohol. This 
oxidation is catalysed by the monooxygenase cytochrome P450 (CYP) together with its redox 
partner, NADPH-dependent cytochrome P450 reductase (CPR) (Figure 1.8). Both enzymes are 
anchored to the endoplasmic reticulum (ER) with an N-terminal membrane anchor, facing the 
cytosol. More specific, members of the CYP521 family have been stated to be responsible for 
 
1 A general nomenclature for CYP monooxygenases was proposed by Nelson et al [45] and the nomenclature and classification 
of CYPs is discussed in 2.2. In short, every name starts with CYP and is followed by a number which refers to the family. 
CYPs sharing at least 40 % amino acid sequence identity are allocated to the same family. This number is followed by a letter 
denoting the subfamily. Within this subfamily, enzymes share at least 55 % amino acid sequence identity. Following the 




this terminal oxidation. Craft et al showed that the allelic pairs CYP52A13/CYP52A14 and 
CYP52A17/CYP52A18 are induced upon oleic acid addition, either in a pure form or as the 
mixed commercial feedstream, E267 (69,9 % oleic acid) [23]. Both CYP52A13 and CYP52A17 
were investigated in an accompanying paper from Eschenfeldt et al who succeeded in 
recombinant production of these enzymes in insect cells. CYP52A13 showed a preference for 
longer, unsaturated FAs. CYP52A17 had a broader substrate specificity and oxidized shorter, 
saturated FAs more efficiently [24]. In vivo, the second and third oxidation step of the 
ω-oxidation pathway are performed by the enzymes fatty acid alcohol oxidase (FAO) or alcohol 
dehydrogenase (ADH) and fatty acid aldehyde dehydrogenase (FALDH), respectively (Figure 
1.8). However, Eschenfeldt et al reported that both recombinantly produced CYP52A13 and 
CYP52A17 were able to overoxidize FAs to the corresponding DCA, without the need for either 
the oxidase or one/both of the dehydrogenases [24]. 
 
DCA is not produced in high yields in wild type C. tropicalis strains as both FA and DCA are 
degraded in the β-oxidation pathway. Genetic engineering is thus a prerequisite to obtain 
commercially valuable DCA yields. In order to delete this degradation pathway, Picataggio et 
al genetically engineered the C. tropicalis strain ATCC 20336, now reclassified as 
C. viswanathii [21]. More specifically, the POX4 and POX5 genes, encoding the peroxisomal 
acyl-coenzyme A (CoA) oxidase 4 and 5, were deleted. These enzymes catalyse the first steps 
in the β-oxidation (Figure 1.8) and deletion resulted in 100 % conversion of alkane and FA 
substrate into DCA product [25], [26]. Picataggio et al further engineered their ΔPOX4ΔPOX5 
knock-out strain (denoted as ATCC 20962) by amplifying the genes encoding the enzymes 
responsible for the first and rate-limiting step of the ω-oxidation pathway, i.e. CYP and CPR. 
This led to the strain AR40 (ATCC 20987) which showed a 30 % productivity increase and a 
1,14-tetradecanedioic acid yield of 210 g/l was obtained, using the substrate methyl myristate 
[26]. Amplification of the gene encoding the FAO has also been put forward as a strategy to 
increase DCA production [27]. Other engineering strategies have been applied, next to 
knocking out POX genes. For example, Cao et al chose to knock out the carnitine 
acetyltransferase (CAT)-encoding gene in C. tropicalis strain W10-1. CAT catalyses the 
conversion of acetyl-CoA into acetyl-carnitine (Figure 1.8). Acetyl-CoA, the final product of 
the β-oxidation pathway, can be converted to acetyl-carnitine for transport to the mitochondria 
where it enters the TCA cycle. The heterozygote Δcat indeed showed an increased DCA 
production of 21 %. On the contrary, the homozygote Δcat lost its ability to produce DCAs 
[28]. More recently, a systems biological approach was utilized by Mishra et al, providing a 
genome-scale metabolic model of C. tropicalis strain iCT646, which could be used for further 
rational design [29]. Alternatively, random mutagenesis has been applied [30]–[32]. 
 
Next to metabolic engineering, fermentation strategies were investigated in order to increase 
yield. The pH for example is of major importance. Generally, first a growth phase at pH 5.5-6 
takes place with an easy utilizable carbon source. This is followed by a conversion phase, where 
the pH is increased up to around 7.5-8 and the alkane or FA is added. This stimulates excretion 
of the DCA formed and enhances solubility of the substrate and product [33], [34]. Oxygen 




et al. They added hydrogen peroxide during DCA production to solve the problem concerning 
limiting dissolved oxygen concentrations [35]. Optimization of feeding strategies, both of the 
easy utilizable carbon source and the substrate, is also of value. For example, Funk et al 
examined feeding strategies, together with pH control, in the production of DDDA. In fact, the 
substrate lauric acid has antimicrobial activity. Therefore, its methyl ester was used as an 
alternative substrate, combined with an optimized feeding strategy and a more gradual pH shift, 
leading to a yield of 66 g/l DCA without byproduct formation [36]. The same problem occurs 
in sebacic acid production, i.e. the substrate decanoic acid is cytotoxic. To limit this cytotoxic 
effect, the ω-oxidation is first induced by decane addition, before using methyl decanoate as a 
substrate [37]. In another study, Funk et al investigated the effect of glucose in both the growth 
and conversion phase of 1,18-octadecenedioic acid production using the ATCC 20962 strain. 
Glucose is used in the growth phase for biomass formation and inhibits ω-oxidation. The 
optimal glucose feeding rate was determined in order to obtain a high density without the 
occurrence of the Crabtree effect. As the used strain is impaired in the β-oxidation pathway, 
FAs cannot be used for energy and glucose needs to be added during the conversion phase for 
maintenance of proper cell metabolism. Interestingly, it was observed that the substrate oleic 
acid was stored in lipid bodies inside the yeast cell when using glucose in excess, which was 
not observed for lauric acid. By optimizing both the oleic acid feed rate (1 g/l/h) and the glucose 
feed rate (0.4 g/l/h), lipid body formation was reduced to 30 % and a volumetric productivity 
of 0.56 g/l/h was obtained, the highest productivity obtained with ATCC 20962  [38]. Recently, 
alternative ester substrates have been investigated in 1,18-octadecenedioic acid production as 
oleic acid leads to foaming problems. However, it was concluded that the use of oleic acid still 
leads to the highest yield [39]. The group of Wan focused on the effect of using different carbon 
sources in the growth phase in DDDA production. To achieve this goal, they isolated a new 
C. viswanathii strain ipe-1 and started by using sucrose instead of glucose as the easy utilizable 
carbon source [40]. They further showed that wheat straw hydrolysates could be used as a 
carbon source, leading to reduced production costs [41].  
 
The fermentation process was first established by Cognis and it was by them that the strains 
ATCC 20962 and ATCC 20987 were developed. The fermentation was performed in two 
stages, as described above, i.e. a growth phase at pH 6.5 (up until the culture reached maximum 
turbidity), followed by a conversion phase between 7.8 and 8.9. The substrate to be converted 
is added at this stage. Furthermore, glucose should be added as an energy source due to the 
impairment of the β-oxidation pathway. The glucose addition should be low enough to prevent 
catabolite repression. An optimal feed rate was determined to be between 1.1 and 1.6 g/l/h. To 
allow for complete oxidation to the desired DCA end product, the oxygen saturation level was 
kept at 80 %, as a level below 50 % resulted in the formation of the intermediate ω-OHFA 
product. A conversion efficiency greater than 90 % was reported using methyl myristate as a 
substrate. No undesired modification of the substrate was observed and the purity of the final 
product was described to be dependent on the purity of the substrate only [42]. The high 
selectivity of the reaction is thus a huge advantage over the chemical metathesis process. 
Furthermore, the entire chain of the FA substrate is incorporated in the final DCA product, 




Today, the main players in medium- and long-chain DCA production by means of fermentation 
are located in China, for example Cathay Industrial Biotech, Shandong Guangtong New 
Materials and Henan Junheng Industrial Group Biotechnology. 
 
1.2.2.2 CYP52 family members are also found in other (dicarboxylic acid producing) fungi 
Other yeasts are known to possess the ω-oxidation pathway as described above. Mainly other 
species of the genus Candida have been reported in literature. C. maltosa has long been 
identified to grow on alkanes and the major genes to be induced by n-alkanes were identified 
to be ALK1, ALK2, ALK3 and ALK5 [43]. These are now denoted as CYP52A3, CYP52A5, 
CYP52A4 and CYP52A9, respectively, according to current nomenclature [44], [45]. Zimmer 
et al performed further investigation by heterologously expressing aforementioned genes in 
Saccharomyces cerevisiae. CYP52A3 proved to be the most important enzyme for the 
hydroxylation of n-alkanes, followed by CYP52A5, CYP52A4 and CYP52A9, in decreasing 
efficiency towards n-alkane hydroxylation. The order was the other way around regarding 
hydroxylation of FAs. Thus CYP52A9 had the highest efficiency towards FA hydroxylation, 
preferring the longer chain of oleic acid over shorter substrates [44]. As was the case for 
CYP52A13 and CYP52A17 from C. viswanathii, the major alkane-induced enzyme CYP52A3 
showed to be able to overoxidize its substrate to the corresponding FA, without the need for the 
enzymes FAO, ADH or FALDH [46]. Similarly as described for C. tropicalis/C. viswanathii, 
metabolic engineering was applied to investigate the effect on DCA yield. Hara et al knocked 
out the POX4 gene in C. maltosa 1098 (formerly classified as C. tropicalis [21]), thereby 
eliminating fatty acyl-CoA oxidase activity. However, they did not observe a DCA yield 
increase. Further experiments showed that the relation between acyl-CoA oxidase activity and 
DCA production is not that straightforward and other regulatory mechanisms might be involved 
as well [47]. In agreement with Picataggio et al, it was demonstrated that increased expression 
of the CYP52 enzymes leads to higher DCA production. Indeed, Kogure et al observed a higher 
CYP52 expression yield upon alkane induction in the DCA-hyperproducing strain, C. maltosa 
M2030, created by random mutagenesis [48]. 
 
C. cloacae has been reported to produce DCAs when grown either on alkanes [33], [49] or FAs 
[5] (Table 1.1). More recently, C. guilliermondii has been suggested as an industrial DCA 
producer [50]. The same engineering strategies as described for C. tropicalis/C. viswanathii 
have been applied for this yeast, i.e. deletion of the β-oxidation and overexpression of genes 
encoding the CYP and partner enzymes responsible for the first and rate-limiting step in 
ω-oxidation. POX1 and POX2 were identified as the major acyl-CoA oxidases involved in the 
β-oxidation upon oleic acid induction. However, deleting both enzymes did not result in an 
increased DCA yield and degradation of both oleic acid and the corresponding DCA was even 
accelerated. CYP52A12 and CYP52A15 were highly induced by growth on oleic acid. These 
genes were consequently selected for overexpression, together with the gene encoding the CPR 
redox partner. By using an autonomously replicating expression vector, Werner et al showed 
that only overexpressing CYP52A12 resulted in an increased DCA yield [50]. Also more recent, 
C. sorbophila was identified as a DCA producing Candida species. In fermentation studies, the 




ATCC 20336, showing great promise. C. sorbophila produced 9.87 g/l DDDA in 144 h, starting 
from dodecane, whereas C. viswanathii ATCC 20336 produced 1.72 g/l DDDA in 120 h and 
this decreased to 0.61 g/l after 144 h [51]. Strain engineering was performed to delete the 
β-oxidation pathway, resulting in a further DCA yield increase. Starting from methyl laurate, 
92.5 g/l DDDA was obtained in 126 h [52], which was higher than reported for the 
C. viswanathii strain ATCC 20962 (66 g/l DDDA [36]). However, focus was on medium-chain 
DCAs and longer chain FAs were not tested. The strain has been reclassified and now is known 
as Wickerhamiella sorbophila [52]. The CYP52 family has additionally been found in the 
pathogenic species C. albicans. Five CYP52 genes were identified (CYP52A21, CYP52A23, 
CYP52A22, CYP52A24 and CYP52C3). CYP52A21 and CYP52A23 have been successfully 
expressed in E. coli and the enzymes were solubilized from the inner membranes for further 
characterization. CYP52A21 showed preference for medium-chain FAs (lauric and myristic 
acid), whereas CYP52A23 ω-hydroxylated long-chain FAs (stearic acid and arachidic acid) 
more efficiently. Interestingly, by creating a chimeric construct between the N-terminal part of 
CYP52A21 and the C-terminal part of CYP52A23, they hypothesized that the C-terminal part 
is involved in the preference towards longer chains [53]. 
 
C. apicola and Starmerella bombicola (formerly classified as Candida bombicola [54]) are 
closely related to each other and are known to produce sophorolipids, biosurfactants consisting 
of an ω- or ω-1-OHFA esterified to sophorose. For C. apicola, CYP52E1 and CYP52E2 have 
been put forward to be involved in FA hydroxylation for sophorolipid synthesis [55]. CYP52E3 
and CYP52N1 were identified to be involved in alkane metabolism in case of S. bombicola, 
whereas CYP52M1 was highly induced during sophorolipid production, indicating its 
involvement in sophorolipid synthesis [56]. Upon further characterization, it was demonstrated 
that CYP52M1 hydroxylates FAs at their ω- and ω-1 positions [57]. Recently, an artificial 
fusion protein of CYP52M1 and CPR from Arabidopsis thaliana was introduced in an 
engineered S. cerevisiae strain for OHFA production. Long-chain OHFAs (C16:0 and C18:1) 
were successfully obtained (Table 1.1). However, both the ω and ω-1 positions were 
hydroxylated [58]. Interestingly, the author performed further strain engineering (disruption of 
the genes encoding acyl-CoA synthetases FAA1 and FAA4 and the fatty acyl-CoA oxidase 
POX1) in order to use glucose and not FAs as a substrate. 
 
The yeast Yarrowia lipolytica has been proven of interest as well. It is an oleaginous yeast, 
gaining much attention in industrial applications regarding production of FAs and related 
compounds in the search for alternatives to petroleum-based chemistry [59]. Y. lipolytica has 
the advantage of being Generally Regarded As Safe (GRAS) and is easy to manipulate. 
Additionally, this yeast has already been extensively studied [59]. Moreover, it is a natural DCA 
producer. Twelve genes encoding enzymes of the CYP52 family were identified. Eleven 
CYP52s belong to the CYP52F subfamily (ALK1-10 and ALK 12) and one was assigned as 
CYP52S1 (ALK 11). Deleting all these genes resulted in a strain no longer able to grow using 
n-alkanes as the sole carbon source [60]. By expressing each individual gene in this deletion 
mutant, substrate specificities were determined towards either n-alkanes of various lengths or 




longer chains whereas ALK10 oxidizes various chain lengths. ALK4, 5 and 7 showed 
preference for the FA lauric acid. ALK3 and 6 accepted both n-alkanes and lauric acid as a 
substrate, with ALK3 accepting various n-alkane chain lengths and ALK6 leaning towards 
longer chains. Expression of ALK8, 11 and 12 only showed trace amounts of product (ALK8 
and 11) or no product at all (ALK12) [61]. Also in this case, metabolic engineering was needed 
in order to improve the DCA yield for industrial relevance. Indeed a higher DCA yield was 
obtained when the β-oxidation was impaired by deleting four of six acyl CoA oxidase encoding 
genes (POX2, POX3, POX4 and POX5) [62]. Later, Gatter et al developed a strain where all six 
genes were deleted which also led to an increased DCA yield [63]. On top of this deletion, the 
FAO was overexpressed, involved in the second oxidation step forming the aldehyde from the 
alcohol. This led to additional accumulation of DCA (from 6 g/l to 11 g/l), using dodecane as a 
substrate [63]. Interestingly, Abghari et al used the β-oxidation impaired strain from Gatter et 
al for further strain engineering. On the one hand, genes were deleted in order to increase free 
FA accumulation. On the other hand, ALK5, CPR and FAO1 were amplified for an 
upregulation of the ω-oxidation. This resulted in a Y. lipolytica strain, able to produce long-
chain DCAs starting from glycerol, and not from a FA substrate [64]. However, these 
engineering strategies did not yet lead to DCA yields matching these obtained by C. tropicalis/ 
C. viswanathii (Table 1.1). Similar as done for C. tropicalis, Mishra et al provided a genome-
scale metabolic model of Y. lipolytica (iYLI647). This model delivers some additional potential 
engineering targets [65].  
 
It must be noted that CYP52 family members are not exclusively found in Candida species and 
other yeasts described above. For example, CYP52s, involved in alkane and insect epicuticle 
degradation, have been identified in the fungi Metarhizium robertsii (CYP52X2) [66] and 
Beauveria bassiana (CYP52X1) [67]. Hydrocarbon-assimilating fungi such as Aspergillus 
niger and Penicillium chrysogenum, as well contain CYP52 enzymes [68]. However, none of 
these enzymes have been studied in the context of industrial DCA production and are therefore 
not discussed. 
 
In conclusion, there are many alkane-assimilating fungi, some of which have been thoroughly 
investigated as a biocatalyst for DCA production. The CYP52 family has been proven to 
catalyse the first and rate limiting step of the ω-oxidation pathway, present in alkane-
assimilating fungi. Some CYP52s hydroxylate n-alkanes more efficiently, others prefer 
ω-oxidation of FAs and overoxidation of the terminal methyl group to a carboxylic group has 
been reported for some CYP52s. Although many DCA producers haven been discovered and 
engineered by either impairing β-oxidation or overexpressing genes involved in ω-oxidation, 
C. viswanathii ATCC 20987 remains the superior biocatalyst when starting from alkanes. When 
using renewable resources, this holds true in case of long-chain DCAs. Looking at the medium-




Table 1.1: OHFA and DCA production yields in alkane-assimilating yeasts starting from renewable resources. The 
highest yield found for each system is given. 
Strain Substrate Product Yield (g/l) Ref. 
C. tropicalis/ 
C. viswanathii 
methyl laurate C12:0 DCA 66  [36] 
 methyl myristate C14:0 DCA 210  [26] 
 oleic acid C18:1 DCA 100  [69] 
C. cloacae lauric acid C12:0 DCA 10  [5] 
C. guilliermondii oleic acid C18:1 DCA not available [50] 
W. sorbophila methyl laurate C12:0 DCA 92.5  [52] 
S. cerevisiae – CYP52M1 glucose mix of  
15-OHFA C16:0,  
16-OHFA C16:0,  
17-OHFA C18:1,  
18-OHFA C18:1 
0.347 [58] 
Y. lipolytica oleic sunflower oil C18:1 DCA 23  [70]  
 
1.2.2.3 Fatty acid ω-oxidation is not exclusive to the fungal CYP52 family 
In nature, next to the fungal CYP52 family, several other CYP families have been identified 
possessing the ability to regioselectively oxidize FAs at their ω-position, i.e. the ER-bound 
mammalian CYP4 family and plant CYP76, CYP78, CYP86, CYP94 and CYP96 families and 
the soluble bacterial CYP153 family [71]. Also in filamentous fungi, ω-oxidizing CYPs (ER-
bound), other than the CYP52 family, were identified, such as CYP539A7 and CYP655C2 from 
Fusarium oxysporum [72], and CYP630B18 from Grosmannia clavigera [73]. Human CYP4 
enzymes ω-oxidize FAs in order to remove excess free FAs and as the first step towards DCA 
formation. Additionally, they are involved in the metabolism of xenobiotics, therapeutic drugs 
and signalling molecules and produce bioactive metabolites from arachidonic acid [74]. 
Therefore, the human CYP4 family, and by extension the mammalian CYP4 family, has been 
extensively investigated in pharmacological research [71]. The potential as a biocatalyst has 
not thoroughly been investigated. One example was recently published by Wernig et al. They 
engineered S. cerevisiae for de novo biosynthesis of hydroxyoctanoic acid. Rabbit CYP4B1, 
plant CYP94C1 from A. thaliana and fungal CYP539A7 from F. oxysporum were tested and it 
was concluded that CYP539A7 resulted in the best OHFA yield, i.e. 3 mg/l 8-hydroxyoctanoic 
acid. [75]. Plant ω-oxidizing CYP enzymes have a major function in the biosynthesis of cutin 
and suberin. OHFAs and α,ω-DCAs are monomer components of these biopolymers. 
Additionally, these plant CYP families were reported to be involved in plant defence, FA 
catabolism and reproduction [76]. CYP94A5 from Nicotiana tabacum was the first plant CYP 
reported, able to not only oxidize its FA substrate to the corresponding OHFA, but also to 
overoxidize this to the α,ω-DCA. However, this was only observed for the preferred substrate 
9,10-epoxystearic acid [77]. A few years later, Kandel et al characterized CYP94C1 from 
A. thaliana and could show overoxidation towards the model substrate lauric acid [78]. 
CYP94C1 was recently further investigated in frame of industrial DCA production (Table 1.2). 




strain. This resulted in a strain, successfully producing DCA mainly of chain length C10 and 
C12. Similarly as described before, genes encoding the acyl-CoA synthetases FAA1 and FAA4 
were knocked out, leading to free FA accumulation. This gave the ability of using renewable 
sugars as a substrate  [79].  
 
The soluble bacterial CYP153s have received a lot of attention in research for industrial 
production of both ω-OHFAs and α,ω-DCAs (Table 1.2). CYP153A1 from Acinetobacter sp. 
EB104 was the first bacterial n-alkane-oxidizing CYP from this family to be identified [80]. In 
subsequent years, more CYP153 enzymes were identified from different alkane-utilizing 
bacteria, such as from Mycobacteria sp., Rhodococcus sp., Alcanivorax sp., Sphingomonas sp., 
Polaromonas sp., Marinobacter sp. and Gordonia sp.[81]–[83]. Instead of using the natural 
host, CYP153 enzymes are recombinantly produced in Pseudomonas putida [81], [84] or, 
preferably, in Escherichia coli as this bacterium grows fast and to high densities and allows 
easy genetic manipulation [82], [83]. Additionally, E. coli bioconversion showed reduced side 
product formation over P. putida in limonene hydroxylation [85]. In the natural host, CYP153 
requires two redox partners, i.e. a ferredoxin and ferredoxin reductase. These or alternative 
redox partners need to be co-expressed in E. coli for bioconversion. Alternatively, a redox 
partner is fused to CYP153 in a single polypeptide chain. The reductase domain of the self-
sufficient CYP116B2 (P450RhF) from Rhodococcus sp. NCIMB 9784 proved to serve as a 
good redox partner, as exemplified for CYP153A13a from Alcanivorax borkumensis SK2 [86], 
[87]. Malca et al recombinantly produced three enzymes from the CYP153A subfamily; 
Polaromonas sp. (CYP153AP. sp.), Mycobacterium marinum (CYP153A16) and Marinobacter 
aquaeolei (CYP153AM. aq.). Their in vitro activity and selectivity towards C8–C20 saturated 
and C14–C18 monounsaturated FAs was investigated. CYP153A16 and CYP153AM. aq. proved 
to be more active than CYP153AP. sp.. CYP153AM. aq. had a broader substrate specificity 
regarding saturated FAs, oxidizing also the longer C18 and C20 FAs. Testing monounsaturated 
FAs, CYP153AM. aq. was more active than CYP153A16. Additionally, CYP153AM. aq. showed 
higher regioselectivity. Thus CYP153AM. aq. was put forward as the superior enzyme [82] and 
gained a lot of interest. Redox fusion partners were investigated by Scheps et al. Similarly as 
described above, the reductase domain of the self-sufficient CYP116B2 was fused to 
CYP153AM. aq.. However, fusion of the reductase domain of another self-sufficient enzyme, i.e. 
CYP102A1 from Bacillus megaterium, from here on called BMR, proved to be more efficient 
[88]. Malca et al showed that the mutant G307A, a residue located in the binding pocket, 
significantly increased the activity of CYP153AM. aq.. This mutant was 15 times more active 
towards the C9 saturated FA and this was ascribed to an increased turnover number [82]. 
Further mutations were explored and the G307A/S233G (substrate access channel) double 
mutant of the fusion protein led to a further activity increase towards C8, C12 and C16 saturated 
FAs (2.3-,1.8-, and 1.4-fold improvements, respectively, compared to the G307A mutant of the 
CYP153AM.aq.-BMR fusion) [89]. In another study, the G307A single mutant was subjected to 
a combination of site-directed mutagenesis and iterative saturation mutagenesis by Duan et al, 
resulting in a variant with four mutations, showing higher activity towards the longer chain of 
oleic acid (2.7-fold improvement in vitro and a 2.0-fold improvement in vivo) [90]. Additional 




of a DCA production pathway in E. coli starting from FAs [91], [92] or, alternatively, from 
glucose [93]. For the overoxidation to DCAs, additional enzymes were co-expressed, i.e. ADH 
and FALDH [91]–[93]. Further metabolic engineering was required as well. Endogenous 
cofactor regeneration proved to be limiting and xylose reductase was therefore co-expressed to 
further increase DCA yields [92]. Moreover, prevention of FA degradation and improvement 
of the FA uptake was needed. Knocking out fadE, encoding acyl-CoA dehydrogenase, led to 
elimination of degradation by the β-oxidation pathway [91], [93]. Co-expression of the outer 
membrane transporter-encoding alkL of Pseudomonas putida GPo1 improved substrate uptake 
[88]. Deletion of fadD, preventing consumption of long-chain FAs, and overexpression of fadL, 
encoding an outer membrane long-chain FA transporter, was suggested to improve 
hydroxylated product yields of longer chain lengths. Indeed, higher yields of hydroxylated 
palmitic acid were obtained [94].  
 
More recently, CYP153A35 from Gordonia alkanivorans showed to be a better biocatalyst than 
CYP153AM. aq. when using the substrate myristic or palmitic acid in whole-cell bioconversion, 
whereas CYP153AM. aq. performed better towards the substrate lauric acid. As described above, 
Jung et al used a fadD knock-out strain, overexpressing fadL [83]. Fusion to BMR was explored 
and even though the coupling efficiency between the reductase and the CYP proved to be 
higher, co-expression with two individual redox partners showed a higher product yield 
(1.5-fold improvement) using palmitic acid as the substrate [83]. Additionally, mutation studies 
were performed. Similarly as reported for CYP153AM. aq., a mutation in both the substrate 
access channel and binding pocket led to a higher activity. The single mutant D131S showed a 
13-fold total turnover number improvement, a 17-fold catalytic efficiency improvement and a 
50 % yield improvement. The yield was further increased by 42 % in the double mutant 
G297A/D131S [95]. This CYP153 family continuous to attract attention and screening studies 
are executed to identify new CYP153s, as exemplified by the very recent study, describing a 
new CYP153 from Nocardia farcinica IFM10152 [96]. 
 
CYP102A1 from Bacillus megaterium is a self-sufficient enzyme, i.e. the protein possesses a 
heme domain and a reductase domain on a single polypeptide chain. The enzyme is known to 
hydroxylate FAs, although not terminally but at the ω-1, ω-2 and ω-3 position [97]. The 
reductase domain has been used in creating recombinant self-sufficient CYPs, as described 
above for CYP153AM. aq. and CYP153A35. CYP102A1 displays one of the highest activities of 
all CYPs and has therefore been extensively studied for industrial applications [98]. In frame 
of ω-OHFA production, protein engineering was undertaken to alter the broad regioselectivity 
towards ω-hydroxylation. For example, Meinhold et al reported increased terminal 
regioselectivity towards alkanes. They selected eleven amino acids near the substrate using the 
substrate-bound crystal structure and subjected these to saturation mutagenesis. However, 
screening was done for short-chain alkanes and no terminal hydroxylation of FAs was seen 
[99]. Applying a directed evolution approach, Brühlmann et al successfully obtained a variant 
with higher terminal regioselectivity towards palmitic acid. Up to 74 % of the product was 
hydroxylated at the ω-position [100]. However, the natural ω-oxidizing CYPs still show much 




Table 1.2: OHFA and DCA production yields of recombinant hosts producing CYPs other than the CYP52 family 
members with the ability to regioselectively oxidize FAs at their ω-position, starting from renewable resources. 
The highest yield found for each system is given. 
Strain Substrate Product Yield (g/l) Ref. 
S. cerevisiae – CYP94C1 glucose mix of C10:0, C12:0, 
C14:0, C16:0 DCA  
and C16:0 OHFA 
0.022 [79] 
E. coli – CYP153M. aq. methyl laurate C12:0 OHFA 4  [88] 
 myristic acid C14:0 DCA 1  [92] 
 palmitic acid C16:0 OHFA 2.4 [94] 
 oleic acid C18:1 OHFA 0.0292 [90] 
E. coli – CYP153A35 palmitic acid C16:0 OHFA 4.6 [83] 
 
Terminal oxidation of the hydrocarbon chain is not excluded to the CYP monooxygenase 
superfamily. For example, non-heme alkane hydroxylases (Alk) have been reported to perform 
ω-hydroxylation of alkanes of different chain lengths [101]. Some of these have been 
investigated for their use in DCA production, e.g. recombinant production of AlkB from 
Pseudomonas putida GPo1 in E. coli resulted in the conversion of dodecanoic acid methyl ester 
to dodecanedioic acid monomethyl ester [102]. In this dissertation, interest goes to the CYP 
monooxygenase superfamily. Therefore, alternative enzymes were not discussed. CYPs are 
reviewed in more detail in the next part. 




2 Cytochrome P450 monooxygenases 
2.1 Introduction and application 
Cytochrome P450 monooxygenases (CYPs) comprise a large superfamily of proteins and 
function in a wide variety of metabolic processes across all kingdoms of life. They play a role 
in the metabolism of carbon sources, in the biosynthesis of structural compounds, signalling 
molecules and secondary metabolites, and in the detoxification of xenobiotics. It has been 
established for a long-time that human CYPs have a central role in drug metabolism, 
metabolism of carcinogens and steroids. It was in studies on drug metabolism, using 
mammalian liver microsomes, that CYPs were first described. These enzymes were discovered 
as a red pigment in liver microsomes, showing an absorption band at 450 nm in its reduced CO-
bound form, hence P450 [103], [104]. This so-called pigment subsequently proved to contain a 
heme prosthetic group [105]. This b-type heme is linked to the enzyme via a strong bond 
between the heme iron and the sulfur thiolate of a conserved cysteine residue [106]. Human 
CYPs, and by extension the mammalian CYPs in animal models, were thus of interest early on. 
Today, the number of human CYP-encoding genes is set at 57 based on the reference human 
genome and many of these have been characterized [107]. Eight of these CYPs are reported to 
be responsible for about three quarters of drug clearance reactions (3A4, 2C9, 2C19, 2D6, 1A2, 
2E1, 1A1 and 2B6), of which CYP3A4 is responsible for nearly half of them [108], [109]. This 
can in part be ascribed to the broad substrate specificity of these CYPs. Of note, not for all 57 
human CYP enzymes, functions have been determined. These CYPs are referred to as orphan 
CYPs, e.g. the orphan CYP20A1 [110].  
 
Next to mammals, CYPs were discovered in all kingdoms of life and new sequences continue 
to be determined until today. In 2018, more than 300 000 cyp sequences were determined and 
this number is expected to reach one million in 2022 [111]. In plants, numerous CYPs have 
been identified. They function in the biosynthesis of lignin, UV protectants, pigments, 
hormones, defence compounds and oxygenated fatty acids for cutins and suberins. 
Additionally, the enzymes have roles in detoxification pathways [112], [113]. CYPs are also 
found in fungi. Although yeasts possess relatively few CYPs, many CYPs were identified in 
filamentous fungi, involved in a wide variety of metabolic pathways. Roles in the biosynthesis 
of spore walls, ergosterol and mycotoxins and in the degradation of toxic environmental 
pollutants (e.g. polycyclic aromatic hydrocarbons) have been described [114]. Bacterial CYPs 
show a remarkable variety in substrate specificity and catalytic functions as well. In general, 
bacteria do not comprise many CYPs and those are often involved in utilization of unusual 
carbon sources. Some bacteria, e.g. E. coli, even do not possess CYPs at all. On the other hand, 
secondary metabolite producing bacteria, e.g. Streptomyces species, comprise many CYPs 
which are involved in the biosynthesis of antibiotics and other secondary metabolites of interest 




Overall, CYPs are able to catalyse numerous reactions. They are not only able to perform 
hydroxylation, but also other reactions have been reported, such as epoxidation, N-oxidation, 
sulfoxidation and dealkylation to name a few [117]. Additionally, some unusual reactions have 
been found, reviewed in [118]. Next to a wide variety of reactions, a diverse range of substrates 
have been ascribed to the CYP monooxygenase superfamily [117]. This array of reactions and 
substrates is even more diversified through rational design and directed evolution approaches, 
where the work of Frances Arnold has been of major importance [119]. Especially the self-
sufficient CYP102A1 from B. megaterium, has been a subject of multiple engineering studies 
[98], which was already discussed in 1.2.2. 
 
CYPs introduce an oxygen atom from molecular oxygen into a non-activated C-H bond while 
reducing the other oxygen atom to water, and this with high regio- and stereoselectivity, which 
is difficult to achieve with conventional chemical routes. Moreover, they perform these 
reactions under mild conditions. Taken together with the wide variety of reactions and 
substrates, it is thus not surprising that this enzyme superfamily receives a lot of attention in 
biotechnological and synthetic biology applications. Unfortunately, some hurdles still need to 
be overcome for industrial application, such as their often low activity and stability and the need 
for a redox partner and the cofactor reduced nicotinamide adenine dinucleotide (NADH) or 
reduced nicotinamide adenine dinucleotide phosphate (NADPH) [120]. Despite these hurdles, 
CYPs have already found their way to industry and together with other promising applications, 
these have been extensively reviewed in [117], [120]–[124]. The majority of current 
applications are found in the pharmaceutical industry, illustrated by following examples. Due 
to the involvement of human CYPs in drug metabolism, Novartis developed an E. coli strain 
expressing 14 CYPs together with their redox partner CPR in order to prepare drug metabolites  
[125]. By introducing artificial pathways in S. cerevisiae, including CYPs, the steroids 
pregnenolone, progesterone and hydrocortisone were successfully produced in relevant yields. 
Duport et al were able to produce pregnenolone by co-expression of the bovine CYP11A1 with 
the reductase partners adrenodoxin and adrenodoxin reductase in a strain converting ergosterol 
to CYP11A1-substrates ergosta-5-ene-ol and ergosta-5,22-diene-ol. Introducing another 
expression cassette led to further conversion of pregnenolone to progesterone [126]. This strain 
was further engineered in order to produce hydrocortisone. To this purpose eight heterologous 
proteins, four of which are CYPs (CYP11A1, CYP11B1, CYP17A1 and CYP21A1), were 
introduced together with the deletion of genes involved in unwanted side reactions [127]. 
Another example is the production of taxadien-5α-ol, a precursor for the anticancer drug taxol, 
in E. coli. This was done by metabolic engineering and included the introduction of the Taxus 
cuspidata taxadien-5α-ol hydroxylase CYP725A4 [128], [129]. In the production of the 
cholesterol-lowering drug pravastatin, CYPs play a central role as well. Pravastatin has been 
produced in industry starting from compactin by biotransformation using Streptomyces 
carbophilus and it was found that P450sca (CYP105A3 according to current nomenclature), 
was responsible for the final hydroxylation [130]. More recently, a new approach was reported 
for pravastatin production. CYP105AS1 from Amycolatopsis orientalis was found to perform 
the same hydroxylation step as CYP105A3. The enzyme was fused to the reductase domain of 




resulting in a promising pravastatin production host [131]. A very successful CYP application 
is found in the production of artemisinic acid, the precursor of artemisin, an antimalarial drug. 
Industrially relevant titers (fermentation titres of 25 g/l) were obtained using an engineered 
S. cerevisiae strain, heterologously expressing CYP71AV1 from the artemisin producing plant 
Artemisia annua [132].  
 
2.2 Classification of CYP 
Enzymes are generally named based on the reaction they catalyse. Following the nomenclature, 
developed by The International Union of Biochemistry and Molecular Biology, CYPs belong 
to the EC class 1 enzymes, i.e. the oxidoreductases, catalysing a redox reaction. They are further 
categorized as monooxygenases, because they introduce one oxygen atom in their substrate 
(EC 1.14.X.Y) [133]. For this oxygenation, they generally require either NADH or NADPH as 
a cofactor [134]. Within this large superfamily of monooxygenases, a systematic nomenclature 
based on evolutionary relationships has been introduced [45], [135]. Take CYP52A13 as an 
example. Every name starts with the abbreviation CYP, indicating we are dealing with a 
cytochrome P450 enzyme. The number 52 refers to the family, i.e. all members within the 
family 52 will have at least 40 % amino acid sequence identity. The letter ‘A’ denotes the 
subfamily. When sequences share more than 55 % amino acid sequence identity, they will be 
ascribed to the same subfamily. The last number then refers to the individual enzyme.  
 
CYPs catalyse a redox reaction, which requires the delivery of electrons from the cofactor 
NAD(P)H in most cases. These electrons are generally transferred by a redox partner, that 
transfers the electrons from NAD(P)H, one by one, to the heme. Originally, it was thought that 
only two classes existed; (I) bacterial/mitochondrial CYPs with ferredoxin and ferredoxin 
reductase partners and (II) eukaryotic microsomal CYPs with a diflavin reductase partner CPR. 
These remain the two major classes [136]. However, based on additional redox partners that 
have been discovered, the CYP monooxygenase superfamily was divided into ten classes by 
Hannemann et al [134]. This classification is still used today [137], [138]. An overview of the 
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Figure 1.9: Schematic overview of the different CYP classes with their respective redox partner(s). Abbreviations: 
Fdx, ferredoxin; FdR, ferredoxin reductase; CPR, NADPH-dependent cytochrome P450 reductase; Fldx, 





− Class I 
In the redox reaction of class I CYPs, three enzymes are involved. The first enzyme is a flavin 
adenine dinucleotide (FAD)-containing reductase enzyme (FdR). This reductase transfers the 
electrons from NAD(P)H to the second redox partner, i.e. the iron-sulfur protein ferredoxin 
(Fdx). The ferredoxin in its turn transfers the electrons to the CYP. This class comprises most 
of the bacterial CYPs, which are soluble. An example is the enzyme CYP101A1, also known 
as P450cam, which was the first CYP from which a crystal structure was resolved [106]. This 
enzyme is characterized to a large extent and has been used as a model ever since. Of note, the 
CYP153 family, discussed in 1.2.2, belongs to this class. Additionally, this class includes all 
mitochondrial CYPs from eukaryotes, which are mainly involved in biosynthesis of cholesterol-
derived steroid hormones, vitamin D and bile acids. Although the same three enzyme 
components are required, there are differences between the mitochondrial and bacterial 
complex. In the bacterial complex, all three proteins are soluble, whereas in the mitochondria, 
only ferredoxin is soluble. The two other components are either associated with (FdR) or 
attached to (CYP) the inner membrane.   
 
− Class II 
The class II type CYPs need only a single redox protein partner. The redox partner is a NADPH-
dependent cytochrome P450 reductase (CPR), containing two cofactors. The first cofactor is 
FAD, which transfers the electrons from NADPH to the second cofactor, i.e. flavin 
mononucleotide (FMN). FMN then transfers the electrons further to CYP. This class is the most 
common in eukaryotes. Both redox partners are bound with an N-terminal anchor to the ER, 
facing towards the cytosol. Involvement of a third component, that is cytochrome b5, has been 
reported as well [139]. Three different ways by which this third partner is engaged were 
observed: (1) There is an allosteric effect ascribed to cytochrome b5 but there is no involvement 
in actual electron transfer. (2) The first electron is delivered by CPR. The second electron is 
delivered by cytochrome b5, which in its turn has been reduced by either CPR or the NADH-
dependent cytochrome b5 reductase. (3) CPR is in no way involved. Both electrons are 
transferred by cytochrome b5 through the NADH-dependent cytochrome b5 reductase. Of note, 
the CYP52 family, as well as several other ω-hydroxylating CYPs belong to this class and the 
CPR redox partner will be discussed in more detail later on (see 2.5).  
 
− Class III 
Similar to class I, three enzymes are involved in catalysis. However, the second enzyme, 
transferring electrons from the FAD-containing reductase to the CYP, is not a ferredoxin but a 
flavodoxin (Fldx), containing the cofactor FMN. In this respect, this class actually resembles 
the class II system, in that electrons are transferred from NAD(P)H, via FAD and FMN to CYP. 
The only difference is that the cofactors FAD and FMN are incorporated in two different 
proteins instead of one.  




− Class IV 
In this class, the redox reaction requires three enzymes as well. Remarkably, this class of CYPs 
does not use NAD(P)H nor a NAD(P)H-dependent flavoprotein. Instead, the electrons are 
transported by the enzymes ferredoxin and 2-oxo-acid:ferredoxin oxidoreductase (2OFOR). 
Also of interest, this class comprises thermophilic CYPs, of which CYP119A1 from the 
acidothermophilic Sulfolobus solfataricus, was the first to be discovered [140]. This enzyme 
has extensively been studied to be able to engineer CYPs towards increased thermostability, 
important for their use as a biocatalyst in industrial conditions [141].  
 
− Class V 
Up to now, this class is constituted of a single CYP enzyme, i.e. CYP51 from Methylococcus 
capsulatus [142]. CYP51 is closely related to the class I enzymes. The electron transfer goes 
from NAD(P)H via a NAD(P)H-dependent reductase and a ferredoxin to the CYP. The 
difference with class I is that the ferredoxin and the CYP are fused so instead of three separate 
components, this reaction requires only two enzymes.  
 
− Class VI 
This class resembles class II and class III. The electrons, delivered by NAD(P)H, are 
transported by enzymes containing cofactors FAD and FMN. Where in class III, FAD and FMN 
were part of separate enzymes, class II CYPs require one CPR, containing both cofactors in one 
enzyme. In this class, another type of fusion is included. Here the CYP is fused to the FMN-
containing flavodoxin and a separate second enzyme contains FAD, i.e. a NAD(P)H-dependent 
reductase. Interestingly, characterized enzymes belonging to this class seem to be useful in 
bioremediation, e.g. in the degradation of the military explosive hexahydro-1,3,5-trinitro-1,3,5-
triazine (RDX) [143]. 
 
− Class VII 
The CYPs belonging to this class (and the next classes as well) are all self-sufficient. Class VII-
type enzymes have a CYP domain at the N-terminus and a reductase domain at the C-terminus, 
bound by a short peptide linker. The reductase domain is related to the phthalate dioxygenase 
reductase family (phthalate family oxygenase reductase or PFOR) and exists of three functional 
parts; a FMN-binding domain, a NADH-binding domain and a ferredoxin ([2Fe-2S]) domain. 
It was suggested that the electrons transfer from NAD(P)H first to FMN, then to the ferredoxin 
and finally reach the CYP domain. In contrast to previous systems involving ferredoxins, not a 
FAD-containing reductase, but a FMN-containing reductase domain is involved. The first 
enzyme of this class to be discovered is P450RhF, or CYP116B2 according to current 
nomenclature, isolated from Rhodococcus sp. NCIMB 9784 [144]. 
 
− Class VIII 
Class VIII is similar to class II, but the two enzymes are fused in one self-sufficient CYP. The 
reductase domain of these fusion enzymes resembles a diflavin protein, containing both a FAD 
and a FMN cofactor, homologous to the CPR redox partner in class II.  The electron transport 




N-terminus of the CPR-like reductase domain by a short peptide linker. The very first fusion 
enzyme discovered, was CYP102A1 from B. megaterium, also referred to as BM3 [97]. It is a 
fully soluble enzyme, hydroxylating long-chain FAs at the ω-1, ω-2 and ω-3 position. This 
enzyme displays one of the highest activities of all CYPs. The structure of the heme domain 
was the second CYP structure to be resolved and the enzyme is one of the best characterized 
CYPs. Due to similarity in structure and electron transfer system, this fusion enzyme served as 
a model for the microsomal CYPs. At the time of discovery and characterization, CYP 
classification was restricted to class I and II, as described before. The soluble bacterial 
CYP102A1 enzyme showed much more similarity to the microsomal CYPs and was therefore 
classified as a class II enzyme. As more and more CYPs were discovered, it became clear that 
the two existing classes did not suffice. As such, CYP102A1 was reclassified in class VIII. 
However, until today this enzyme still proves to be a useful model for the eukaryotic class II 
type CYPs. Next to the soluble bacterial fusion enzymes, class VIII type fusions were found in 
lower eukaryotes as well, for example CYP505A1 from the fungus Fusarium oxysporum [145]. 
It shows high similarity to CYP102A1 regarding function and catalytic properties. However, 
the eukaryotic counterparts are not soluble, but bound to the to the membrane, similar to the 
eukaryotic CYPs from class II. 
 
− Class IX 
This class comprises fungal self-sufficient enzymes involved in denitrification. In many ways, 
this is an atypical class. Firstly, these enzymes are not actually monooxygenases as they reduce 
NO to N2O. Secondly, they do not require a redox partner. The electrons from NADH are 
directly transferred to the CYP without intermediate electron transfer partners. Thirdly, these 
eukaryotic CYPs are soluble, localized in the mitochondria and cytosol. These are the only 
soluble eukaryotic CYPs identified up to now. 
 
− Class X 
A collection of independent CYPs, utilising the same catalytic features, are compiled in this 
last class. All enzymes perform their monooxygenation activity without the need for molecular 
oxygen nor NAD(P)H. Instead, their substrate serves as the oxygen donor. A reductase partner 
is not required either, i.e. they are self-sufficient. Belonging to this class are the plant enzymes 
allene oxide synthase, hydroperoxide lyase and divinyl ether synthase together with the 
mammalian enzymes prostacyclin synthase and thromboxane synthase. The first three CYPs 
are involved in the plant lipoxygenase pathway and are located in the chloroplast membranes. 
Both last two CYPs are enzymes of the arachidonic acid cascade. 
 
It is clear that the CYP superfamily is large and very diverse, not only exemplified by the large 
variety of reactions they catalyse, but also in their required redox partners. Attention should not 
only be given to the CYP itself when using these enzymes in industry. The redox partner is 
equally important. Of specific interest in terms of industrial biocatalysis, are the self-sufficient 
CYPs. No additional redox partner needs to be added in the reaction and more than once, fusion 






In the 80’s, the first crystal structure of a CYP was resolved, i.e. the structure of Pseudomonas 
putida cytochrome P450cam, or CYP101A1 [106]. Still, this is one of the best characterized 
CYPs [146]. Being a bacterial CYP, it is a soluble enzyme, hydroxylating the substrate 
camphor. Poulos et al showed that the protein fold consists of two parts, a helix-rich α-region 
and a helix-poor β-region. The thirteen α-helices were named in alphabetical order, A, B, B’ 
and further from C to L, and the five β-sheets were numbered, as shown in Figure 1.10. This 
notation became standard for describing the P450 fold. Resolving the structure of CYP101A1, 
it was seen that the heme is sandwiched between helices I and L. Just before the L helix, a 
β-bulge is present, containing the axial ligand cysteine. Based on sequence alignment, a 
consensus sequence was found in the central part of helix I, which is a rather long helix close 
to the heme. Around this (A/G)G(D/E)T consensus sequence, halfway the I helix, a distortion 
is observed, resulting in a local widening which was originally proposed to be the oxygen 
binding site [106]. Later, it became evident that this distortion is occupied by a water molecule. 
Thr252 from the consensus sequence promotes protonation of oxygen leading to O-O cleavage, 
where it is aided by the water molecule [147], [148]. The active site is buried within the protein 
structure and when the structure was determined in a substrate-bound form, it was in a closed 
state. Therefore it was not clear how the substrate enters the active site. Also the substrate-free 
structure showed a closed conformation [149]. Comparing the structure of substrate-free to 
substrate-bound CYP101A1 showed that helices B’, F and G exhibited higher thermal motion. 
This led to the hypothesis that these helices are involved in opening of a substrate access 
channel [146], [149]. This was confirmed more recently by resolving the structure of 
CYP101A1 in a substrate-free and open conformation. Here it was observed that the F and G 
helices were retracted, the F/G loop was upraised and the B’ helix became disordered [150]. 
  
 
Figure 1.10: Scheme of the CYP101A1 crystal structure, illustrating the general notation used for the P450 fold. 
The α-helices, represented by bars, are named in alphabetical order, A, B, B’ and further from C to L, and the 
β-sheets are numbered. Indicated in black is the antiparallel β-region and β-bulge that contains the axial heme 




Determination of the CYP101A1 structure paved the way to a better understanding of the CYP 
molecular mechanism. In 1992, Gotoh applied group-to-group alignment of mammalian, more 
specifically the CYP2 family, versus prokaryotic CYPs, including CYP101A1. They concluded 
that the overall fold of CYP101A1 was maintained in the CYP2 family. However, gaps were 
observed, of which the gaps between helices F and G, between helices J and K and around 30 
residues at the N-terminus were most significant. Based on the alignment, six substrate 
recognition sites (SRS) could be identified, which coincided with experimental results [151] 
and remain valid up to now [110] (Figure 1.11). SRS1 consist of the B’ helix together with the 
flanking loops, which line the active site. SRS2 and SRS3 include the C-terminal end of the F 
helix and the N-terminal part of the G helix. Together with the F-G loop, this forms part of the 
substrate access channel. SRS4 is conserved as this is part of the I helix, playing an important 
role in the catalytic cycle. SRS5 is located in the β3 area and SRS6 in β5. Both β-sheets partially 
protrude the active site [151], [152]. 
 
 
Figure 1.11: SRSs as described by Gotoh, highlighted in the structure of CYP101A1 (figure taken from [137]). 
A few years later, a second CYP crystal structure was resolved, namely the structure of the 
B. megaterium CYP102A1 heme domain. Although being a soluble self-sufficient CYP of 
bacterial origin, it provided (and still provides) a good model for ER-bound eukaryotic CYPs 
(cfr. 2.2). Ravichandran et al resolved the structure in a substrate-free, open conformation [153]. 
They described that the heme domain consists of a helix-rich α-region and a helix-poor 
β-region, as was described for CYP101A1. In the substrate-free, open conformation, a long 
hydrophobic channel was identified as the substrate access channel. At the entrance of this 
channel, a hydrophobic patch was present, which was hypothesized to be the initial docking 
site for the hydrophobic substrates. A few years later, the crystal structure of the heme domain 
with the substrate palmitoleic acid bound, became available, providing more insight in the 
dynamics of substrate access. Comparing the open and closed structure, the largest 
conformational changes were in the F and G helices and in the connecting loop. The movement 
of this unit resulted in closure of the substrate access channel, giving rise to new intramolecular 
contacts [153], [154]. When comparing the structure to CYP101A1, it was seen that the overall 
fold was very similar (Figure 1.12). Especially around the heme group, i.e. the C-terminal part 




structure is highly conserved. The I-helix showed a distortion, similar to CYP101A1, to make 
way for a water molecule [153]. However, also structural differences were seen. Part of the 
variability could be ascribed to SRSs. For example, one of four major insertions was located 
between the helices F and G. Other differences could be ascribed to the redox partner binding 
site. This binding site was defined as a rectangular depression at the proximal side of the heme, 
with helices B, C, D, J’ and K determining the outer edge (Figure 1.13). It was hypothesized 
that interaction with the redox partner occurs via electrostatic interactions (see 2.5) and in this 
region, positively charged residues protrude. A major insertion compared to CYP101A1 was 
present between helices J and K, i.e. the J’ helix. A second insertion, also defining part of the 
outer edge of the redox partner binding site was found, together with some structural changes 
in the region of helix C and D [153]. Notably, this J’ helix appeared to be present in all 
eukaryotic CYPs, based on sequence alignment [152]. 
 
Figure 1.12: Three CYP crystal structures, described in the text, illustrating that the overall fold is conserved 
throughout the CYP monooxygenase superfamily (figure modified from [146]). 
 
Figure 1.13: Crystal structure heme domain CYP102A1 (PDB ID 2HPD) [153]. The helices B, C, J’ and K are 
indicated in orange and were reported to partially define the outer edge of the redox partner binding site according 
to Ravichandran et al [153]. (left) Distal side, in agreement with the orientation shown in Figure 1.12. 
(right) Proximal side, displaying the redox partner binding site. The image was created using Mol* [155]. 
Three other structures were published in the next couple of years, being the class I P450terp 
(CYP108) [156], the class I P450eryF (CYP107A1) [157] and the class IX P450nor (CYP55) 
[158]. It was in 2000 that the first structure of a microsomal class II CYP was published, i.e. 





anchor was removed, a C-terminal 4 residue Histag was added and the solubility was increased 
by substituting amino acids derived from CYP2C3. This microsomal CYP showed the same 
protein fold as previously determined structures (Figure 1.12) [159]. The SRSs were determined 
by computational docking and all SRSs agreed with those determined by Gotoh [151], [159]. 
Compared to the heme domain of CYP102A1, all but SRS4 (helix I) were largely displaced, 
especially the N-terminal β-sheet and F-G loop, which leads to different substrate orientation 
and selectivity. The first nine residues of the truncated CYP2C5 were disordered. These 
residues were stated to be the linker region between the transmembrane helix and the rest of the 
enzyme (i.e. the catalytic domain). This linker region contains basic residues, which act to stop 
further translocation of the protein through the ER membrane. C-terminally a proline is present 
that is part of a hydrophobic patch. This patch consists of residues before and after helix A, 
together with β-strand 2 from β2 and the C-terminal part of the region between helices F and G. 
The loop between F and G was also more hydrophobic and longer in comparison with 
CYP102A1 [159]. In subsequent years, more crystal structures of truncated microsomal CYPs 
followed. A hydrophobic patch was consistently observed, formed by the catalytic domain 
N-terminus together with the extended region in between helices F and G. This extended 
sequence gave rise to additional helices F’ and G’, although these are less conserved. 
Nevertheless these helices were not seen in prokaryotic CYPs [146], [160]. It was reported that 
this area is buried in the ER membrane, and this was supported by experimental data [159], 
[160]. It was found that epitopes, coinciding with this hydrophobic patch, were not accessible 
for antibody binding in CYP2B4 when bound to its native membrane, this in contrast to the 
solubilized form [161], [162]. A study was performed where the displacement of Langmuir–
Blodgett phospholipids was measured upon CYP2B4 binding. They found the area coinciding 
with the displacement to be much larger than expected if only the transmembrane helix is 
inserted. This means that an additional region of the enzyme is embedded in the membrane 
[163]. The same group further explored this with atomic force microscopy. They observed that 
the height of CYP2B4 above the membrane was 3.5 nm. This led to the conclusion that a 
hydrophobic patch near the N-terminal anchor is inserted into the membrane [164]. A positively 
charged surface at the proximal side of rabbit CYP2C5 was stated to be orientated perpendicular 
to the membrane surface, assuming the hydrophobic patch is bound to the membrane, and this 
orientation was proposed to aid in the interaction with CPR. In this orientation, the dipole 
formed between the positively charged proximal side and negatively charged distal side is 
parallel to the membrane, enabling to guide the negatively charged CPR to the proximal side, 
closest to the heme [159]. 
 
It was not until 2014 that a full length microsomal CYP with a well ordered transmembrane 
anchor was crystallized. It was the S. cerevisiae lanosterol 14α-demethylase, or CYP51A1. This 
CYP contains an additional N-terminal helix, which is normally not present in microsomal 
CYPs. It was suggested that it binds to the inner leaflet of the ER with its hydrophobic face. 
C-terminally of this amphipathic helix, a short linker is present, followed by the transmembrane 
helix. With this, the secondary structure of the transmembrane domain was proven to be a helix. 
Its length coincided with the span of the membrane and in the C-terminal part, hydrogen bonds 




the enzyme relative to the membrane. In between helix F and G, an additional helix F’ was 
identified, as described above. The author inferred that a portion of the F-F’-G loop was buried 
in the membrane, further substantiating the hypothesis of an additional membrane interaction. 
At the N-terminus of helix G, positive residues were observed. Based on the inferred orientation 
towards the membrane, it was then hypothesized that these amino acids bonded with the 
negatively charged phosphate head groups of the membrane phospholipid bilayer [165].   
It is now generally accepted that eukaryotic CYPs of class II are partially buried in the 
membrane with the F/G-loop more deeply immersed, orientating the distal side towards the 
membrane and the proximal side towards the cytosol. It was stated that these class II CYPs 
were evolutionary adapted to facilitate the uptake of hydrophobic substrates, which partition in 
the membrane, and release the polar products at the membrane-water interface [166]. The 
membrane has additionally been reported to modulate catalysis in several ways. For example, 
the membrane composition showed to influence the redox potential, the Vmax and Km and the 
heme tilt angle [167], [168]. 
 
Today, many more CYP structures have been resolved, showing the unique P450 fold 
throughout. The structure around the heme is highly conserved, in agreement with the highly 
conserved catalytic mechanism in each and every CYP. Near the heme, several conserved 
regions are found, that is (A/G)G(D/E)T on the I helix and the axial ligand cysteine on the 
β-bulge preceding the L-helix. This cysteine residue is part of the consensus sequence 
FXXGXbXXCXG, with Xb being a basic residue [169]. An additional conserved EXXR 
sequence is found on the K helix, which is proposed to aid in stabilizing the core [152]. Some 
regions also show high flexibility, e.g. the F/G and B/C region, denoted as the SRSs and give 
rise to varying sizes and shapes of the active site. These represent the high variability of 
substrates and reactions within this superfamily [166].  
 
Complimentary to X-ray crystallography, nuclear magnetic resonance (NMR) and in silico 
tools such as molecular dynamic simulations, are being used to further elucidate the dynamics 
during catalysis and identify the different access channels. In a recent review from Urban et al 
[166], it was put forward how the network of channels is likely to be involved in substrate 
specificity, with initial substrate recognition at the surface. In this respect, the importance of 
the F/G region became evident as this region shows high flexibility and the F and G helices 
define the most common channels. Also addressing the dynamics and the different channels 
using in silico tools, is Shaik et al [170], [171]. They describe how substrate binding induces 
large conformational changes and triggers the whole catalytic cycle. Upon substrate binding, 
reduction is triggered resulting in the attachment of the reductase partner. This would then open 
a water channel, initially closed off by a salt bridge between a propionate of the heme and a 
polar basic residue near the heme. Water molecules flow into the pocket and form a water chain 
connecting to the acid-alcohol pair from the consensus sequence (A/G)G(D/E)T in the 
distortion of the I helix, crucial for further catalysis. The catalytic cycle and the redox partner 





2.4 Catalytic mechanism of CYP monooxygenases 
 
Figure 1.14: Catalytic mechanism of the CYP monooxygenase superfamily (figure taken from [172]). 
The CYP monooxygenase superfamily has been proven to perform a wide variety of catalytic 
processes. However, the mechanism in which the oxygen is activated, is highly conserved in 
this superfamily. The catalytic cycle has long been investigated and there is a large consensus 
on what is depicted in Figure 1.14 [172], [173]. Without substrate, the enzyme is in a so-called 
resting state (1). The ferric iron of the heme group is hexacoordinated, with a water molecule 
being the sixth ligand. The iron is in a low spin state. When substrate binding occurs and the 
substrate accesses the active site, the water molecule is displaced and all water leaves the active 
site. The ferric iron of the heme group is now pentacoordinated and in a high spin state with an 
increased reduction potential (2). The increased potential promotes the first electron transfer 
from the redox partner to the heme, reducing the iron to the ferrous state (3). Subsequently, 
molecular oxygen binds to iron, which results in a ferric superoxo intermediate (4), and this 
complex is rather stable. Continuing the cycle, a second electron transfer from the redox partner 
occurs, creating a ferric peroxo intermediate (5a). This second reduction step was suggested to 
be the rate determining step in many CYPs. This nucleophilic ferric peroxo intermediate is 
short-lived and becomes quickly protonated, forming the unstable ferric hydroperoxo 
intermediate (5b). This compound is termed Compound 0. An acid-alcohol pair, either aspartic 
or glutamine acid combined with threonine (remember the (A/G)G(D/E)T consensus sequence), 
is key in this protonation and a water molecule, residing in the distortion of helix I, delivers the 
proton. In a next step, a second protonation occurs. Protonation of the distal oxygen results in 
heterolytic cleavage of the O-O bond. Water is split off and the highly reactive ferryl oxido 
intermediate is formed, known as Compound I (6). Compound I is the active oxidant. Actually, 
this reactive ferryl oxido species was fully characterized in heme-peroxidases long before in 
CYPs. In these peroxidases, the oxidant was termed Compound I and this terminology was later 
used for CYPs as well. Continuing in the catalytic cycle, Compound I oxygenates the substrate. 
It is generally accepted that the reaction proceeds according to the oxygen rebound mechanism, 




a hydrogen radical from the substrate, leaving behind a substrate radical and forming a ferryl 
iron hydroxy radical. Next, a rebound of the substrate radical and the hydroxy radical occurs, 
leading to the hydroxylated product (7). The end product then exits the active site and the 
enzyme returns to the resting state (1). 
 
The catalytic cycle is not always efficient, in that three uncoupling reactions can take place 
[172], [173]. A first point of possible uncoupling is when the ferric superoxo intermediate is 
formed (Figure 1.14, 4). Autooxidation can occur at this point, where the complex dissociates 
in ferric iron and a superoxide anion. The second uncoupling reaction is known as the peroxide 
shunt. This occurs when the proximal oxygen of Compound 0 (Figure 1.14, 5b) is protonated. 
In that case, hydrogen peroxide is released and the heme returns to its resting state. A third and 
last possible uncoupling reaction occurs when Compound I (Figure 1.14, 6) is reduced. Water 
is produced and the enzyme goes back to its resting state. This is called the oxidase shunt. It 
has been observed that uncoupling almost always occurs to some extent. Many factors can 
influence the degree of uncoupling [176], such as pH, substrate positioning in the active site 
and a disturbed substrate binding pocket. Also modifications regarding the redox partner can 
influence coupling efficiency. A notable exception is the self-sufficient CYP102A1, which 
appears to oxidize its substrate without loss of electrons from NADPH through one of the 
uncoupling reactions. 
 
The catalytic cycle was unravelled by a variety of modelling and experimental methods. X-ray 
crystallography and in silico tools such as molecular dynamic simulations provided great 
insights, some of which have been described in 2.3. Also spectroscopically characterizing the 
intermediates played a big role and this was recently reviewed in [177]. The first intermediates 
were characterized early on. However, confirming the short-lived ferric iron peroxo (Figure 
1.14, 5a) and hydroperoxo (Figure 1.14, 5b) intermediates, and especially the reactive ferryl 
oxido intermediate (i.e. Compound I, Figure 1.14, 6) proved to be challenging. It was not until 
Davydov et al applied radiolytic reduction at very low temperatures of 77 K that spectroscopic 
characterization of the peroxo and hydroperoxo intermediates became possible [178]. In case 
of Compound I, it was not spectroscopically characterized until 2010, where the intermediate 
was generated by using m-chloroperbenzoic acid [179]. m-Chloroperbenzoic acid acts as an 
alternative oxidant and the reaction proceeds according to the reversed peroxide shunt. In this 
way, this uncoupling reaction can be used to the advantage of researchers.  
 
In conclusion, the catalytic cycle has been thoroughly characterized. CYPs use a complex 
catalytic cycle, triggered by binding of the substrate. This results in the introduction of one 
oxygen atom from molecular oxygen in a non-activated C-H bond while the other oxygen atom 
is reduced to water. This reaction is not always 100 % efficient, as there are three possible 
uncoupling reactions, resulting in loss of reducing equivalents and formation of reactive oxygen 
species (ROS). Much is already known about the structure and catalytic cycle. However there 
are still questions to be answered. Is Compound I indeed the only active oxidant? How exactly 





2.5 NADPH-dependent CYP reductase 
Electrons are generally delivered to the heme of CYP through a redox partner. A variety of 
redox partners have been identified according to which CYPs are classified in ten classes, 
covered in 2.2. In this dissertation, interest goes to the class II type CYPs. Therefore, only the 
NADPH-dependent CYP reductase (CPR) will be discussed. Whereas the CYPs are very 
diverse, CPRs are not. For example, in the human ER a single CPR reduces the 50 different 
CYPs. Also other electron acceptors of CPR are reported, i.e. heme oxygenase, cytochrome b5 
and squalene monooxygenase, together with nonphysiological redox partners such as 
cytochrome c [136]. 
 
CPR contains two cofactors, namely FAD and FMN, within the same enzyme, i.e. it is a 
diflavin. It is thought that this enzyme is actually evolved as a fusion of two ancestral proteins. 
On the one hand, the N-terminal FMN-binding domain was found to be homologous with 
bacterial flavodoxins. On the other hand, the C-terminal domain, binding FAD and NADPH, 
showed homology with both ferredoxin-NADP+-reductase and NADH-cytochrome b5 
reductase [181]. It is well established that the electrons first are transferred from NADPH to 
FAD. Then, these are transferred one by one to FMN which in its turn reduces the heme [182]. 
The exact electron cycle mechanism is still a matter of debate. Two electrons are delivered by 
NADPH in the form of a hydride ion to FAD, resulting in the formation of FADH2. One electron 
is subsequently passed to FMN via intramolecular interaction. The air-stable semiquinone 
FMNH• was found to be the dominating form in mammalian microsomal CPR [183], [184]. 
Therefore, it was hypothesized that the CPR resting state contains the oxidized FAD and the 
semiquinone FMNH•, formed after so-called priming with NADPH (Figure 1.15). Upon 
reduction of CPR by NADPH, FADH2 transfers one electron to this semiquinone, resulting in 
the hydroquinone FMNH2. This fully reduced form is then thought to transfer one electron to 
the heme, going back to its semiquinone state. Subsequently, the second electron is received 
from FADH• for the second electron delivery to the heme. As such, CPR was proposed to 
operate according to a 1-3-2-1 electron cycle, with the numbers indicating the amount of 
electrons on the two flavins [136] (Figure 1.15). When an excess of NADPH was added, the 
formation of the four-electron-reduced enzyme, FADH2/FMNH2, was observed and a 2-4-3-2 
electron cycle was suggested in that case (Figure 1.15). The formation of FADH2/FMNH2 
proved to be thermodynamically unfavourable and took eight hours under anaerobic conditions 
to form [185], [186]. Therefore, this was excluded as a possible cycle in vivo [136], [187]. The 
1-3-2-1 cycle was debated as well, as argued by Murataliev et al [187]. For example, in case of 
CYP102A1, the natural CYP-CPR fusion enzyme of B. megaterium, the semiquinone FMNH•, 
and not the hydroquinone FMNH2, was proposed to reduce heme [188]. For CYP102A1, a 
0-2-1-0 electron cycle was proposed instead [189]. It was suggested that the delayed formation 






Figure 1.15: Electron cycling in CPR. a: Proposed reaction cycle mechanism. The upper half represents the 1-3-2-1 
cycle, i.e. the reaction happening in vivo. The lower half represents the 2-4-3-2 cycle, excluded as a possible cycle 
occurring in vivo. b: Priming reaction resulting in a one electron reduced form (figure taken from [136]). 
The first crystal structure of a CPR was provided by Wang et al [191] (Figure 1.16). Rat liver 
CPR, normally bound at the cytoplasmic side of the ER membrane with a N-terminal anchor, 
was recombinantly produced in E. coli. Afterwards, it was solubilized by limited proteolysis 
using trypsin. In this way, CPR was freed from its N-terminal anchor. Four domains were 
identified in the structure. At the N-terminus, the FMN binding domain is found. It consists of 
a five-stranded parallel β-sheet and at the tip of the sheet its C-terminal side, the FMN is 
positioned. This β-sheet is flanked by five α-helices. Two aromatic groups (Y140 and Y178) 
were found at each side of the FMN isoalloxazine ring. C-terminally of the FMN binding 
domain, a connecting domain was found, consisting mainly of α-helices. At the N-terminus of 
this domain, a loop forming a hinge is present. FMN is surrounded by a convex anionic surface. 
Interaction between the FMN binding and connecting domain appeared to be electrostatic, as 
the interface residues are mainly hydrophilic. The FAD binding domain follows the connecting 
domain in the structure. The fourth and last domain is the NADPH binding domain. When 
looking at the linear protein sequence, these last three domains are actually intertwined. In the 
crystal structure, the connecting domain is located in between the FMN and FAD binding 
domain and it was stated that this domain is involved in the orientation of both flavin cofactors 
relative to one another. The structure of the FAD binding domain consists of an anti-parallel 
flattened β-barrel. At the boundary between the FAD and NADPH binding domain, the 
isoalloxazine ring of FAD is inserted and the ring of the aromatic residue W677 was found to 
be stacked against the isoalloxazine ring. The rest of the FAD molecule is located closer to the 
connecting domain. In this so-called closed conformation, the FMN and FAD cofactor are in 
close contact, allowing to transfer electrons directly without intermediate amino acid residues. 
The shortest distance is between the 7- and 8-methyl groups of the xylene rings and these are 
thought to directly communicate with each other. Lastly, the NADPH binding domain shows a 
similar structure as the FMN binding domain, i.e. a parallel five-stranded β-sheet in between 




difficult. The results indicated that the ribose-nicotinamide moiety of the bound NADP+ was 
highly flexible and disordered, thus indicating a changing conformation during inter-flavin 
electron transfer. By modelling the NADP+ molecule into the structure, Wang et al suggested 
that the nicotinamide ring could be positioned exactly where the W677 residue is stacked 
against the isoalloxazine ring of FAD [191]. Indeed, resolving the structure of three different 
W677 mutants, showed that upon NADPH binding, W677 must make a conformational change 
in order to allow stacking of the nicotinamide ring against the FAD isoalloxazine ring for 
hydride ion transfer. Interestingly, the FMN binding domain was disordered in one of the 
mutant structures. Superimposing mutant and wild type structures additionally showed a lack 
of order in the FMN binding domain. It was concluded that this domain was mobile relative to 
the FAD binding domain and conformational changes occur during catalysis [192]. Since then, 
other CPR crystal structures have been resolved, e.g. the CPR of S. cerevisiae [193], human 
CPR [194] and CPR of C. tropicalis [195], and the CPR fold proved to be well conserved [136]. 
 
 
Figure 1.16: Crystal structure rat liver CPR after limited trypsin digest (figure taken from [191]). 
How does this enzyme interacts with CYP? Using chemical modifications, mutations and 
modelling approaches, it is now well established that CYP-CPR interaction occurs through both 
electrostatic and hydrophobic interactions [136]. A basic region at the proximal side of CYP, 
mainly residues of the C helix, has been identified to interact with CPR, as was originally 
reviewed by Hlavica et al [196]. Cytochrome b5 has been implicated to be involved in catalysis 
to a varying extend (see 2.2) and an overlapping, but not identical, region proved to be involved 
in cytochrome b5 interaction. Since the review of Hlavica et al, many more studies were 
executed, confirming that CYP interacts with CPR with its proximal side mainly through 
electrostatic forces, together with hydrophobic forces [197]–[201]. On the CPR side, the anionic 
convex surface of the FMN domain is involved in the complex formation with CYP and studies 
have been done to identify the interacting residues [202]–[204]. A very recent study further 
suggested that not always the same binding motifs of the FMN domain are involved and that 
this depends on the CYP reaction partner [205]. Different approaches of modelling, mutation 
and modification resulted in an increased insight into CYP-CPR interaction, and X-ray 
crystallization of CYP-CPR complexes would be of great value to add to these insights. 




complex structures are available, none of which include the CPR redox partner. However, the 
self-sufficient CYP102A1 serves as a model again, as the crystal structure of a complex 
between the heme and FMN binding domain was resolved (Figure 1.17) [190]. It was seen that 
the α1-helix of the FMN binding domain associates with helix C and L of the heme domain, and 
the outer FMN-binding loop binds to the peptide, preceding the β-bulge. In this complex, the 
methyl groups of the xylene ring of FMN point towards the heme on the proximal side of CYP. 
Additionally, it was noted that acidic amino acid residues were clustered in the FMN binding 
domain on the side that interacts with the proximal side of the heme domain, indicating 
electrostatic interaction [190]. Using the heme-FMN binding domain complex as a model, 
Shaik et al applied molecular dynamic simulations to investigate this interaction further. The 
simulation starts with the substrate entering CYP, in between the heme and helix I. This causes 
an enhanced interaction between helix C and I. As helix α1 from the FMN binding domain is 
bound to helix C and L, the enhanced interaction causes the FMN to move closer, effectively 
shortening the distance between FMN and heme for electron transfer. This further illustrates 
how the substrate binding orchestrates the catalytic reaction [171]. 
  
 
Figure 1.17: Crystal structure of the heme-FMN domain complex of cytochrome CYP102A1. A: Two views of 






When looking back at the resolved structure of rat liver CPR, the proposed CYP-interacting 
surface of the FMN binding domain is buried within the CPR enzyme and not solvent exposed, 
necessary for CYP interaction. Therefore, this closed structure needs to be rearranged in order 
to be able to interact with CYP. The connecting domain, more specifically the flexible hinge, 
was proposed to play a role in this rearrangement [190]. Direct evidence for this rearrangement 
was given by Hamdane et al [202]. The crystal structure of a mutant form of rat liver CPR was 
resolved, having a four amino acid deletion in the hinge. Superimposing the deletion mutant 
structures and the wild type structure showed that the FMN binding domain was largely 
displaced relative to the FAD binding domain. The FMN binding domain seemed to move away 
by pivoting on the C-terminal part of the hinge. A more open conformation was observed, and 
the two methyl groups of the xylene ring from FMN were exposed to the solvent, available for 
interaction with the heme group. The reducing activity of the deletion mutant was largely 
impaired. This reduced activity could be ascribed to the impaired electron transfer between 
FAD and FMN in this open conformation [202]. Around the same time, another group resolved 
the structure of an open conformation as well, confirming this domain rearrangement. The open 
structure was obtained by fusing the yeast FMN binding domain and the human 
connecting/FAD/NADPH binding domain [206]. NMR and small angle X-ray scattering 
(SAXS) experiments further confirmed the occurrence of a conformational change. An 
equilibrium between the open and closed structure was observed when CPR was in its oxidized 
form. Upon NADPH addition, it was found that equilibrium was shifted to the closed form for 
the cofactor-bound, reduced CPR [207]. Additional confirmation was provided by Xia et al 
[208]. They locked CPR in the closed conformation by engineering a disulphide bridge between 
the FMN and FAD binding domain. This enzyme was unable to reduce its substrates. By 
reduction of the disulphide bridge, the activity could be restored, proving the necessity of 
mobility. The general hypothesis now states that the CPR enzyme is in a closed conformation 
when NAPDH is bound, enabling transfer of the hydride ion to FAD and electron transfer to 
FMN. The enzyme then opens, leaving the reduced FMN solvent exposed for CYP interaction 
and subsequent reduction (Figure 1.18) [136], [168]. 
 
 





CPR is bound to the membrane with an N-terminal anchor, as stated before. In rat liver CPR, a 
hydrophobic stretch of 22 residues, spanning the membrane, is preceded by a short nine residue 
hydrophilic segment. C-terminally of the hydrophobic stretch, a charged cluster was identified, 
followed by a flexible segment. This flexible segment is prone to proteolysis, as a tryptic 
digestion results in the soluble CPR, devoid of this N-terminal anchor [209]. No X-ray crystal 
structure of the protein including the N-terminus has been resolved yet. However, solid-state 
NMR studies showed the anchor to be a transmembrane α-helix [210]. Notably, the truncated 
rat liver CPR was unable to reduce CYP, although the artificial CPR substrate cytochrome c 
was reduced [191]. This would lead to the conclusion that the anchor is required for function, 
was it not that other truncated CPRs were able to deliver electrons to CYP, e.g. the yeast CPRs 
of S. cerevisiae [193] and C. tropicalis [195]. Until today, it is still not clear what the function 
of the membrane anchor is and how the membrane environment contributes to catalysis. Das 
and Sligar used Nanodiscs (discoidal lipid bilayers with a protein belt) to provide a membrane 
environment for the rat liver CPR. They showed how the membrane could affect the redox 
potential of CPR. By modifying the lipid content of the Nanodiscs to anionic lipids, it was seen 
that the redox potential changed. These changes resulted in some electron transfer steps to be 
more thermodynamically feasible [211]. Of note in this context is the difference in redox 
potential and electron transfer kinetics between the yeast CPR and the mammalian CPR [212]. 
Gideon et al suggested a passive role for the N-terminal anchor, where the anchors merely serve 
to bring both redox partners together in the phospholipid interface [213]. Miyamoto et al 
ascribed a role in increasing the coupling efficiency between the two redox partners [214]. 
Barnaba et al state that only the reduced CPR is an integral membrane protein. In the oxidized 
form, CPR is peripherally bound to the membrane to allow more diffusion in search for one of 
their CYP partners [215]. Xia et al reported that the transmembrane anchor is essential and the 
activity seen using N-terminally truncated CPR results from random collisions instead of the 
formation of a true CYP-CPR complex. They further hypothesize the anchor and flexible linker 
region to be important in the movement of the catalytic domain for interaction with their redox 
partner [216]. The many active chimeric constructs, fusing CYP and truncated CPR (see 2.6.4), 
again indicate that the anchor is not essential. 
 
Although the CYP enzymes are the ones with the great biotechnological interest, their redox 
partner is equally important in order to obtain a catalytically active system. The CPR enzyme 
already has been investigated extensively. However, also for biotechnological applications, it 
is of major importance to further elucidate the interaction, e.g. to transport the electrons 
efficiently to CYP without loss through uncoupling. 




2.6 Recombinant production of class II-type CYPs 
(This part of the literature overview is in preparation for publication as a mini review) 
 
CYPs are of major interest in synthetic biology applications as discussed in the introduction. 
Soluble CYPs from bacteria, as well as membrane-bound eukaryotic CYPs, many of which 
belong to the class II, are reported to catalyse industrially relevant reactions. The membrane-
bound class II type CYPs will be the focus in this section, as these are of interest in this 
dissertation. CYPs are generally produced to a minor extent in their natural host. Furthermore, 
CYPs involved in secondary metabolism are often only produced in certain conditions. In terms 
of yield, making it economically interesting for industrial application, recombinant production 
is therefore often required, as exemplified in 1.2.2. Additionally, isolating a quantity sufficient 
for characterization would require a large amount of native tissue. On top, these native tissues 
contain not only the CYP of interest, but other CYPs as well in many cases. Extensive 
characterization of human CYPs and their reaction mechanisms is important in pharmacology 
due to their role in metabolism of drugs, carcinogens and steroids. It would not be ethical nor 
feasible to use liver tissue, isolated from laboratory animals and humans for each experiment 
regarding drug metabolism and CYP characterization. The same holds for plants. In order to 
characterize the CYPs involved in the production of interesting secondary metabolites, many 
plants would have to be collected, which again would not be feasible nor ethical in case of often 
rare tropical species. Therefore, CYPs are recombinantly produced to circumvent these issues. 
Several different host organisms have been used, depending on the purpose, e.g. employment 
as a biocatalyst, investigation of protein structure and/or function or providing the host with 
new characteristics.  
 
2.6.1 Mammalian cells, transgenic plants and insect cells 
Recombinant production of CYP enzymes in mammalian cells is of value in pharmacological 
research regarding drug metabolism and hepatoxicity. Human primary hepatocytes are seen as 
the gold standard for these experiments. However, human liver tissue is not readily available. 
Additionally, there is a great variability among these cells as these are isolated from human 
donors, having different genetic backgrounds. Moreover, they have a short life span. As an 
alternative, hepatoma cell lines, transfected with the CYP(s) of interest, are often used, of which 
the HepG2 cell line is the most widely applied [217], [218]. Other mammalian cell lines have 
been reported as well in this context, the very first example being the COS cell line for the 
expression of bovine 17α-hydroxylase CYP, now denoted as CYP17A1 [219]. CYPs are 
produced in their natural form and no reductase co-expression is required in these cells.  
 
CYPs have also been recombinantly produced in plants. An example of a commercial 
application, is the genetically engineered blue rose. CYP75A, involved in the biosynthesis of 
delphinidin, an anthocyanidin giving a blue colour, was overexpressed in a rose cultivar. 
Together with other modifications, this resulted in a blue rose [220]. Another example is the 
production of rat CYP1A1 fused to yeast CPR in transgenic tobacco plant [221] and human 




the use of photosystem I, present in the chloroplast of plants, has emerged as an alternative to 
deliver electrons to CYP as NADPH often is a limiting factor. Plant microsomal CYPs have 
been shown to localize into the thylakoid membranes when the right signal sequence is 
provided, exemplified using CYP79A1. There, CYP efficiently obtains electrons from 
photosystem I via the soluble ferredoxin [223]. By fusion of CYP79A1 and ferredoxin, the 
activity was further increased and performed better than the reaction with its native CPR redox 
partner [224]. The same group used this approach to transfer a complete pathway to the 
chloroplast for dhurrin production [225], [226]. Of note, cyanobacteria too are able to perform 
photosynthesis. By metabolic engineering of the cyanobacterium Synechocystis sp. PCC 6803, 
dhurrin production was accomplished using the light-driven electron supply [227]. 
 
Insect cells, infected with baculovirus DNA, have also been applied for the recombinant 
production of class II CYPs, with the purpose of functionally characterizing the CYPs 
(e.g. CYP52A13 and CYP52A17 characterization). Again, no N-terminal truncation is 
necessary as these eukaryotic cells possess the required ER membrane. Recombinantly 
producing mammalian CYPs in insect cells results in high yields and therefore has been used 
rather frequently [125], [228]. Also for insect CYPs, recombinant production in insect cells is 
often applied. In case of plant CYPs, yeast expression is generally used, but in some cases yeast 
expression does not suffice and expression in insect cells led to the solution [228].  
 
However, microbial expression systems are often preferred due to the fact that these are cheaper 
and faster, yields are higher and molecular cloning techniques are readily available. For 
example, a high amount of pure CYP is required for crystallization and functional 
characterization [229], [230]. Also for other applications, such as the production of drug 
metabolite standards [125] and the production of phytochemicals [231], microbial expression 
systems have proven advantageous. 
 
2.6.2 Fungal production systems 
Filamentous fungi have emerged as recombinant expression hosts in case of fungal CYPs, 
exemplified by Durairaj et al [114]. Especially in obtaining whole-cell bioconversion processes, 
filamentous fungi prove to be of value. However, bacteria and yeast are the major microbial 
recombinant expression hosts.  
 
S. cerevisiae and Pichia pastoris (reclassified as Komagataella phaffii, however still referred 
to as Pichia pastoris in literature) are popular hosts for recombinant protein production because 
of their ease of manipulation and their ability to grow to high cell densities, this in a short time 
period and on inexpensive media. They possess organelles being a lower eukaryote. Presence 
of the ER membranes allows for recombinant CYP production in a nontruncated form [229].   
Additionally, yeasts have their own set of CYP enzymes, meaning a biosynthetic pathway is 
well established. Primarily S. cerevisiae has been used as the yeast expression host for CYP 
enzymes. It was in S. cerevisiae that both the first mammalian [232] and first plant CYP [233] 
was successfully produced and for plant CYPs, it is still the most widely used expression host. 




[229]. It might thus be of interest to test different yeasts and strains, exemplified in [234], where 
chalcone 3-hydroxylase from Dahlia variabilis was produced in S. cerevisiae and three 
different strains of P. pastoris. They concluded that P. pastoris strain KM71H was the most 
suitable for CYP production. Another yeast expression host proven of value is 
Schizosaccharomyces pombe. As a whole-cell biocatalyst, examples are available where drug 
metabolites and steroids were produced by heterologously expressing human cyps [125]. 
Recently, all 57 human CYPs, together with their reductase partner, were recombinantly 
produced in this fission yeast, delivering a tool for more systemic investigations of the human 
CYPome [235].  
 
Recombinant production of CYPs in yeast hosts has been performed both with the objective to 
structurally and/or functionally characterize the enzyme and to create a whole-cell biocatalyst. 
For example, homologous overexpression of S. cerevisiae lanosterol 14α-demethylase 
(CYP51A1) led to the first crystal structure of an N-terminally intact membrane-bound CYP 
enzyme (see 2.3). In order to functionally screen the plethora of fungal CYPs, recombinant 
production of these enzymes in yeast has proven of value as well. cDNA libraries were 
constructed in S. cerevisiae and enabled the discovery of new activities [236]. The use of yeast 
as a biocatalyst has already been exemplified above, e.g. the heterologous expression of genes 
encoding ω-oxidizing CYP52M1 and CYP94C1 (see 1.2.2) and in artemisinic acid production 
(see 2.1). 
 
Although yeast possesses ER membranes, it still might be advantageous to alter the N-terminal 
membrane anchor for recombinant CYP production. Schoch et al demonstrated this by altering 
the N-terminus of the plant CYP73A1 for production in P. pastoris [237]. They replaced the 
first 20 amino acids with the peptitergent sequence PD1, which is an amphipathic helix of 25 
amino acids. Together with the addition of four histidines C-terminally, they succeeded to 
purify CYP73A1 in a soluble form in absence of detergents, pure and stable enough for NMR 
experiments. In search for a microbial approach to opioid production, Galanie et al successfully 
introduced a complete pathway into S. cerevisiae [238]. In this biosynthesis, the conversion of 
(R)-reticuline to salutaridine is catalysed by salutaridine synthase, or CYP719B1. In order to 
enhance correct processing and improve overall activity, they tested several alternative 
N-terminal sequences based on the enzyme cheilanthifoline synthase, a plant CYP with 
61-68 % sequence identity, showing high activity when produced in yeast. This resulted in a 
sixfold conversion increase. 
 
2.6.3 Escherichia coli 
E. coli has long been an established host for recombinant protein production, both for protein 
purification purposes and for their use as a whole-cell biocatalyst. Genetic engineering 
techniques are well known and similar to yeast, they are able to grow to high cell densities on 
inexpensive media. The growth kinetics of E. coli are unmet, with a doubling time of only 
20 min in ideal conditions. As E. coli does not possess endogenous CYPs, no interference with 
heterologous CYPs occurs. However, a CYP biosynthetic pathway is not present. A heme 




limited heme biosynthesis [229], [230]. Alternatively, glutamyl-tRNA reductase can be co-
expressed in order to circumvent 5-ALA addition [239]. E. coli is a prokaryote, meaning that it 
lacks ER membranes, the native location of the class II CYPs. Therefore, engineering of the 
N-terminus containing the transmembrane anchor, is required in most cases. The N-terminus is 
mutated or truncated either to direct the CYP towards the E. coli membrane or to completely 
solubilize the enzyme. Zelasko et al published a review giving a good overview of the different 
approaches for high-yield production of membrane-bound eukaryotic CYPs in E. coli and this 
was more recently updated by Hausjell et al [229], [230].   
Barnes et al obtained the first successful production of a mammalian CYP, i.e. bovine 
CYP17A1, in E. coli [240]. To this end, they altered the second codon to alanine as this was 
reported to be a preferred second codon. Additionally, silent mutations were performed in 
codons four to seven in order to increase the AT content, with the aim of reducing secondary 
structure formation in the mRNA. CYP17A1 was retrieved in an active form in the membrane 
fraction. This sequence, consisting of the amino acids MALLLAVF (referred to as the Barnes 
sequence), proved to lead to successful production of many other mammalian CYPs, where the 
sequence was either added N-terminally or substituted after alignment of the respective CYP to 
CYP17A1. This approach of changing the second codon to alanine and reducing secondary 
structure formation in the mRNA was frequently applied [229], [230]. For plant CYPs, E. coli 
expression was achieved as well with this so-called Barnes sequence, e.g. in the metabolic 
engineering for 8-hydroxycadinene production [241] and for taxadien-5α-ol production [129]. 
Next to the Barnes sequence, other sequences have been tested for mammalian CYPs, e.g. the 
ompA and pelB leader sequences [242]. These sequences were added to the N-terminus of the 
native CYP, directing the enzyme either to the membrane or periplasm, respectively. These 
sequences are processed during translocation through the inner membrane, leaving behind the 
CYP in its native form, localized in the membrane fraction.  
 
For plant CYPs, a screening of different tags has recently been performed in order to deliver a 
toolbox for production in E. coli. In one study, four different tags were evaluated; a 28-amino 
acid tag enhancing yields of difficult membrane proteins and the transmembrane domains of 
three highly produced E. coli membrane proteins (SohB, YafU and LepB). The SohB 
transmembrane domain provided the highest yield and activity [243]. In another study from the 
same group, a N-terminal tag library was constructed containing tags from E. coli membrane 
proteins, signal peptides, transporters and the previously mentioned 28-amino acid tag, 
delivering an expanded range of tags [244]. In case of fungal CYPs, a large-scale screening was 
performed by Ichinose et al in 2013 [245] and they extended this screening in 2015 [246]. 
Contrary to testing transmembrane domains from E. coli, they produced a large number of 
fungal CYPs and searched for those who were produced well with minor N-terminal 
modifications or no modifications at all. Subsequently, chimers were created substituting the 
original transmembrane domain with the ones identified as handled well by E. coli in the 
screening. They proposed that MSLLLAATLFLHSRQKRYPL, the N-terminal tag of 
CYP5144C1, could serve as an alternative to the Barnes sequence. 63 other candidate chimeric 
partners were given as well. 




More recently, Schumacher et al reported the surface display of human CYP3A4 using 
Autodisplay (Figure 1.19) [247]. The so-called autotransporter AIDA-I (adhesin involved in 
diffuse adherence), an endogenous E. coli protein, was used. This protein consists of an adhesin 
passenger at the N-terminus and a translocator (β-barrel) domain at the C-terminus, fused by a 
linker peptide. The adhesin passenger can be replaced by a recombinant passenger, enabling 
surface display (Figure 1.19A). A signal peptide from ctxB (β-subunit of cholera toxin) was 
included at the N-terminus and serves to facilitate transportation across the inner membrane. 
The process of translocation is established and the transport of the recombinant passenger is 
described in Figure 1.19B [248]. The same group later showed that this Autodisplay system 
could be used for co-expressing the redox partner by surface displaying CYP1A2 together with 
human CPR [249]. Surface display of enzymes combines several advantages from both whole-
cell bioconversion and in vitro biocatalysis. On the one hand, the enzyme is in direct contact 
with the extracellular space and therefore, the substrate does not need to cross any membrane, 
in contrast to whole-cell bioconversions. On the other hand, no purification, which is 
particularly challenging for membrane-bound CYPs, is required, and the CYPs are integrated 
in a membrane environment, beneficial for the enzyme stability [247], [249]. 
  
 
Figure 1.19: Autodisplay system for surface display in E. coli. (A) Schematic representation of the Autodisplay 
construct, consisting of a signal peptide (SP), a passenger domain and the translocator domain (linker and β-barrel) 
of the autotransporter AIDA-I. The passenger domain is replaced by the recombinant protein to be surface 
displayed. (B) Transport of the recombinant passenger. The signal peptide serves to facilitate transportation across 
the inner membrane (IM). In the periplasm (PP), the C-terminal translocator domain forms a porin-like structure 
(β-barrel) in the outer membrane (OM). Subsequently, the N-terminal passenger is translocated through the porin-
like structure and is thereby surface displayed (figure modified from [248]). 
Although it is not a class II enzyme, it might be worth noting that the self-sufficient 
B. megaterium CYP102A1 (119 kDa) was successfully surface displayed using three different 
systems (Figure 1.19 and Figure 1.20). In the first report, surface display was enabled by a 
truncated ice nucleation protein (INP) InaK of Pseudomonas syringae (Figure 1.20A) [250]. 
INPs are found in plant pathogenic bacteria and are composed of three distinct domains: a 
N-terminal unique domain containing the membrane anchor, a C-terminal unique domain and 
a central domain composed of repeats given by a 8-, 16- and 48-residue periodicity that acts as 
template for ice nucleation [251]. This central repeating domain is not required for 




of INP) [252], [253] and was deleted in the truncated InaK construct. A second report on the 
surface display of CYP102A1 made use of the aforementioned Autodisplay system (Figure 
1.19) [254]. Instead of the ctxB signal peptide, they used the gIII signal peptide, present in the 
pBAD gIII vector. In a recent publication, a SpyCatcher-SpyTag method was applied for the 
surface display of CYP102A1 (Figure 1.20B). The Spycatcher protein was fused to the Lpp-
OmpA hybrid surface display anchor, i.e. the signal peptide and nine N-terminal residues of 
lipoprotein (Lpp) and the transmembrane domain of outer membrane protein A (OmpA). 
CYP102A1 was fused to the SpyTag peptide. Both proteins were produced separately in E. coli, 
after which the SpyCatcher protein and SpyTag peptide form a covalent isopeptide bond, 
thereby coupling CYP102A1 to a membrane anchor post-translationally, and enabling 
translocation to the E. coli surface [255]. 
 
 
Figure 1.20: Two of three strategies for the surface display of CYP102A1 on the E. coli outer membrane. A: The 
recombinant passenger is fused to the C-terminus of the ice nucleation protein (INP) surface anchor. The central 
repeating domain of INP is not required for surface display and can be modulated. B: SpyCatcher-SpyTag method. 
CYP102A1 and the membrane anchor are independently produced and coupled post-translationally for surface 
display (figure taken from [255]).  
For crystallization purposes, efforts were done to obtain a completely soluble enzyme and other 
engineering strategies were used. In order to decrease the hydrophobicity, the N-terminal 
membrane anchor is deleted, either partially or completely and in some cases a hydrophilic 
peptide is added [229], [230]. It has been reported that a proline-rich region is present following 
the N-terminal anchor, which is essential for the correct folding of the protein. The truncations 
should thus leave this region intact [256]. It should also be noted that deletion of the N-terminus 
might lead to loss of activity so care should be taken [229], [230]. Removal of the N-terminus 
alone might not be sufficient as it has been shown that the F-G loop region also interacts with 
the membrane and additional mutations might be required. For example, McDougle et al deleted 
the first 34 amino acids from CYP2J2 and substituted some hydrophobic amino acids in the 
F-G loop with hydrophilic amino acids. Upon substitutions in the F-G loop, more protein was 
retrieved in the cytosol compared to the membrane-truncated construct [257]. The very first 
crystal structure of a microsomal CYP2C5 is a good example of this as well (see 2.3). The 
sequence encoding the N-terminal anchor was removed, the second codon was altered to alanine 
and additional substitutions at the 5’-end were done in order to introduce a restriction site, 
resulting in the N-terminal sequence MAKKTSSKG [258]. Not only the N-terminal anchor was 
truncated, but amino acids within the F-helix and the F-G loop were substituted based on 
alignment with CYP2C3. This resulted in an enzyme, soluble and monomeric in high salt 




SRS regions. In the mutation studies with CYP2C5, they originally substituted residues 201 to 
210 with these from CYP2C3 and observed a loss of activity. To reconstitute activity, some 
amino acids needed to be substituted back to the native residue. The short hydrophilic, 
positively charged peptide MAKKTSSKG was subsequently used for crystallization of other 
CYP2 family enzymes, whether or not including further truncations in the F-G region [260]–
[262]. 
  
After initial production is established, other parameters could be optimized in order to obtain 
high yielding CYP. Frequently co-expression of the chaperones GroES/EL is performed, 
resulting in higher protein yields and 5-ALA is almost always added for increased production 
[229], [230]. Another factor is the choice of vector and host strain. The vectors pCWOri, 
containing a tac promotor, and the commercial pET vector with a the T7 promotor/lac operator 
are often used. In fact, the pCWOri vector appears to be the better choice for CYP production, 
although high yields have been reported with the pET vector as well [229], [230]. Several 
E. coli strains are commercially available and have been used for recombinant CYP production, 
JM109 often appearing as the strain of choice. However, as this strain does not carry a copy of 
phage T7 RNA polymerase, this cannot be used in combination with the pET vector [229], 
[230]. Of interest, high yields were reported as well when using the so-called Walker strain 
C41(DE3), a BL21(DE3) derivative for membrane protein overexpression [229]. Lastly, culture 
parameters could further alter the CYP yield, e.g. temperature, pH, rpm, addition of trace 
elements, point of induction, IPTG concentration, etc. [229], [230]. 
 
2.6.4 Providing the redox partner 
2.6.4.1 Addition of a separate redox partner 
CYPs from class II require one redox partner, i.e. CPR. In some cases an additional redox 
partner is involved, namely cytochrome b5. Eukaryotic expression hosts contain endogenous 
CPR and can sustain heterologous CYP activity. However, endogenous CPR might not be 
sufficient to sustain the overexpressed CYP and therefore, co-expression of the redox partner 
is often applied [229]. In yeast, this has been reported to lead to increased CYP stability [237]. 
In E. coli, no endogenous CPR is present and CPR co-expression is necessary for activity. 
However, it was shown that the endogenous flavodoxin and reductase of E. coli are able to 
reduce class II CYP enzymes [263]. Using whole cells for bioconversion, it has been observed 
that finetuning this co-expression is necessary, both in yeast and E. coli. In natural 
circumstances, CYP and CPR are not present in a 1:1 ratio and CPR sustains multiple CYPs, as 
well as other enzymes. In the production of artemisin in S. cerevisiae (see 2.1), it proved to be 
advantageous to express cpr from a weaker promotor [132]. Also the production of 
taxadien-5α-ol in E. coli (see 2.1) improved upon increasing the CYP:CPR ratio [129]. 
 
The first choice to select a redox partner for co-expression would be the native CPR redox 
partner. On the other hand, creating a single strain overexpressing one general CPR for the 
production of CYPs from different origins is often done, e.g. in screening systems. For example, 
a S. cerevisiae strain overexpressing its endogenous CPR, was used for a functional screening 




can be found where a reductase domain of a self-sufficient CYP was chosen in order to mimic 
the natural self-sufficient system (see further). However, care should be taken when selecting a 
redox partner. Using heterologous redox partners, it was seen that these could majorly influence 
the activity. For example, a selection of human CYPs were co-expressed in S. pombe with 
human CPR, CPR from the plant Ammi majus and the endogenous CPR from S. pombe. While 
human CPR proved to be the better partner for the CYP3 family, this did not necessarily hold 
true for others. For two human CYPs, they saw that not human CPR but one of the other CPRs 
resulted in the highest activity [264]. Fungal CYP53A19 of F. oxysporum performed best with 
its endogenous redox partner, converting the substrates benzoic acid, 3-methoxybenzoic acid 
and 3-hydroxybenzoic acid. Both benzoic acid and 3-methoxybenzoic acid, but not 
3-hydroxybenzoic acid, were converted when using S. cerevisiae CPR and only benzoic acid 
was hydroxylated in combination with C. albicans CPR [265]. In another example, Chang et al 
reported that fusion of the fungal CYP57B3 from Aspergillus oryzae to the reductase domain 
of CYP102A1 mainly resulted in 6-hydroxydaidzein. When using the native redox partner, 
production of 8-hydroxydaidzein was reported and with the CPR from S. cerevisiae, a 
3’-hydroxyl derivative was produced [266]. A remarkable example, be it not from a class II-
type CYP, is given by Zhang et al, who observed that separately adding the reductase domain 
of the class VII CYP116B2 to the bacterial CYP MycG resulted in a completely different 
reactivity [267].  
 
In CYP characterization studies, CPR enzymes can be added separately, either isolated from 
their natural host or recombinantly produced and purified. Similar to CYP, CPR is a membrane 
protein, integrated in the microsomes with an N-terminal anchor. However, the hydrophobicity 
of the enzyme is lower than CYP and deleting this anchor appears sufficient to obtain a soluble 
enzyme. There is still some controversy about the function of this anchor, as discussed before.  
 
2.6.4.2 Chimeric constructs 
Inspired by the high catalytic activity of the self-sufficient CYP102A1 from B. megaterium, 
together with the high coupling efficiency, many chimeric enzymes have been constructed, 
fusing a microsomal CYP with a microsomal CPR (Figure 1.21A). In this way, the heme, FMN 
and FAD domain are found in the same polypeptide chain, eliminating the need for two separate 
enzyme partners. Only NADPH and the substrate need to be added in this case. The very first 
example of such a construct was produced in 1987 by Murakami et al [268], where rat CYP1A1 
was fused to rat CPR using a short (three amino acids) linker. The CPR was N-terminally 
truncated in order to remove the membrane anchor, 56 amino acids were removed in accordance 
to the trypsin digested construct for crystallization (see 2.5). CYP was not N-terminally 
modified and expression was performed in S. cerevisiae. Both the isolated microsomes and the 
purified chimer showed to be active. The same group extended its research by making fusion 
constructs between bovine CYP17A1 and S. cerevisiae CPR, where they tested alternative CPR 
truncations with or without a three amino acid linker. The CPR where only part of the 
N-terminus, cleaved of by papain digest, was removed, proved to be the most active construct 
[269]. The group of Estabrook used the same approach to construct chimers between 




also the N-terminus of CYP was modified in order to enable E. coli expression. This group and 
others continued to make other constructs using similar approaches, which have been reviewed 
comprehensively in [271]. Varying success has been achieved with this approach. Some 
chimers indeed showed increased activity upon purification together with good coupling 
efficiencies. However, not all chimers were equally successful. Lipid and detergent addition 
was required for activity and cytochrome b5 was necessary for increased coupling efficiency in 
several cases. Due to the necessity of cytochrome b5 in some instances, three-protein-fusions 
have been created as well [272]. Next to the mammalian chimers, also other fusion proteins 
using class II CYPs have been constructed, e.g. between Thlaspi arvensae CYP71B1 and 
Catharanthus roseus CPR and between C. roseus CYP71D12 and its CPR [271]. The recent 
example of CYP52M1 from S. bombicola fused to CPR from A. thaliana in an engineered 
S. cerevisiae strain for OHFA production further illustrates how creating a chimeric construct 
can improve catalytic properties. Of note, the heterologous redox partner CPR from A. thaliana 
resulted in higher conversion yields over the homologous redox partner [58]. 
 
    
Figure 1.21: Different approaches for the construction of a self-sufficient CYP. A: fusion of the class II CYP to a 
class II redox partner CPR. B: fusion of the reductase domain of a natural self-sufficient CYP to a class II CYP. 
C: Protein engineering of a natural self-sufficient CYP. 
Another approach was proposed by Gilardi et al, where a so-called molecular lego method was 
applied [273]. Instead of fusing microsomal CYPs to a microsomal redox partner, the reductase 
domain of CYP102A1 was introduced C-terminally of a truncated CYP (Figure 1.21B). This 
technique showed to be successful in creating a self-sufficient system for several mammalian 
microsomal CYPs and no additional proteins were needed. On top, solubility was increased and 
the enzyme was active in the absence of detergents and lipids [271]. Further studies showed the 
importance of the linker regarding coupling efficiency, catalytic activity and substrate binding 
[274], [275]. It was seen that using a longer five glycine-residue linker resulted in improved 
properties. The reductase domain of CYP116B2 of class VII has emerged as a possible fusion 
partner as well (Figure 1.21B). This was already exemplified in the ω-hydroxylation of FAs by 
the bacterial CYP153 and showed promise for bacterial CYPs [276]. This reductase domain 
showed to support the activity of eukaryotic CYPs upon fusion as well [277].  
 
On the one hand, artificial chimers can be constructed. On the other hand, natural chimers could 
be used in biotechnological applications, as self-sufficient CYPs have been identified 
throughout the years. These have been reviewed more recently in [137]. Current research thus 
also focusses on engineering these natural chimers (Figure 1.21C), either by rational design or 
directed evolution in order to obtain foreseen activity and selectivity. This has been exemplified 
by engineering CYP102A1 to enable selective ω-oxidation of FAs (see 1.2.2).    




2.6.4.3 Other electron delivery systems 
In both approaches described above, obtaining high coupling efficiencies remains challenging. 
Additionally, NADPH is required in stoichiometric amounts, unless cofactor regeneration is in 
place. Cofactor regeneration is established metabolically in whole-cell biocatalysts and some 
enzymes have been put forward for in vitro cofactor regeneration (see further). Other ways of 
circumventing the need for NADPH and/or a redox partner in CYP catalysis have been 
investigated. 
 
A first example has already been mentioned before (see 2.4), i.e. making use of the peroxide 
shunt pathway. In this case, instead of using oxygen together with electron delivery from 
NAD(P)H, hydrogen peroxide is used by CYP. The high spin species formed upon substrate 
binding is then immediately converted to the ferric hydroperoxo intermediate Compound 0. 
Also other so-called oxygen surrogates were applied in this context, such as iodosylbenzene, 
sodium chlorite, cumene hydroperoxide and m-chloroperbenzoic acid [176], [278]. Remember, 
m-chloroperbenzoic acid was used in order to spectroscopically characterize Compound I 
(see 2.4). Several examples are found in which mammalian CYPs could use one or more of 
these oxygen surrogates [279]–[282]. However, stability issues and heme inactivation arises 
when using hydrogen peroxide. Additionally, most CYPs need to be mutated in order to use 
oxygen surrogates in an efficient way. The group of Frances Arnold, for example, created a 
CYP102A1 mutant by directed evolution, able to use hydrogen peroxide for the hydroxylation 
of p-nitrophenoxydodecanoic acid, FAs and styrene [283]. Notably, some CYPs evolved to be 
actual peroxygenases and use hydrogen peroxide as the oxidant [278].  
 
An electrochemical approach where CYPs are immobilized on electrodes, serves as a potential 
alternative. Electrodes can deliver electrons directly to the heme. In order to do this efficiently, 
the electrode surface is best engineered. Different electrode materials have been used, such as 
graphite, glassy carbon, gold and other metals. Many surface modifications have been applied 
for enzyme immobilization. The surface has been coated with surfactants, polymers, gold 
nanoparticles and self-assembled monolayers. Stable vesicular phospholipid dispersions have 
been used in order to create a lipid film and microsomes have been immobilized on the 
electrodes. The immobilization strategy, involving also enzyme orientation, the use of spacers, 
etc, greatly affects the stability and selectivity of the enzyme. Also protein engineering has been 
proposed and the chimeric constructs, as described above, have been applied [284], [285]. This 
electrochemical approach is of particular interest in the context of biosensors [286]. However, 
heme reduction by the electrode was stated to be insufficient in context of industrial biocatalysis 
and issues concerning CYP stability upon electrode fixation need to be solved [122]. 
 
More recently, light-driven electron delivery has been put forward as a promising strategy. The 
idea is that a photosensitizer transfers light energy to the chemical reaction for electron supply. 
Different photosensitizers have been under investigation in CYP catalysis; quantum dots, 
deazaflavins, isoalloxazine flavins riboflavin, FAD and FMN, eosin Y, Ru(II)-diimine 
complexes and photosystem I (remember redirecting the metabolic pathway to the chloroplast 




way. Firstly, some photosensitizers transfer electrons to oxygen, resulting in peroxide which 
than continues through the peroxide shunt pathway. Secondly, photosensitizers deliver 
electrons to the heme via a redox partner. Thirdly, no redox partner is involved an the 
photosensitizer directly reduces the heme group. These light-driven reactions have recently 
been reviewed in [287]. Such systems still require a lot of optimization regarding the stability 
and activity of the CYP enzymes and in case of the direct heme reduction, coupling efficiency 
needs to be optimized as well.  
 
2.6.5 Cofactor regeneration 
To be able to use CYPs on an industrial scale, cofactor regeneration is required. In CYP 
biocatalysis, several alternative electron delivery systems have been investigated in order to 
circumvent the need for NAD(P)H, as discussed above. An additional advantage of many of 
these systems is the fact that often no redox partner is required. However, none of these 
alternative electron delivery systems has yet found its way to industrial application and for 
cofactor regeneration on an industrial scale, enzymatic regeneration is still the most common 
approach [120], [122]. 
 
Cofactor regeneration is established metabolically in whole-cell biocatalysts and this is one of 
the reasons why whole-cell bioconversion is mostly applied in case of CYP-mediated catalysis. 
However, intracellular NADPH levels can become rate limiting when CYPs are highly active. 
To overcome this limitation, cofactor regeneration systems are co-expressed. In several cases, 
glucose dehydrogenase (GDH) has been co-expressed with engineered CYP102A1 enzymes, 
for example in [288], [289]. 
 
For in vitro applications, cofactor regeneration is a must and several dehydrogenases have been 
used for this purpose. Glucose-6-phosphate dehydrogenase (G6PDH) has a high specific 
activity and is highly selective for the phosphorylated cofactor NADP+. G6PDH is used 
frequently for cofactor regeneration on a laboratory scale [290], [291]. However, the substrate 
glucose-6-phosphate (G6P) is expensive and therefore G6PDH is not of use on an industrial 
scale. Alcohol dehydrogenase (ADH) was proposed as a useful NADPH regenerating enzyme 
as the alcohol substrate can serve as a solvent for the hydrophobic CYP substrate [290]. For 
example, Kubo et al used the ADH from Thermoanaerobium brockii for NADPH regeneration 
in the epoxidation of terminal alkenes using a mutant CYP102A1 [292]. Alternatively, formate 
dehydrogenase (FDH) is of specific interest for cofactor regeneration on an industrial scale, 
because of the many advantages. The substrate formate is cheap, readily available and 
innocuous to most enzymes. The reaction is irreversible and the formed product CO2 is easily 
removed, thereby not interfering with downstream purification processes. One of the 
disadvantages is that it has a specificity for NAD+ as cofactor. However, protein engineering of 
the FDH from Pseudomonas sp. 101 has resulted in a NADP+-specific FDH, able to recycle 
NADPH in the conversion of β-ionone, octane and naphthalene by CYP102A1 mutants [293]. 
More recently, also phosphite dehydrogenase (PTDH) has gained attention as a cost efficient 
regeneration system. The substrate phosphite is cheap and the reaction is thermodynamically 




NADP+ over NAD+ specificity. Beyer et al showed how fusion of such an engineered PTDH to 
CYP102A1 resulted in a true self-sufficient enzyme, including an efficient cofactor 
regeneration system in the same polypeptide chain [294]. 
 
NADH is less expensive and more stable than NADPH [295]. Additionally, NADH 
regeneration systems are more readily available. This has prompted researchers to investigate 
whether the cofactor specificity of the CYP redox partner could be switched. The self-sufficient 
CYP102A1 proved of value in these investigations as well and Maurer et al successfully 
engineered the reductase domain of CYP102A1 in order to accept NADH instead of NADPH 
[296]. 
 
2.6.6 Immobilization for in vitro application 
Industrial application of CYPs of class II is now limited to whole-cell bioconversion approaches 
for several reasons such as enzyme instability and their requirement for redox partner(s) and 
cofactor. Using a whole-cell biocatalyst comes with some disadvantages as well which already 
emerged during the discussion of DCA production by fermentation. Interfering enzymes and 
pathways might be present, resulting in unwanted side reactions and/or byproducts. The 
substrate and/or product can be toxic for the cells. Moreover, limitations regarding substrate 
uptake and/or product secretion occur. Many strategies have been investigated in order to 
overcome these disadvantages. Strain engineering can be performed to knock out unwanted 
side reactions, transporters can be introduced, cells can be permeabilized for increased substrate 
uptake, a two-phase system can be set up, etc. [120]. Alternatively, an in vitro cell-free approach 
delivers a solution to these disadvantages. This offers an additional advantage for 
implementation in chemical industries, as whole-cell biotransformation requires specialized 
equipment, not readily available in chemical industry. In case of in vitro biocatalysis, no such 
equipment is necessary. Unfortunately, CYPs are known to be unstable in a soluble form. 
Immobilization of an enzyme for increased stability is a well-known strategy and also for CYP 
enzymes, immobilization has been explored. Several approaches for immobilization have been 
described in literature, both as a research tool and for biocatalytic application. Immobilization 
on electrodes, described above, is already one example of this. 
 
Eukaryotic CYPs are naturally immobilized in the ER membrane. The isolation of microsomes 
is thus an option in obtaining CYPs for in vitro application in an immobilized form. Indeed, for 
activity assays this is often used. However, microsome preparation is laborious and interference 
of other CYPs limits their use. The technically demanding purification protocol and instability 
also limits their use on an industrial scale [114]. 
 
Early attempts to immobilize class II CYPs were reported to make use of calcium alginate and 
BrCN-activated sepharose 4B for the entrapment of S. cerevisiae CYP [297]. Maurer et al 
showed that sol-gel matrix could be used for the immobilization of CYP102A1 together with 
FDH for cofactor regeneration. Improved stability was observed, tested over a period of 
30 days, and catalyst recycling was achieved [293]. Co-immobilization of CYP102A1 and the 




accomplished this by fusing a binding module Zbasic2 to both CYP102A1 and GDH for 
immobilization on an anionic sulfopropyl-activated carrier (ReliSorb SP) [298]. In another 
study, plant CYP71B1 and its CPR were fused and incorporated in colloidal liquid aphrons (oil-
in-water macro-emulsion) and showed a 10-fold improved activity [299].  
 
In membrane protein research, detergent solubilization and the incorporation in liposomes has 
long been established. CYP and CPR, being integral membrane proteins, have been 
incorporated in phospholipid vesicles for functional assays [300], for example for the 
investigation of membrane composition on enzyme function [301]. More recently, so-called 
Nanodiscs have emerged as an alternative to these detergent micelles and liposomes. These 
Nanodiscs are lipid bilayers, discoidal in shape, encircled by an amphiphatic belt (Figure 1.22). 
This belt is formed by helical scaffold proteins, derived from apolipoprotein A-I. These 
membrane scaffold proteins can be adjusted as a way of tuning the particle size. Nanodiscs are 
monodisperse, reproducible and relatively robust and stable [302]. They have found their way 
in CYP and CPR research, which has been reviewed in [303] and more recently in [304].  
 
 
Figure 1.22: Nanodisc, a dicoidally shaped lipid bilayer, encircled by an amphiphatic belt (figure taken from 
[304]). 
Many microorganisms have been reported to produce polyhydroxyalkanoates (PHA), of which 
polyhydroxybutyrate (PHB) is the most abundant polyester. These compounds are produced for 
storage of carbon and energy. PHAs are found intracellularly as granules, surrounded by a layer 
of proteins and phospholipids [305]. Lee et al found that CYP102A1, fused to the PHB-
associated protein phasin, was incorporated at the granule membrane surface in E. coli (Figure 
1.23). This PHB-immobilized CYP102A1 showed increased yield and stability over the free 
enzyme [306]. The group of Hannemann used Bacillus megaterium as a recombinant host for 
the expression of the mitochondrial CYP11A1 and showed the enzyme to be localized at the 
surface of the PHB granule, without a phasin-tag. The enzyme was active and showed a 
significantly increased stability, leading to the first mammalian CYP to be lyophilized [307]. 
Although this does not concern class II CYPs, it might serve as an immobilization carrier for 
microsomal CYPs as well. 
 
Figure 1.23: Polyhydroxybutyrate, here indicated as P(3HB), granule, isolated from E. coli. CYP102A1 is 
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This PhD was started as part of the project Enzymes for Added Sustainability and Efficiency 
(EnzymASE). The project was funded by The Flemish Agency for Innovation and 
Entrepreneurship (VLAIO) and supported by Catalisti. EnzymASE is a cooperation between 
different industrial partners and knowledge centres, including Ghent University. Its aim is to 
develop enzymes and corresponding biocatalytic processes for a variety of applications; novel 
enzyme tools, feed additives, coatings and adhesives. One of the industrial partners was 
interested in saturated long-chain α,ω-DCAs for the use in repellent materials. Developing a 
sustainable production process for these compounds was known to be challenging and was 
therefore presented as a PhD project. Long-chain α,ω-DCA production is not only of interest in 
this specific application. In a broader context, these compounds are of value as a monomer in 
polyamides and polyesters and as precursors for pharmaceuticals, perfumes, lubricants, 
adhesives, plasticizers, powder coatings and corrosion inhibitors. Using long-chain α,ω-DCAs 
gives attractive properties to the polymers compared to currently used short-to-medium-chain 
DCAs, such as decreased water absorbance, which affects stability and mechanical 
performance, and more polyethylene-like properties are obtained, i.e. higher melting 
temperatures and a higher tendency to crystallize. Moreover, these long-chain DCAs can lead 
to entirely new polymers. 
 
Two different processes are in place in industry for the production of long-chain α,ω-DCAs. 
Chemical conversions are industrialized, of which only the metathesis of monounsaturated FAs 
delivers long-chain α,ω-DCAs. This chemical conversion process is accompanied with a 
number of disadvantages. Byproduct formation occurs by cross-metathesis reactions when the 
substrate is a mixture of monounsaturated FAs, and by isomerization. This leads to an extensive 
purification process, elevating the costs. Only half of the FA substrate is included in the final 
product and expensive rare catalysts are used for the chemical conversion, which cannot be 
recovered and contaminate the final product. Lastly, saturated DCAs are of specific interest in 
this project so this chemical conversion would require an extra hydrogenation step. Many of 
these disadvantages are overcome in the second production process in industry, that is the 
fermentation process using Candida viswanathii. Unfortunately, this organism is classified as 
pathogenic in Europe (risk group class two) and the necessary safety precautions that need to 
be taken, leads to increased prices. Additionally, both approaches are protected by patents 
[308], [309]. A sustainable production process was pursued, which is not only lower in costs, 
but is also more flexible and yields products with higher purity and consistency. An in vitro 
approach was of specific interest. This circumvented issues regarding substrate uptake 
limitations of long-chain FAs and unwanted side reactions in the cellular environment (e.g. 
degradation of FAs and DCAs via β-oxidation and the inclusion of FAs in lipid bodies), 
encompassed in fermentative approaches. Furthermore, often higher productivities are obtained 
in an in vitro process and products do not need to be recovered from the complex fermentation 
broth, enabling higher purities. Additionally, integration of a biocatalytic process in established 
chemical companies is more straightforward, as they have little know-how on fermentative 
production processes and huge investments regarding installations would be required for 
fermentation.  
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Two strategies were considered in this dissertation for the development of an in vitro cell-free 
production process (Figure 2.1A and B, respectively). In a first strategy, the recombinant 
production of a soluble variant of CYP52A13 from the industrial DCA producer C. viswanathii 
was investigated. A soluble enzyme allows for a facilitated implementation in the enzyme 
reactor and provides a flexible system. In a second strategy, in vivo immobilization of the same 
biocatalyst on the surface of Escherichia coli-derived outer membrane vesicles (OMVs) was 
explored. It was hypothesized that immobilization on these OMVs would enhance enzyme 
stability. Moreover, OMVs might be recovered after biocatalysis for recycling, important for 
reducing the costs of the overall production process. In both strategies, the production of a self-
sufficient CYP was pursued. Creating a chimeric construct where both the CYP and the redox 
partner CPR are encoded in the same polypeptide chain, eliminates the necessity of producing 
two individual enzymes. Additionally, it has been reported that fusing CYP and CPR can 
significantly enhance the coupling efficiency. Furthermore, cofactor regeneration using FDH 
was addressed. As NADPH is an expensive cofactor, large-scale application of this system 
would not be feasible if the NADPH has to be added in stoichiometric amounts. FDH was 
chosen as it is irreversible, requires an inexpensive co-substrate and the formed CO2 is inert and 
can be easily removed. 
 
   
Figure 2.1: Proposed in vitro systems. A: soluble self-sufficient CYP, produced in P. pastoris. B: self-sufficient 
CYP, produced in E. coli and displayed on E. coli-derived outer membrane vesicles (OMV). Cofactor regeneration 
is pursued by recombinantly producing the FDH from Burkholderia stabilis. 
The first experimental chapter (chapter 3) describes the recombinant production of a soluble 
self-sufficient CYP using the heterologous host Pichia pastoris. On the one hand, both 
CYP52A13 and CPR-a were produced separately in a soluble and secreted form, after which a 
chimeric construct was made. On the other hand, the nontruncated CYP52A13 was produced, 
intended for optimization of the chimeric construct in the native ER environment, before 
continuing to further solubilization efforts. The second experimental chapter (chapter 4) reports 
the search for an in vivo immobilization strategy using OMVs. The natural self-sufficient 
CYP102A1 from Bacillus megaterium was used as a model self-sufficient CYP in order to 
deliver a proof-of-concept. In a next step, the self-sufficient CYP52A13 was first surface 
displayed and subsequently displayed on OMVs. The third chapter (chapter 5) then focusses on 
the recombinant production of FDH for cofactor regeneration. The NADP+-dependent FDH 
from Burkholderia stabilis was selected for recombinant production in two different hosts, i.e. 
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Abstract 
Long-chain α,ω-dicarboxylic acids (DCAs) are valuable chemical compounds with many 
applications, e.g. as a monomer in polyamides and polyesters. Unfortunately, only a limited set 
of long-chain DCAs is commercially available, produced either by chemical conversion of fatty 
acids (FAs) through metathesis or by fermentation using Candida viswanathii. Moreover, both 
processes come with several disadvantages so an alternative long-chain DCA production 
process was pursued in this dissertation. Cytochrome P450 monooxygenases (CYPs) are 
versatile enzymes with a potential in a variety of synthetic biology applications. The ability to 
introduce one oxygen atom from molecular oxygen in a non-activated C-H bond while the other 
oxygen atom is reduced to water, makes them attractive biocatalysts. In addition, they are able 
to perform these reactions in mild reaction conditions and often exhibit high regio-, chemo- 
and/or stereoselectivity. A number of CYPs are reported to regioselectively hydroxylate the 
terminal chain position of FAs and overoxidation to the corresponding DCA has been reported. 
From these, CYP52A13 from C. viswanathii was selected and it was investigated if it was 
feasible to create an enzyme reactor for long-chain α,ω-DCA production. To this end, both 
CYP52A13 and the redox partner CPR-a were truncated in order to produce them either 
individually in a separate host or as one chimer in a soluble and secreted form. In parallel, a 
nontruncated form of CYP52A13 was produced in Pichia pastoris, intended for optimization 
of the biocatalyst. Unfortunately, low yields were obtained and activity towards the substrate 
oleic acid could not be confirmed. However, adding an N-terminal tag led to increased CYP 
yields and showed to support secretion to the medium, unveiling a potential approach for the 
development of CYP based reactor systems.   
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Long-chain α,ω-dicarboxylic acids (DCAs) are valuable chemical compounds with applications 
as a monomer in polyamides and polyesters and as precursors for pharmaceuticals, perfumes, 
lubricants, adhesives, plasticizers, powder coatings and corrosion inhibitors [1]–[3]. Today, 
only a limited set of long-chain DCAs is commercially available [1]–[3]. Two production 
processes are in place in industry, i.e. a chemical conversion of fatty acids (FAs) by metathesis 
[13] and a fermentation process using (engineered strains of) the opportunistic pathogen 
Candida viswanathii [26]. Both processes come with a number of disadvantages and the market 
price is elevated. As the use of long-chain DCAs is increasing, there is a demand for alternative, 
cost-effective production processes [1]–[3]. 
 
Cytochrome P450 monooxygenases (CYPs) are versatile enzymes with a great potential in a 
variety of synthetic biology applications [120]–[124]. CYPs contain a b-type heme group, 
linked to the enzyme via a strong bond between the heme iron and a conserved cysteine residue. 
The structure around this heme is highly conserved. This is in line with their common catalytic 
mechanism, where they introduce one oxygen atom from molecular oxygen in a non-activated 
C-H bond while the other oxygen atom is reduced to water [146], [169]. This reaction is difficult 
to achieve by conventional chemical routes, which often require harsh conditions using rare 
metal catalysts. In contrast, CYPs are able to perform these reactions in mild reaction conditions 
and often exhibit high regio-, chemo- and/or stereoselectivity, making them attractive 
biocatalysts [120]–[124]. Even though all CYPs share the same unique P450 fold, consisting of 
a helix-rich α-region and a helix-poor β-region, some sites show high structural flexibility, 
enabling a high variability of substrates within this superfamily [146], [169]. 
 
A number of CYPs have been reported to selectively hydroxylate alkane and/or FA substrates 
at the ω-position, i.e. the ER-bound fungal CYP52 family, mammalian CYP4 family and plant 
CYP76, CYP78, CYP86, CYP94 and CYP96 families. Also the soluble bacterial CYP153 
family has been shown to perform this ω-hydroxylation [71]. Furthermore, ω-oxidizing CYPs 
(ER bound), other than the CYP52 family, were identified in filamentous fungi, such as 
CYP539A7 and CYP655C2 from Fusarium oxysporum [114]. A number of these CYPs have 
been investigated in the context of industrial DCA production. Fermentation processes have 
been the main focus in this field thus far, with the CYPs either expressed in their natural 
(engineered) host or in a heterologous host [2], [3]. This is primarily due to the fact that they 
require a redox partner and the cofactor NAD(P)H which can be delivered by the host. 
Moreover, reactive oxygen species (ROS) are often formed during CYP catalysis and the 
cellular environment contains enzymes able to decompose these species [120], [122]. However, 
fermentation comes with some disadvantages. Strain engineering is necessary in all cases in 
order to delete the β oxidation pathway, which is not always that straightforward. Substrate 
uptake as well as secretion of the end product can be a major limiting factor, especially when 
long-chain DCAs are of interest. Additionally, toxicity of the substrate and/or product also can 
occur, e.g. in the case of medium-chain FAs [2], [3].    
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Aforementioned disadvantages could be overcome by applying an in vitro approach where a 
purified enzyme could be introduced in a reactor system. Based on the fact that yields obtained 
by fermentation using the yeast C. viswanathii are unmatched until today, enzymes from this 
species were selected to develop an enzyme-based approach to synthesize long-chain 
α,ω-DCAs, which are the most challenging to produce. Craft et al showed that the genes 
encoding CYP52A13 and CYP52A17 were induced upon oleic acid addition in C. viswanathii 
[23]. Eschenfeldt et al then showed that both CYP enzymes were able to oxidize the longer 
oleic acid substrate and overoxidation to the corresponding DCA was observed. CYP52A17 
has a broader substrate specificity with a preference towards shorter chain saturated FAs, 
whereas CYP52A13 is more selective towards the longer chains [24]. Therefore, CYP52A13 
from strain ATCC 20336 (formerly classified as C. tropicalis) was chosen for recombinant 
production in the heterologous host Pichia pastoris. CYP52A13 requires the redox partner 
NADPH-dependent cytochrome P450 reductase (CPR), and is thereby classified as a class II-
type CYP, according to Hanneman et al [134]. The genome of C. viswanathii (ATCC 20336) 
contains two allelic variants coding for CPR, i.e. cpr-a and cpr-b. He and Chen determined the 
nucleotide sequences of two cpr variants in C. tropicalis strain 1230 and the allelic variants 
show high similarity (96.6 % identity between the ORFs). The two respective protein products, 
CPR-a and CPR-b, display 98.7 % amino acid sequence identity and their activity proved to be 
similar. They inferred that these nucleotide sequences were the same as the sequence of the 
allelic genes from C. viswanathii ATCC 20336 [310]. CPR-a was chosen for heterologous 
expression, as this variant was used by Eschenfeldt et al for supporting CYP52A13 and 
CYP52A17 activity [24]. Both CYP52A13 and CPR-a are bound to the ER membrane with an 
N-terminal anchor. Although P. pastoris contains the required organelle being an eukaryotic 
microorganism, it was of interest to obtain the enzymes in a soluble and secreted form, enabling 
a facilitated implementation in a reactor system. 
 
The yeast P. pastoris was chosen for recombinant production and secretion of the enzymes as 
this offers several advantages. The yeast can be easily cultivated on inexpensive media and 
molecular techniques are well established. P. pastoris fermentation processes on an industrial 
scale are already developed long-time, first being cultivated as single cell protein in the 1970s 
by Philips Petroleum and since the 1980s used as a recombinant protein production host. 
Furthermore, the yeast possesses the GRAS status (Generally Regarded As Safe). It is a 
Crabtree negative microorganism, allowing for growth to high cell densities and heterologous 
expression is tightly controlled using the AOX1 promotor, which is also highly inducible. 
Lastly, the P. pastoris has a high secretory capacity. Little endogenous protein is secreted so 
secretion to the medium already serves as a first purification step, greatly facilitating subsequent 
downstream processing [311]–[314]. 
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On the one hand, both CYP52A13 and its redox partner CPR-a were truncated in order to 
produce both enzymes either individually in a separate host or as one chimer in a soluble and 
secreted form. On the other hand, a nontruncated form of CYP52A13 was produced in 
P. pastoris, intended for optimization of the chimer and of the enzymatic assays. Unfortunately, 




Figure 3.1: Flowchart of Chapter 3, illustrating the rationale of the different experiments.   
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2 Material and methods 
2.1 Materials 
All chemicals were purchased from Sigma-Aldrich, unless specified otherwise. 
 
2.2 Strains and media 
For cloning and plasmid amplification in Escherichia coli, either XL1-blue (Agilent) or DH5α 
(New England Biolabs (NEB)) was used. E. coli cells were grown in low-salt Luria-Bertani 
(LSLB) medium, including 50 µg/ml Zeocin™ (InvivoGen). LSLB consists of 0.5 % (w/v) 
NaCl (Merck), 0.5 % (w/v) yeast extract (Lab M) and 1 % (w/v) tryptone (Lab M). For agar 
plates, 1.5 % (w/v) agar (Lab M) was included. In case of CPRnt_pAO815, LB medium was 
used, containing 1 % (w/v) NaCl instead of 0.5 % (w/v) and including 100 µg/ml carbenicillin 
(Cb) (Gold Biotechnology). 
 
Recombinant protein production was performed in the P. pastoris (also known as Komagataella 
phaffii) strain NRRL-Y-11430 (kindly provided by Prof. Nico Callewaert (VIB, Ghent 
University)). Alternatively, a HAC1 co-expressing strain was used, where an expression 
construct for the spliced form of HAC1 was transformed in P. pastoris, as described elsewhere 
[315]. This strain was kindly provided by Prof. Nico Callewaert (VIB, Ghent University). For 
the agar plates and precultures, yeast extract peptone dextrose (YPD) medium, including 
100 µg/ml Zeocin™ (InvivoGen) was used. In case of HAC1 co-expression, 300 µg/ml 
Hygromycin B Gold (InvivoGen) was included as well. YPD consists of 1 % (w/v) yeast extract 
(Lab M), 2 % (w/v) peptone (BD), 2 % (w/v) glucose, including or excluding 1.5 % (w/v) agar 
(Lab M), respectively. The growth phase was performed in buffered glycerol-complex medium 
(BMGY), consisting of 1 % (w/v) yeast extract (Lab M), 2 % (w/v) peptone (BD), 100 mM 
potassium phosphate buffer, pH 6, 1.34 % (w/v) yeast nitrogen base (YNB, Formedium) and 
1 % glycerol (v/v). The expression phase was performed in buffered methanol-complex 
medium (BMMY). The composition is the same as for BMGY, except that 1 % methanol (v/v) 
(VWR) is added instead of 1 % glycerol. 
 
2.3 DNA constructs 
For both CPR-a and CYP52A13 from C. viswanathii, a truncated form, further referred to as 
CPRtr and CYPtr, respectively, was designed as described below. Codon optimization, gene 
synthesis and cloning was outsourced and performed by GenScript. The constructs were cloned 
into the vector pPICZαB in frame with the α-factor secretion signal in between the restriction 
sites PstI and SalI, present in the multiple cloning site of pPICZαB. The C-terminal Histag in 
the vector was excluded by keeping the stop codon. The constructs are denoted as CPRtr_ 
pPICZαB and CYPtr_pPICZαB, respectively. The expression vectors and codon optimized 
sequences are found in Addendum. 
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CPR-a was truncated in a similar fashion as described by Venkateswarlu et al for the truncation 
of the homologous CPR of S. cerevisiae (yCPR) [316]. Both protein sequences were aligned 
and the same region was deleted, up until the Phe36 (Figure 3.2). The artificial sequence used 
by Lamb et al [193], i.e. a Histag of six histidines, preceded by four and followed by 15 amino 
acids, which contained a thrombin cleavage site (MGSSHHHHHHSSGLVPRGSHMLDIM), 
was added N-terminally and the residues Met and Ser were added to substitute Phe. A last 
adaption was performed, as the codon CUG encodes Ser instead of Leu in C. viswanathii [24]. 
Therefore, this codon was modified for heterologous expression in P. pastoris. 
 
 
Figure 3.2: Alignment of C. viswanathii CPR-a (tr|Q66T17|Q66T17_CANTR) to S. cerevisiae yCPR 
(sp|P16603|NCPR_YEAST). Only the N-terminus is shown. The arrows indicate the site of truncation. 
CYP52A13 was N-terminally truncated according to the secondary structure prediction 
obtained using Phyre2 [317]. 99 % of the residues were modelled at more than 90 % confidence. 
However, the first seven residues were modelled ab initio, leaving uncertainties about the 
reliability of the predictions for this part of the protein. An N-terminal helix is formed by the 
first 40 amino acids and includes the transmembrane helix (Figure 3.3). It was decided to delete 
this helix, up until Tyr38. The N-terminal tag described for CPR was included at the 
N-terminus. Additionally, some unconserved phenylalanine residues near the N-terminus were 
substituted in order to decrease overall hydrophobicity. Alignment to CYP52A12 from 
C. viswanathii, also induced upon oleic acid addition [23], and to CYP52A9 from C. maltosa, 
able to terminally oxidize oleic acid [44], was performed (Figure 3.4). Following substitutions 
were made based on this alignment: F45V, F46T, F54T and F56I. The final polypeptide chains 
of both CYPtr and CPRtr are shown schematically in Figure 3.5. 
 
 
Figure 3.3: N-terminus CYP52A13 – secondary structure and disorder prediction using Phyre2 [317]. The arrow 
indicates the site of truncation. 
 
Figure 3.4: Alignment of C. viswanathii CYP52A13 (tr|Q874J4|Q874J4_CANTR) to C. maltosa CYP52A9 
(sp|Q12586|CP52I_CANMA) and C. viswanathii CYP52A12 (tr|Q874J5|Q874J5_CANTR). Only the N-terminus 
is shown. The arrows indicate the amino acids that were substituted. 
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The gene encoding the nontruncated CYP52A13 (CYPnt) was codon optimized, synthesized 
and cloned in the vector pPICZA in between the restriction sites XhoI and SalI, present in the 
multiple cloning site of pPICZA, by GenScript. The C-terminal Histag in the vector was 
excluded by keeping the stop codon. The gene encoding the nontruncated CPR-a (CPRnt) was 
codon optimized, synthesized and cloned in the vector pAO815 at the EcoRI restriction site, 
present in the multiple cloning site of pAO816, by GenScript. The codon CUG was modified 
in the nucleotide sequence as this codon encodes Ser instead of Leu in C. viswanathii. The 
constructs are denoted as CYPnt_ pPICZA and CPRnt_pAO815, respectively. The expression 
vectors and codon optimized sequences are found in the Addendum. The final polypeptide 
chains are shown schematically in Figure 3.5. 
 
 
Figure 3.5: Schematic representation of polypeptide chains, as ordered from GenScript. The upper figures show 
the truncated CYP52A13 and CPR-a. The α-factor secretion signal is present in the vector pPICZαB and the 
sequence encoding CYPtr and CPRtr were cloned in frame. This secretion signal is processed and cleaved off in 
the secretory pathway. The N-terminal membrane anchor was removed and an artificial N-tag was added 
(MGSSHHHHHHSSGLVPRGSHMLDIM). The lower figures show the nontruncated CYP52A13 and CPR-a, 
where the N-terminal membrane anchor was not removed. In case of CPR-a, the stopcodon was removed in order 
to add the Histag, present in the pAO815 expression vector. 
2.4 Molecular cloning 
All restriction enzymes were purchased from NEB. PCR amplification for cloning purposes 
was performed with the Phusion® High-Fidelity DNA Polymerase from Thermo Scientific. For 
colony PCR, the Taq DNA Polymerase from Qiagen was used. All primers were synthesized 
by Integrated DNA Technologies. PCR products were purified using the SpinPrep™ PCR 
Clean-Up Kit (Novagen). Gel purification was performed with the Wizard® SV Gel and PCR 
Clean-Up System (Promega). For ligation, the T4 DNA ligase was purchased from Promega. 
 
For molecular cloning creating the CYPtrCPRtr chimeric constructs (Figure 3.6), two different 
approaches were followed. In a first approach, the CPRtr_ pPICZαB vector was PCR amplified, 
using the primers ForCPRtr_NdeItoNheI and RevCPRtr_NdeItoNheI (Table 3.1), resulting in 
a linearized product. The N-terminal tag was excluded and a NheI restriction site was included 
in the forward primer to replace the NdeI restriction site from this tag-encoding sequence. cyptr 
was PCR amplified from the CYPtr_pPICZαB vector, using the primers ForCYPtr_fusionPCR  
and RevCYPtr_fusionPCR (Table 3.1). The reverse primer included a sequence encoding a 
glycine-rich linker. PCR amplified products were purified. Subsequently, a PstI-NheI double 
digest was performed, after which the digested products were gel purified. The cyptr insert was 
ligated into the linearized vector CPRtr_ pPICZαB. 4 µl of the ligation mixture was added to 
80 µl electrocompetent DH5α cells for transformation by electroporation. Transformants were 
selected on LSLB medium including 50 µg/ml Zeocin™ (InvivoGen). In a second approach, 
fusion PCR was applied. In a first step, cyptr and cprtr were PCR amplified from their 
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respective vectors CYPtr_pPICZαB and CPRtr_pPICZαB, using the primer pairs ForCYPtr_ 
fusionPCR-RevCYPtr_fusionPCR and ForCPRtr_fusionPCR-RevCPRtr_fusionPCR (Table 
3.1), respectively. A sequence encoding a glycine-rich linker was included in both the reverse 
primer for cyptr amplification and in the forward primer for cprtr amplification (Table 3.1), and 
the sequence encoding the artificial N-tag was excluded from cprtr. The purified PCR products 
were subsequently fused in a second PCR reaction. 100 ng amplified cyptr was added to an 
equimolar amount of amplified cprtr. The fusion PCR reaction existed of two steps. Firstly, ten 
cycles were executed without primer addition, following a two-step protocol. This was started 
with an initial denaturation of 30 s at 98 °C. Ten cycles of 10 s denaturation (98 °C) and 
extension at 72 °C for 30 s/kb (according to the length of the fusion construct), without an 
annealing step, were performed, finalized by an extension step for 10 min at 72 °C. Secondly, 
the fusion construct was amplified using the common three-step protocol (25 cycles, 10 s 
denaturation at 98 °C, annealing for 30 s and extension at 72 °C), including the primers 
ForCYPtr_fusionPCR and RevCPRtr_fusionPCR (Table 3.1). Both the purified fusion 
construct and an empty pPICZαB vector were digested with PstI and SalI. After gel purification, 




Figure 3.6: Schematic representation of polypeptide chains displaying the different chimeric constructs. (top) The 
sequence encoding the N-tag was removed from CPRtr and CPRtr was fused C-terminally to CYPtr, linked by 
three glycine residues. (middle) The reductase domain of CYP102A1 from Bacillus megaterium (BMR) was fused 
N-terminally to the C-terminus of CYPtr. The natural CYP102A1 linker sequence (AA 459-478 [190]) was used 
to create the chimeric construct. (bottom) BMR, including the natural CYP102A1 linker sequence, was fused N-
terminally to the C-terminus of CYPnt. 
For both the CYPntBMR chimer as well as the CYPtrBMR chimer (Figure 3.6), Circular 
Polymerase Extension Cloning (CPEC) [318], was applied. The sequence encoding the 
reductase domain of CYP102A1, otherwise known as BM3, was amplified from genomic DNA 
of Bacillus megaterium (kindly provided by Prof. Inge Van Bogaert (CSB, Ghent University)) 
using the primers ForBM3_BMRinclLinker and RevBM3_BMR (Table 3.1), and will be 
referred to as BMR. The vector, i.e. CYPnt_pPICZA or CYPtr_pPICZαB, respectively, was 
PCR amplified in order to include the BMR-overlapping sequences, resulting in a linearized 
plasmid. The respective primer pairs ForCYPnt_CPEC BMR- RevCYPnt_CPEC BMR and 
ForCYPtr_CPEC BMR- RevCYPtr_CPEC BMR are shown in Table 3.1. The PCR products 
were gel purified. The bmr gene insert was added in an equimolar amount to 100 ng of the 
respective vector for subsequent CPEC. The reaction was carried out in 25 µl, containing 1X 
Phusion HF Buffer, 0.4 mM dNTPs, 3 % (v/v) dimethyl sulfoxide (DMSO) and 1 U Phusion® 
High-Fidelity DNA Polymerase, next to the insert and vector DNA. After an initial denaturation 
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of 30 s at 98 °C, 15 cycles of 10 s denaturation at 98 °C, 30 s annealing at 55 °C and extension 
at 72 °C for 15 s/kb (according to the length of the fusion construct), were performed. The 
reaction was concluded with a final extension step for 10 min at 72 °C. Transformation was 
performed as described above. 
 
Table 3.1: Primers used for molecular cloning of the different expression constructs. The hyphen separates the 
nonannealing part of the primer from the sequence annealing to the DNA template. Bold sequences indicate 
introduced overlapping regions between the two inserts (fusion PCR) or between vector and insert (CPEC). 
Underlined sequences mark the restriction sites. 
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Back-to-back primer pairs were designed for the removal of the stop codon in order to include 
the Histag at the C-terminus of both CYPnt and CYPntBMR, denoted in Table 3.1 as 
ForCYPnt_Histag - RevCYPnt_Histag and ForCYPntBMR_Histag - RevCYPntBMR_Histag, 
respectively. Using these primer pairs, the respective expression vectors were amplified, 
excluding the stop codon and replacing the SalI restriction site (preceding the Histag) with the 
NheI restriction site. The PCR product was subsequently digested with NheI, followed by 
ligation and transformation as described above. The same approach was used for the 
introduction of two alternative translation initiation sequences in CYPnt_pPICZA. In case of 
the first alternative sequence, the back-to-back primers ForCYPnt_KozakSeq and 
RevCYPnt_KozakSeq were used, thereby not only introducing an alternative initiation 
sequence, but replacing the XhoI restriction site with a PstI restriction site.  In case of the second 
alternative translation initiation sequence, the back-to-back primers ForCYPnt_TrlInCPRnt and 
RevCYPnt_KozakSeq were used, again replacing the XhoI restriction site with a PstI restriction 
site. Lastly, this approach was used to exclude the Histag from the CPRnt_pAO815 construct. 
The primers ForCPRnt_exclHistag and RevCPRnt_exclHistag were designed to include a 
stopcodon and replace the SalI restriction site (preceding the Histag) with the AvrII restriction 
site. 
 
To remove the PmeI restriction site from the AOX1 promotor in the expression vector 
CPRnt_pAO815, a point mutation was performed based on the QuikChange Site-Directed 
Mutagenesis kit from Agilent with modifications. Primers were designed as described by Zheng 
et al [319]. Instead of the Pfu DNA polymerase, the Phusion® High-Fidelity DNA polymerase 
was used. The 50 µl PCR mixture contained 100 ng plasmid DNA, 1X Phusion HF Buffer, 
0.2 mM dNTPs, 3 % (v/v) DMSO, 1 U Phusion® High-Fidelity DNA Polymerase and the 
primer pair For_SDMPmeI - Rev_SDMPmeI (Table 3.1) to a final concentration of 0.5 µM. 
The same thermocycler program as used in case of CPEC was applied. After PCR, 1 μL DpnI 
(20 U) was added directly to the PCR reaction mixture and incubated for 1 h at 37 °C in order 
to digest the original methylated plasmid. 1 μL of this reaction mixture was then added to DH5α 
chemocompetent cells for subsequent heat shock transformation (30 min incubation on ice after 
DNA addition, 45 s at 42 °C and 2 min on ice). Transformants were selected on LB medium 
including 100 µg/ml Cb (Gold Biotechnology). 
 
For the construction of all CYP-CPRnt co-expression plasmids (CYP being either CYPnt or 
CYPtr) (Figure 3.7), a Golden Gate-inspired approach was used, making use of type IIs 
restriction enzymes. The cyp-containing vector was linearized by PCR using primers including 
a SapI restriction site (ForCYP_GoldenGate and RevCYP_GoldenGate,Table 3.1). The 
complete expression cassette for cprnt expression was amplified and again primers including 
the SapI restriction site were used (ForCPRnt_GoldenGate and RevCPRnt_GoldenGate,Table 
3.1). After PCR, 1 μL DpnI (20 U) was added and incubated for 1 h at 37 °C. Following 
purification of the DpnI-treated PCR products, the assembly reaction was carried out in 15 μl, 
containing 100 ng of the cyp-containing vector and an equimolar amount of the cprnt expression 
cassette insert, 1 μl SapI, 1 μl T4 DNA ligase and 1.5 μl T4 DNA ligase buffer. The assembly 
of the co-expression vector was performed using following thermocycler protocol: 25 cycles 
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alternating between 37 °C for 2 min and 16 °C for 5 min, followed by a final 5 min incubation 
at 50 °C and 5 min at 80 °C. The complete assembly reaction was added to DH5α 
chemocompetent cells for subsequent heat shock transformation (30 min incubation on ice after 
DNA addition, 90 s at 42 °C and 5 min on ice). Transformants were selected on LSLB medium 
including 50 µg/ml Zeocin™ (InvivoGen). 
 
 
Figure 3.7: Expression cassette for the co-expression of cyp (either the truncated or nontruncated variant) and cprnt 
(either including or excluding a Histag). The PmeI restriction site in the AOX1 promotor of cprnt was deleted in 
order to be able to linearize the co-expression vector for efficient integration in the genome of P. pastoris. 
In all cases, the resulting plasmids were evaluated by colony PCR (primers shown in Table 3.2) 
and restriction digest. 
 
Table 3.2: Primers used to evaluate the inserted genes 









2.5 Transformation of constructs in P. pastoris 
Constructs obtained after molecular cloning were amplified in E. coli DH5α. In case of the 
constructs obtained from GenScript, 10 ng of plasmid DNA was transformed in competent 
XL1-blue cells (CYPtr_pPICZαB and CPRtr_ pPICZαB) or in competent DH5α cells 
(CYPnt_pPICZA) by electroporation. Transformed cells were selected on LSLB medium 
including 50 µg/ml Zeocin™ (InvivoGen). All other constructs were transformed as described 
in previous section. Plasmid DNA was purified using the NucleoSpin® Plasmid EasyPure 
(Macherey-Nagel) kit. The plasmid DNA was subsequently linearized with SacI-HF, or PmeI 
in case of the co-expression constructs, after which the DNA was purified using the SpinPrep™ 
PCR Clean-Up Kit (Novagen). For transformation by electroporation, typically 5 µl of 
linearized DNA was added to 80 µl competent P. pastoris cells. Transformants were selected 
on YPD agar including 100 µg/ml Zeocin™ (InvivoGen), incubating at 30 °C for 2 to 5 days. 
Colony PCR was performed to check the presence of the inserted gene, as described by Lõoke 
et al [320], using a forward primer, specific for the gene of interest, and a reverse primer 
annealing to the AOX1 terminator (Table 3.2). 
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2.6 Recombinant protein production in P. pastoris 
A preculture was set up by inoculating 10 ml YPD including 100 µg/ml Zeocin™ (InvivoGen) 
in a 50 ml birmboin tube with a colony, or alternatively, with 1 ml from a glycerol stock. The 
preculture was incubated overnight at 28 °C and 250 rpm. P. pastoris was first grown in BMGY 
medium, inoculated with preculture (1/50), for 48 h at 28 °C and 250 rpm. After the growth 
phase, cells were induced by a medium change to BMMY. To this end, the cells were washed 
with BMMY and the supernatant was thrown away to remove residual glycerol. The cell pellet 
was subsequently resuspended in BMMY. Protein production was performed at 28 °C and 
250 rpm for 48 h, unless otherwise specified. The expression was maintained by methanol 
addition every 12 h to a final concentration of 1 %, unless otherwise specified.  
 
The small-scale expression tests were carried out in 50 ml birmboin tubes, inoculated with a 
10 ml culture. 100 ml cultures in a 1 l shake flask were set up in case of microsome isolation 
for subsequent enzymatic assays. For enzyme collection and Immobilized Metal Affinity 
Chromatography (IMAC) purification from the medium, 500 ml cultures were grown and 
induced in 3 l baffled shake flasks. The milli-scale expression tests were performed in 24-well 
deep-well plates with round bottoms, inoculated with 2 ml culture. 
 
2.7 Cell lysis and microsome isolation 
For analysis of the lysate or microsomes after a milli-scale or small-scale expression test, cells 
from a 1 ml sample were collected and washed in 50 mM phosphate buffer, pH 7.4, 5 % 
glycerol. Subsequently the cell pellet was resuspended in 100 µl breaking buffer (50 mM 
phosphate buffer, pH 7.4, 5 % glycerol, 1 mM ethylenediaminetetraacetic acid (EDTA), 
protease inhibitor cocktail). An equal volume of acid washed glass beads was added and cells 
were disrupted by vortexing the suspension for 30 s, alternated by a 30 s incubation on ice to 
prevent cells from heating up. This cycle was repeated eight times. Cell debris and glass beads 
were pelleted by centrifugation for 10 min at 12 000 g and 4 °C. The supernatant was either 
collected for lysate analysis, or further ultracentrifuged for 1 h at 100 000 g and 4 °C for 
microsome collection. The collected microsomes were washed and resuspended either in 
resuspension buffer (50 mM phosphate buffer, pH 7.4, 20 % glycerol, 1 mM EDTA, 1 mM 
dithiothreitol (DTT) and protease inhibitor cocktail) or in Laemmli buffer. For CYP 
quantification by Multiple Reaction Monitoring (MRM), microsomes were resuspended in 
50 mM NH4HCO3 containing 0.1 % (w/v) RapiGest™ SF (Waters). Alternatively, the 
resuspension buffer was used instead of the breaking buffer for cell disruption. In case of 
microsome collection for enzymatic assays, the same protocol as described above was applied, 
except that cells from a 100 ml culture were collected, washed and resuspended in breaking 
buffer to a final OD600 of ca. 100. Enzymatic cell lysis was performed as described by Pompon 
et al [321]. 
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2.8 Protein concentration from the medium 
In order to analyse medium samples after a small-scale or milli-scale expression test, a 1 ml 
sample from the medium was taken for subsequent protein concentration by DOC-TCA 
precipitation. Firstly, 100 µl sodium deoxycholate (DOC) (0.5 % w/v) was added to this sample 
and incubated on ice for 10 min. Secondly, 110 µl trichloroacetic acid (TCA) (100 % w/v) was 
added and the sample was further incubated on ice for 20 min. Alternatively, the samples were 
incubated overnight on ice after TCA addition. The precipitated protein was subsequently 
pelleted by centrifugation at 16 000 g and 4 °C for 30 min. The pellet was washed two times 
with 1 ml ice-cold acetone (Biosolve) and one time with ice-cold 70 % ethanol (VWR). The 
pellet was dried and resuspended in phosphate buffered saline (PBS), or directly in Laemmli 
buffer for further analysis. Alternatively, the medium sample was concentrated by ultrafiltration 
using the Amicon® Ultra-0.5 centrifugal filter devices (Merck) with a 10 kDa cutoff. 
 
Protein concentration from the medium after CPRtr production in a 500 ml culture was 
performed by ammonium sulphate precipitation. (NH4)2SO4 was added to a saturation of 75 % 
at 0 °C and the medium was stirred gently overnight at 0 °C for complete precipitation. The 
next day, the precipitated protein was collected by centrifugation at 10 000 g and 0 °C for 
30 min. The supernatant was collected and (NH4)2SO4 was added to a saturation of 90 % at 
0 °C. The supernatant was stirred gently at 0 °C for 1 h and the precipitated was collected as 
before. Both pellets were resuspended in 50 ml 50 mM Tris HCl (pH 7.5), including 20 % 
glycerol, 0.5 µM FAD and FMN and 0.5 mM DTT. Desalting was performed using Amicon® 
Ultra-15 centrifugal filter devices (Merck) with a 10 kDa cutoff. 
 
2.9 SDS-PAGE and western blot 
Protein samples were mixed with Laemmli buffer and the proteins were separated by SDS-
PAGE using a 12 % polyacrylamide gel and a Tris-glycine running buffer (Bio-Rad). The 
Precision Plus Protein™ Unstained Standard (Bio-Rad) was used as a molecular weight marker. 
Gels were stained with Coomassie brilliant blue G. 
 
In case of western blot analysis, SDS-PAGE was performed as described above, using the 
Precision Plus Protein™ Dual Color Standard (Bio-Rad). After protein separation was 
completed, the proteins were transferred to a nitrocellulose blotting membrane. The membranes 
were incubated with a 5 % (w/v) nonfat dry milk (Bio-Rad) solution in PBS and washed with 
PBS-T (PBS including 0.1 % (v/v) Tween-20) before incubation with a horseradish peroxidase 
(HRP)-conjugated 6x-His epitope tag monoclonal antibody, diluted in a 1 % (w/v) nonfat dry 
milk (Bio-Rad) solution in PBS-T. For the C-terminal Histag, the anti-His(C-term)-HRP 
antibody (R931-25, Invitrogen) was used, at a dilution of 1:10 000. In case of an N-terminal 
Histag, the anti-His-HRP antibody (MA1-21315-HRP, Invitrogen) was used, at a dilution of 
1:5000. After washing with PBS-T, proteins were visualized by chemiluminescence. 
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2.10 IMAC purification 
The medium was collected after protein production in a 500 ml culture. Reduced glutathione 
was added to a final concentration of 0.01 % (w/v) and MgSO4.7H2O was added to a final 
concentration of 2 mM, after which the pH was adjusted to 7.5. The medium was subsequently 
filtered using a Steritop® Filter Unit (EMD Millipore) or VacuCap® (VWR) with a pore size 
of 0.22 µm. IMAC was performed using a HisTrap™ HP column (5 ml, Cytiva), mounted on 
the ÄKTA purifier (Cytiva). The pretreated sample was loaded on the IMAC column at a flow 
rate of 5 ml/min after equilibration with binding buffer (50 mM sodium phosphate, pH 7.5, 
0.5 M NaCl). Following sample loading, the column was washed with binding buffer and when 
the absorbance reached a steady baseline, the flow rate was reduced to 1 ml/min for subsequent 
elution using the binding buffer including increasing imidazole concentrations. A stepwise 
elution was performed, first using 10 mM imidazole and secondly with 100 mM imidazole. A 
third step with 250 mM imidazole was included in the first purifications and was discarded if 
no protein of interest eluted in this step. The last elution step was performed using 500 mM 
imidazole. Immediately after elution, a buffer exchange was performed with 25 mM Tris-HCl, 
pH 7.5, 150 mM NaCl, unless otherwise specified, using the Amicon® Ultra-15 centrifugal 
filter devices (Merck) with a 10 kDa cutoff. Alternatively, (NH4)2SO4 precipitation was 
performed as described in 2.8. 
 
2.11 Determination of protein concentration 
Protein concentrations were determined with the Thermo Scientific™ Coomassie (Bradford) 
Protein Assay Kit. The measurement was done using the Bio-Rad Microplate Reader 
model 680. 
 
2.12 Trypsin digestion and MALDI-TOF MS 
Gel bands of interest were cut out after separation by SDS-PAGE and visualization of the 
proteins with Coomassie brilliant blue G. After complete removal of the Coomassie stain using 
50 % acetonitrile (ACN) (Biosolve) in 200 mM NH4HCO3 at 30 °C, a reduction step with 
10 mM DTT in 100 mM NH4HCO3 for 1 h at 56 °C and an alkylation step with 55 mM 
iodoacetamide (IAA) in 100 mM NH4HCO3 for 45 min at room temperature in the dark was 
performed. Gel bands were subsequently washed with 100 mM NH4HCO3 and dehydrated with 
100 % ACN (Biosolve) (two times). Following complete dehydration of the gel bands, 0.02 µg 
modified trypsin (Promega) in 10 µl 50 mM NH4HCO3 was added and samples were incubated 
on ice for 45 min. 40 µl 50 mM NH4HCO3 was added and the proteins were digested overnight 
at 37 °C. The next day, peptides were extracted twice with a 60 % ACN (Biosolve) solution 
containing 0.1 % formic acid. The extracts were pooled and dried under vacuum.  
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The dried peptides were then resuspended in 10 µl of a 50 % ACN (BioSolve) solution 
containing 0.1 % formic acid. 1 µl of resuspended peptides, mixed with a saturated α-cyano-4-
hydroxycinnamic acid solution in a 1:1 ratio was spotted onto an Opti-TOF 384 Well MALDI 
Plate Insert for Matrix-Assisted Laser Desorption Ionization Time-of-Flight Mass Spectrometry 
(MALDI-TOF MS) analysis with the MALDI TOF/TOF 4800 Plus (ABSciex). Identification 
was done with Mascot using the P. pastoris NRRL-Y-11430 protein database, downloaded 
from Uniprot. 
 
2.13 Enzymatic assays 
2.13.1 Oleic acid conversion 
The in vitro reaction using isolated microsomes was carried out in a 1 ml reaction mixture, 
containing; 200 mM potassium phosphate, pH 7.4, 1 mg/ml microsomal protein, 0.5 mM DTT, 
0.1 mM oleic acid (from a 100 mM stock solution in DMSO) and 1 mM NADPH. The reaction 
was incubated at 35 °C and 150 rpm for 1 h. The conversion was stopped by adding 500 µl 6 M 
HCl and extraction was performed with and equal volume of diethyl ether (three times). The 
diethyl ether extracts were pooled, evaporated under vacuum and stored at – 20 °C until GC-MS 
analysis. 
 
The in vitro whole-cell bioconversion assay was performed as follows; expression was carried 
out in 2 ml cultures in a 24-well deep-well plate as described before. After a 48 h expression 
phase, cells were washed and resuspended in 100 mM potassium phosphate buffer, pH 7.4. 
Oleic acid was added to a final concentration of 0.1 mM, 1 mM or 10 mM from a 350 mM stock 
in DMSO. The deep-well plate was incubated at 28 °C and 320 rpm for 8 h. The reaction was 
stopped by HCl addition and the formed product was extracted from the culture supernatant 
with diethyl ether as described above.  
 
For the in vivo bioconversion assay, cells were grown in 50 ml birmboin tubes. After a 48 h 
growth phase, the cells were collected and resuspended in 5 ml BMMY. Oleic acid was added 
to a final concentration of 0.2 % (v/v) and incubated for 48 h. A 500 ml sample of the culture 
was taken every 12 h, extracted with diethyl ether and evaporated under vacuum as described 
above.  
 
For the optimization of the in vitro assay, using microsomes containing CYPnt, five different 
assays were applied, selected from different sources assaying ω-hydroxylation and are shown 
in 
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Table 3.3: Five different enzymatic assays, selected from literature and all assaying ω-hydroxylation, applied for 
the CYPnt-CPRnt-containing microsomes. 
 Assay 1 [322] Assay 2 [26] Assay 3 [24] Assay 4 [79] Assay 5 [82] 
Microsomal 
protein 
5 mg 50 µg 0.5 mg 0.5 mg 0.5 mg 
Phosphate 
buffer, pH 7.4 
50 mM 100 mM 200 mM 200 mM 50 mM 
Oleic acid 1 mM 5 µM 15 µM 50 µM 1 mM 
NADPH 10 mM 4.5 mM 0.5 mM 0.5 mM 1 mM 
DTT   0.5 mM 0.5 mM  
MgCl2     1 mM 
G6P   3 mM 3 mM 5 mM 
G6PDH   0.5 U 0.5 U 12 U 
Volume 












The assays using microsomes collected after expression of the fusion enzyme CYPtrCPRtr, 
followed by GC-MS analysis of silylated end products, were performed in parallel with the 
surface display whole-cell bioconversion assays, where the 1 ml reaction mixture contained 
100 mM potassium phosphate, pH 7.4, 0.1 mM oleic acid (from a 10 mM stock in DMSO), 1 U 
glucose-6-phosphate dehydrogenase, 5 mM glucose-6-phosphate and 1 mM NADPH. The 
reaction was carried out for 3 h at 37 °C and 500 rpm, after which the conversion was quenched 
with HCl and an extraction with diethyl ether was performed as described above. 
 
2.13.2 NADPH oxidation assay 
On the one hand, an NADPH oxidation assay was carried out in a volume of 250 µl in a 
microtiter plate using the Bio-Rad Microplate Reader model 680. The reaction mixture was 
composed of 200 mM potassium phosphate, pH 7.4, 1 mg/ml microsomal protein, 0.5 mM 
NADPH and four different concentrations of oleic acid (0, 0.025, 0.050, 0.1 mM) were added. 
The reaction was initiated by NADPH addition and the absorbance was measured at 340 nm. 
 
On the other hand, the assay was carried out in a volume of 1 ml in a UV-VIS cuvette using the 
spectrophotometer Genesys 10S UV-VIS from Thermo Scientific. The volume of this assay 
was increased to 1 ml in order to decrease the DMSO concentration in the final reaction. The 
reaction mixture was composed of 200 mM potassium phosphate, pH 7.4, 1 mg/ml microsomal 
protein, 0.2 mM oleic acid (from a 100 mM stock in DMSO) and 2 mM NADPH. The reaction 
was initiated by NADPH addition and carried out for 1 h at 28 °C. The absorbance difference 
between a reaction mixture including and excluding oleic acid was monitored at 340 nm.   
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2.13.3 Cytochrome c reductase activity assay 
A 1 ml reaction was carried out at 28 °C (or at room temperature in case of CPRnt co-
expression) for 5 min and the reduction of cytochrome c was followed at 550 nm, using the 
spectrophotometer Genesys 10S UV-VIS from Thermo Scientific. The 1 ml reaction mixture 
consisted of 300 mM potassium phosphate, pH 7.7, 0.04 mM cytochrome c (from equine heart), 
0.1 mg microsomal protein or 50 µl CPRtr and 0.1 mM NADPH. The reaction was started by 
the addition of NADPH. 
 
2.14 GC-MS analysis 
For methylation, the evaporated extract was dissolved in 500 µl 2 M H2SO4 in methanol. An 
equal amount of hexane was added and the reaction was shaken for 20 min. The reaction was 
subsequently centrifuged and the upper hexane layer was isolated for Gas Chromatography 
(GC)-MS analysis as described by Bauwelinck et al [39]. 
 
For silylation, the evaporated extract was dissolved in 50 µl 1 % trimethylchlorosilane (TMCS) 
in N,O-bis(trimethylsilyl) trifluoroacetamide (BSTFA) and incubated for 30 min at 75 °C. After 
a centrifugation step at 10 000 g for 10 min, the supernatant was transferred to a glass vial for 
GC-MS analysis. The GC-MS system used was the 7890-5975C from Agilent in combination 
with the HP-5MS column (5% phenyl methyl polysiloxane, 30m×0.25mm ID, 0.25µm) from 
Agilent. The temperature was maintained at 180 °C for 1 min, subsequently raised to 300 °C at 
8 °C/min and then held isotherm for 5 min. 
 
A 1,18-octadecendioic acid standard was produced in house using the C. viswanathii strain 
ATCC 20962, as described in [323]. 
 
2.15 CYP quantification by multiple reaction monitoring 
To 10 µg microsomal protein, 0.04 µg bovine serum albumin (BSA) (Thermo Scientific) was 
added as an internal standard and 50 mM NH4HCO3 containing 0.1 % (w/v) RapiGest™ SF 
(Waters) was added to a final volume of 50 µl. This was heated to 80 °C for 10 min. 
Subsequently, a reduction step was performed with 5 µl 50 mM DTT in 50 mM NH4HCO3 at 
60 °C for 10 min, followed by an alkylation step with 5 µl 150 µM IAA in 50 mM NH4HCO3 
at room temperature in the dark for 20 min. After 0.2 µg modified trypsin (Promega) addition, 
the solution was incubated overnight at 37 °C for digestion. The next day, the samples were 
acidified with 1 µl 8 % formic acid and incubated for 30 min at 37 °C. These were then 
centrifuged for 30 min at 16 000 g and the supernatant was filtered with a 0.22 µm filter 
(Corning® Costar® Spin-X® Plastic Centrifuge Tube Filter). Drying of the filtrate was 
performed under vacuum, after which the dried peptides were redissolved in 100 µl 0.1 % 
formic acid and desalted using OMIX C18 pipette tips (Agilent). The desalted peptides again 
were dried under vacuum and dissolved in 0.1 % formic acid, 3 % ACN and 10 fmol/ml 
phosphorylase B (Hi3 Phos B Standard, Waters).  
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For CYP quantification by MRM, the following Liquid Chromatography (LC)-MS/MS system 
was used, i.e. a Waters NanoAcquity M-Class UPLC and an IonKey source connected to a 
Waters Xevo TQ-S triple quadrupole mass spectrometer. The IonKey source contained a 
150 µm x 100 mm, 1.8 µm HSS T3, iKey separation device. Samples were injected (5 µl, i.e. 
0.5 µg) and trapped on a 300 µm x 50 mm, 5 µm, 100 Å Acquity UPLC M-Class Symmetry 
C18 Trap Colum (Waters). Subsequently the peptides were separated on the iKey. The 
following mobile phase was used; solution A consisted of 0.1 % formic acid (Biosolve) and 
solution B of 0.1 % formic acid in ACN (Biosolve). The washing step on the trap column was 
performed for 2 min with 3 % B at a flow rate of 15 µl/min. Separation was performed in 10 min 
at a flow rate of 2 µl/min using a linear ACN gradient (3-50 %). The auto-sampler was washed 
with 0.1 % formic acid as the strong solution and 0.1 % formic acid in ACN/water/isopropanol 
(50:25:25, v/v/v) as the weak solution. Following separation, quantification of the peptides was 
performed in positive ion mode (ESI+) with the Waters Xevo TQ-S mass spectrometer. The 
MRM mode with transitions of selected precursor ions at a set cone voltage and different 
collision energies and dwell times for each precursor, was used for detection (see Addendum). 
These precursor ions were selected based on predictions made in Skyline. With the online tool 
Unipept [324] it was checked whether peptides were unique. For electrospray ionization (ESI)-
MS/MS, capillary voltage was set at 3.5 kV, the cone voltage at 35 V and the source temperature 
at 120 °C. In the collision cell, argon was introduced at a flow rate of 0.15 ml/min. 
MassLynx 4.1 and Skyline software were used for data acquisition and processing, respectively. 
Savitsky-Golay Smoothing was applied, the total area under the curve (AUC) for each peptide 
was calculated and normalized to BSA. 
 
2.16 Statistical analysis 
The GraphPad Prism software was used for all statistics.  




3.1 Recombinant production of a truncated CYP52A13 in Pichia pastoris 
The gene encoding the truncated CYP52A13 as described in material and methods (see 2.3), 
was codon optimized and cloned in the expression vector pPICZαB in frame with the α-factor 
secretion signal. Three colonies were picked upon selection with Zeocin™ after transformation 
of the linearized plasmid in P. pastoris and a small-scale expression test was performed. A 
secretion signal was provided thus CYPtr is expected in the medium. Medium samples were 
taken, concentrated and analysed by western blot (Figure 3.8A). In parallel, the cells were lysed 
and a sample of the lysate was taken along (Figure 3.8B). It was observed that CYPtr (58 kDa) 
was successfully produced in P. pastoris. Unfortunately, the enzyme was not secreted to the 
medium and was only present in the lysate samples. The protein bands also appeared at a higher 
molecular weight (MW) than expected, suggesting that the secretion signal of 9.3 kDa was not 
processed. It is known that apart from the N-terminal helix, also the F-G loop is closely 
interacting with the ER membrane. Therefore, microsomes were isolated from the cell lysate to 
investigate whether the CYPtr remains bound to these membranes (Figure 3.8C). Indeed, this 
was the case so the designed truncations appeared insufficient for complete solubilization. 
 
 
Figure 3.8: Western blot after small-scale expression test of three colonies picked after cyptr transformation in 
P. pastoris. A: concentrated medium samples. B: cell lysate. C: isolated microsomes. CYPtr (MW 58 kDa) was 
not secreted but remained bound to the microsomal membrane. The higher MW indicates that the secretion signal 
(9.3 kDa) was not processed. 
To verify whether this microsome-bound CYPtr was active, an enzymatic assay was performed 
using the microsomes isolated from a 100 ml culture of CYPtr producing P. pastoris. This host 
possesses an endogenous ER-bound CPR  and it was hypothesized that this CPR could serve as 
the redox partner to donate electrons required for the FA hydroxylation and subsequent 
overoxidation reaction. Oleic acid was chosen as the substrate, because Eschenfeldt et al 
showed that CYP52A13 showed the highest activity towards this FA [24]. On the one hand, an 
assay was performed for which the products were extracted with diethyl ether upon 
acidification, methylated and analysed using GC-MS, in search for the desired 1,18-
octadecenedioic acid end product. On the other hand, NADPH oxidation was measured 
spectrophotometrically after addition of an increasing oleic acid concentration. It is known that 
uncoupling reactions can occur during CYP catalysis through three different reactions, i.e. the 
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autooxidation shunt, the peroxide shunt and the oxidase shunt, where NADPH is consumed 
without product formation [172], [173]. Measuring the NADPH oxidation thus also takes into 
account possible uncoupling through one of these shunts. In the GC chromatogram (Figure 3.9), 
only the substrate oleic acid was identified and the desired DCA was not found (expected 
retention time, or RT, of 27.45 min). According to the NADPH oxidation assay (Figure 3.10), 
NADPH concentration was not decreasing at a higher rate upon increasing the oleic acid 
addition. NADPH was thus not consumed by the recombinantly produced CYPtr. The observed 
(weak) cofactor oxidation is thus likely due to the action of endogenous microsomal enzymes 
and/or occurs aspecifically as NADPH is unstable. Two possible reasons for the lack of activity 
were investigated further; (1) can the endogenous P. pastoris CPR indeed act as an alternative 




Figure 3.9: GC chromatogram of methylated extracts after microsome activity assay with CYPtr. No conversion 
of oleic acid to the corresponding DCA (RT = 27.45 min) was observed. 
 
Figure 3.10: NADPH oxidation assay CYPtr-containing microsomes. A: The average of three technical replicates 
is shown. B: The specific activities did not significantly differ from each other, as one-way ANOVA analysis 
returns a p-value of 0.3206. Increasing the oleic acid substrate concentration did thus not increase the NADPH 
consumption in CYPtr-containing microsomes. 
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3.2 Is the native redox partner CPR-a required for CYP52A13 activity? 
It was hypothesized that the endogenous CPR from P. pastoris was not compatible with CYPtr 
or it is produced at too low levels to support the recombinant CYPtr. Indeed, it has been 
documented that switching to a heterologous redox partner is not without consequence. It can 
markedly influence the activity and selectivity. Even other functionalities were obtained as was 
reported by Zhang et al [267]. Therefore, the native CPR-a redox partner was recombinantly 
produced in P. pastoris. A truncated form was produced in order to purify this enzyme for 
functional assays. A small-scale expression test was performed, taking along three colonies, 
picked upon transformation of P. pastoris with the linearized plasmid. Due to the presence of 
the α-factor secretion signal and the truncation of the N-terminal anchor, the enzyme is expected 
in the medium. A medium sample was taken and concentrated. Indeed CPRtr was secreted, 
shown by western blot analysis (Figure 3.11). Cells were lysed and the lysate was taken along 
in parallel. A large amount of CPRtr appeared to remain intracellularly and was degraded. 
 
 
Figure 3.11: Western blot after small-scale expression test of three colonies picked after cprtr transformation in 
P. pastoris. CPRtr (MW 76 kDa) was successfully produced and secreted to the medium. However, a large amount 
of degradation was observed in the lysate. 
Part of the recombinantly produced CPRtr was successfully secreted so a first upscaling was 
done to a 500 ml culture in a 3 l baffled shake flask. The medium was collected and purified by 
IMAC purification (Figure 3.12). A stepwise elution was performed, and protein eluted mainly 
at a concentration of 100 mM imidazole. Analysing the collected fractions by SDS-PAGE and 
western blot (Figure 3.13A and B (1), respectively), an intense band around the MW of 76 kDa 
(the expected MW of CPRtr) was seen. The enzyme was thus successfully purified from the 
medium and was already fairly pure, based on the SDS-PAGE gel. Both the gel and blot show 
a second band at slightly higher MW. Three other expression conditions were tested in parallel. 
On the one hand, the cultures were incubated at two different temperatures during expression. 
On the other hand, induction was performed using two different methanol concentrations, i.e. 
adding methanol every 12 h to a final concentration of 1 % and adding methanol every 24 h to 
a final concentration of 0.5 %. These two different bands around 76 kDa were consistently 
observed. As CPRtr contains glycosylation sites, this slightly higher band might indicate a low 
amount of glycosylation. An alternative explanation is the incomplete processing of the 
secretion signal. No increased secretion was observed when lowering the temperature to 16 °C 
during expression and/or decreasing the methanol concentration compared to expression at 
28 °C and inducing with 1 % methanol every 12 h (Figure 3.13A and B). Analysing the lysate 
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showed that altering the expression conditions did not decrease the intracellular degradation 
either (Figure 3.13C).  
 
 
Figure 3.12: IMAC chromatogram of CPRtr purification from the medium after expression in a 500 ml culture. 
The right chromatogram shows the elution profile in more detail.  
 
Figure 3.13: A: SDS-PAGE analysis of IMAC elution peaks, desalted and concentrated after CPRtr (76 kDa) 
purification. B: Western blot analysis of IMAC elution peaks, desalted and concentrated after CPRtr purification. 
C: Western blot of lysate samples. Four different conditions were tested for the CPRtr expression phase. (1) 28 
°C, 1 % MeOH every 12 h, (2) 28 °C, 0.5 % MeOH every 24 h, (3) 16 °C, 1 % MeOH every 12 h, (4) 16 °C, 0.5 
% MeOH every 24 h. 
In order to improve secretion to the medium and eliminate intracellular degradation, two 
alternative strains to the wild type P. pastoris NRRL-Y-11430 were transformed with linearized 
CPRtr_pPICZαB. Both alternative strains co-express HAC1, encoding the transcription factor 
Hac1p, upon methanol induction. The transcription factor Hac1p is a central regulator in the 
unfolded protein response, normally activated by the accumulation of unfolded and misfolded 
proteins in the ER. This transcription factor activates the expression of chaperones, foldases 
and proteins involved in lipid metabolism. Guerfal et al showed that inducible co-expression of 
HAC1 in P. pastoris can lead to an increased recombinant protein yield, either secreted or 
surface displayed. Moreover, when producing the membrane-bound G-protein coupled 
receptor, adenosine A2A receptor, provided with an α-factor secretion signal, HAC1 
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co-expression aided in the processing of this secretion signal [315]. In one of the two HAC1 
co-expression strains, pep4 was knocked out. This gene encodes proteinase A, a vacuolar 
aspartyl protease, activating other vacuolar proteases such as carboxypeptidase and 
proteinase B [311], [314]. Eliminating this gene thus significantly reduces intracellular 
proteolysis.  
 
Subsequent to transformation, a small-scale expression test was performed including several 
colonies for the two strains (seven in case of the HAC1 co-expressing strain, eight in case of 
the pep4 knock-out strain). Similar as before, both medium and lysate samples were taken for 
western blot analysis. Not any colony of the pep4 knock-out strain produced CPRtr and is 
therefore not further discussed. In case of the HAC1 co-expressing strain, only one colony was 
found to produce CPRtr. To concentrate collected medium samples, two methods were applied. 
Part of the sample was concentrated 25X using an Amicon® ultra-0.5 centrifugal filter device 
with a 10 kDa cutoff. Alternatively, the sample was concentrated 50X by DOC-TCA 
precipitation and resuspended in Laemmli buffer. The western blot analysis in Figure 3.14A 
revealed a bright signal for the latter sample only. This indicates that using the centrifugal filter 
units could lead to loss of protein. Further investigation of the western blot shows that the lysate 
contains bands at a lower MW, indicating that the intracellular degradation is not solved by 
co-expressing HAC1. To confirm if HAC1 indeed was co-expressed, medium samples of both 
the wild-type strain and the HAC1 co-expressing strain, both producing CPRtr, were analysed 
by SDS-PAGE (Figure 3.14B). Guerfal et al reported that upon co-expressing HAC1, the two 
ER HDEL-containing chaperones Kar2p and Pdip, were present in the medium in an increased 
amount [315]. The medium of the HAC1 co-expressing strain showed a higher protein content 
in general and indeed showed two bands with a higher relative intensity, coinciding with the 
MW of Kar2p (74kDa) and Pdip (58 kDa). Using MALDI-TOF MS, it was confirmed that these 
two bands indeed contained the aforementioned proteins (data not shown). CPRtr on the other 
hand, could not be detected on this gel. Is the signal at 76 kDa obscured by the Kar2p signal or 
is the yield too low to detect on gel? In case of the wild type strain, CPRtr could not be identified 
either. 
 
Figure 3.14: Analysis after small-scale expression test of CPRtr (76 kDa) in the HAC1 co-expressing strain. A: 
Western blot analysis. (1) Medium sample concentrated 25X using an Amicon® ultra-0.5 centrifugal filter device 
with a 10 kDa cut-off. (2) Medium sample concentrated 50X by DOC-TCA precipitation. B: SDS-PAGE analysis 
of concentrated medium sample, collected after CPRtr expression in wild-type P. pastoris (WT) and in the HAC1 
co-expressing strain (Hac1p). The intense bands around 75 kDa and 50 kDa were identified as Kar2p and Pdip, 
respectively, by MALDI-TOF MS. 
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Following the small-scale expression test, a 500 mL expression test in a 3 l baffled shake flask 
was performed to see if HAC1 co-expression led to an increased yield. The medium was 
collected and IMAC purified (Figure 3.15). Based on the height of the 100 mM imidazole 
elution peak, no yield increase was obtained using this alternative strain. It must be noted that 
the filter of the ÄKTA Purifier clogged during sample loading, indicating that precipitation 
occurred. After buffer exchange, samples of the four elution peaks were analysed by 
SDS-PAGE (Figure 3.16). Only a very light band around 76 kDa was observed, together with 
some lower MW bands in the 100 mM imidazole elution peak. The protein thus seemed to have 
degraded or precipitated during the buffer exchange. 
 
 
Figure 3.15: IMAC chromatogram of CPRtr purification from the medium after expression in the HAC1 co-
expressing strain in a 500 ml culture. The right chromatogram shows the elution profile in more detail. 
 
Figure 3.16: SDS-PAGE analysis of IMAC elution peaks, desalted and concentrated after CPRtr (76 kDa) 
purification Figure 3.15.  
The problem of protein precipitation during sample loading on the IMAC column was 
hypothesized to be a result of CPRtr instability. Therefore, the 500 ml expression test was 
repeated, medium was collected and IMAC purification was performed, now including 5 % 
glycerol in the IMAC buffers. The pH adjustment from pH 6 to pH 7.5 in preparation of IMAC 
was executed more gently using a 1 M K2HPO4-solution instead of KOH pellets. No clogging 
of the filter occurred during sample loading and based on the height of the 100 mM imidazole 
elution peak in Figure 3.17, the protein yield was significantly improved. Adjusting the pH in 
a more gently fashion, together with glycerol addition thus seemed to markedly increase the 
stability during IMAC. Subsequent to IMAC, a buffer exchange was performed as before, now 
using an adjusted storage buffer, i.e. 50 mM Tris-HCl (pH 7.5), including 20 % glycerol, 
0.5 µM FAD and FMN and 0.5 mM DTT. Following the buffer exchange, collected peaks were 
analysed by SDS-PAGE (Figure 3.18A). No protein could be detected so it seemed that all 
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protein was lost again during the buffer exchange to remove imidazole. Western blot, which is 
more sensitive than Coomassie staining, was needed to detect the purified CPRtr and indeed, 
degradation is observed (Figure 3.18B). 
 
 
Figure 3.17: IMAC chromatogram of CPRtr purification from the medium after expression in the HAC1 co-
expressing strain in a 500 ml culture. 5 % glycerol was included in the IMAC buffers and pH adjustment in 
preparation of IMAC was performed more gently. The right chromatogram shows the elution profile in more detail. 
 
Figure 3.18: Analysis of IMAC elution peaks, desalted and concentrated after CPRtr (76 kDa) purification Figure 
3.17. A: SDS-PAGE. B: Western blot. 
Up until here, the buffer exchange was done using the Amicon® Ultra-15 centrifugal filter 
devices with a 10 kDa cutoff. Although we observed an intense peak eluting with 100 mM 
imidazole, after buffer exchange yield appeared to be very low. This indicates that the use of 
these centrifugal filter devices led to the protein loss. To this end, the same experiment was 
repeated, now performing ammonium sulphate precipitation of the collected elution peaks. The 
wild type strain producing CPRtr was taken along in parallel to check whether this adjusted 
IMAC protocol also led to an increased yield for this strain. Unfortunately, clogging of the 
sample pump filter again occurred when loading the collected medium after CPRtr production 
in the HAC1 co-expressing strain on the IMAC column and the high yield could not be 
reproduced, based on the absorbance of the 100 mM elution peak (Figure 3.19). Even though 
no clogging occurred loading the medium of the wild type strain after CPRtr production, also 
here a decreased yield was observed (Figure 3.20), although not as significant as for the HAC1 
co-expressing strain. The HisTrap™ HP column was not stripped and recharged after the 
previous purification so this smaller decrease might be ascribed to a reduced capacity, even 
though the manufacturer states that the column can be used for five to seven purifications. As 
mentioned above, protein from the collected peaks were precipitated using ammonium sulphate 
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overnight. The next day, the obtained pellet was redissolved in the previously described storage 
buffer and analysed by SDS-PAGE. A sample of the collected peaks was taken before 
ammonium sulphate precipitation and analysed in parallel. The gel turned back empty after 
Coomassie staining. The protein yield thus was lower than the detection limit of Coomassie 
staining. A subsequent western blot analysis (Figure 3.21) showed that CPRtr indeed was 
recovered, be it in a very low yield. It was already observed that not one but two bands appeared 
when producing CPRtr in the wild type P. pastoris strain NRRL-Y-11430, which was 
confirmed here again. In the HAC1 co-expressing strain, only one band appears. It thus seems 
that co-expression of HAC1 results in correct and complete processing of the secretion signal, 
this in contrast to the wild type strain.  
 
 
Figure 3.19: IMAC chromatogram of CPRtr purification from the medium after expression in the HAC1 co-
expressing strain in a 500 ml culture (replicate of Figure 3.17). The right chromatogram shows the elution profile 
in more detail. 
 
Figure 3.20: IMAC chromatogram of CPRtr purification from the medium after expression in the wild type strain 
in a 500 ml culture, using the adjusted IMAC protocol. The right chromatogram shows the elution profile in more 
detail. 
 
Figure 3.21: Western blot analysis of IMAC elution peaks, desalted and concentrated after CPRtr (76 kDa) 
purification Figure 3.19 and Figure 3.20. 
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CPRtr proved to be unstable and degrades or precipitates upon loading for IMAC purification 
or upon removal of imidazole, even in the presence of stabilizers like glycerol. Prior to any 
further efforts to purify the protein, we wanted to test whether it was active. Therefore, we 
precipitated the collected medium of both wild type and HAC1 co-expressing P. pastoris 
producing CPRtr with ammonium sulphate, redissolved in the aforementioned storage buffer 
and desalted it. The protein samples were then analysed by western blot (Figure 3.22A). Only 
after CPRtr production in the wild type strain, the protein was successfully recovered. Using 
the nonphysiological redox partner cytochrome c, the obtained CPRtr proved to be active 
(Figure 3.22B). Due to the presence of the cofactors FAD, FMN and the additives glycerol and 
DTT, which interfere with protein quantitation methods like Bradford analysis, it was not 
possible to measure the protein concentration and thus specific activity. However, the activity 
per ml was calculated to be 0.18 U/ml. In a following step, the obtained CPRtr was added to 
microsomes containing CYPtr and the NADPH concentration was measured in presence and in 
absence of the substrate oleic acid (Figure 3.22C). No difference in NADPH consumption was 
observed between the two conditions. 100 µl CPRtr solution was added in this reaction, 
coinciding with 0.018 U and is probably not sufficient. For example, using the truncated CPR 
from S. cerevisiae, one unit is added in order to reconstitute CYP activity [316]. It could 




Figure 3.22: AS precipitation of protein from the medium after CPRtr (76 kDa) expression. A: Western blot 
analysis after desalting AS precipitated protein. B: Cytochrome c reductase activity assay using desalted AS 
precipitated protein from the wild type (WT) strain. C: NADPH oxidation assay using CYPtr-containing 
microsomes and including this crude CPRtr sample.. 
As the recombinant production of CPRtr was not the main goal of the project, further 
optimization was set aside and attention was given to the construction of a chimeric construct, 
together with the production of the nontruncated CYP52A13 in order to create a positive control 
and optimize from there.  
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3.3 Can fusion of the redox partner result in electron delivery to CYPtr? 
The CYP with the highest catalytic activity reported to date, is the self-sufficient CYP102A1 
from B. megaterium, and a high coupling efficiency is seen using this enzyme. Many artificial 
chimeric constructs have been created in order to mimic this self-sufficient CYP, some of which 
indeed showed improved catalytic properties [271]. Additionally, upon creating a self-sufficient 
CYP, only one enzyme is needed instead of two redox partners. Furthermore, it was 
hypothesized that fusion of a soluble reductase domain to the hydrophobic CYP might increase 
solubility, based on the successful solubilization of mammalian CYPs by truncation and fusion 
to BMR in the so-called molecular lego approach [273]. For these reasons, CYPtr and CPRtr 
were fused in order to create such a chimer. In accordance with CYP102A1, it was decided to 
fuse CPRtr with its N-terminus to the C-terminus of CYPtr, where the artificial N-terminus of 
CPRtr was removed and a glycine-rich linker was added. The cprtr-containing vector was 
linearized by PCR, substituting the NdeI restriction site by a NheI restriction site, enabling a 
double digest approach. Alternatively, cyptr and cprtr were fused by fusion PCR and 
subsequently ligated into an empty pPICZαB vector. Also CPEC was attempted. Both the 
substitution and fusion PCR approach led to successful cloning, whereas CPEC did not.  
 
The obtained plasmids were linearized and transformed in P. pastoris NRRL-Y-11430. A 
small-scale expression test was performed using three colonies obtained from each molecular 
cloning approach. Medium, lysate and microsome samples were collected and analysed by 
western blot (Figure 3.23A, B and C, respectively). The chimeric construct showed to be 
expressed well since a highly intense band is observed in the higher MW region of the blot 
(expected MW of 131 kDa, or 141 kDa, when the α-factor secretion signal is still included). 
The protein again stays bound to the microsomal membrane and no secretion to the medium is 
observed. Next to the intense band in the region of 131 kDa, additional bands are seen, 
indicating degradation to a large extent in the lysate samples (Figure 3.23B). In the purified 
microsomal samples (Figure 3.23C), more discrete bands are present next to the one in the high 
MW region. For instance, a discrete band is observed between 50 kDa and 75 kDa, coinciding 
with the MW of CYPtr. The glycine-rich linker seems thus prone to proteolysis. Since the 
N-terminal anchor is removed, it was wondered whether the chimeric product was peripherally 
bound to the ER or still integrally bound. To answer this question, the microsomes were washed 
with a high salt buffer and the supernatant of this wash was analysed by western blot (Figure 
3.23D). A clean band around the expected MW of the chimeric construct was present. Thus, 
even though the truncation did not lead to complete solubilization, the enzyme is only 
peripherally bound and could potentially be purified using high salt buffers, in absence of 
detergent. We concluded that the chimeric product is successfully produced at some extent. 
 




Figure 3.23: Western blot after small-scale expression test of three colonies picked after cyptrcprtr transformation 
in P. pastoris. A: concentrated medium samples. B: cell lysate. C: isolated microsomes. D: supernatant of 
microsome wash with high salt buffer. The fusion enzyme CYPtrCPRtr (131 kDa, 141 kDa in case of an 
unprocessed signal sequence) is produced but not secreted to the medium. The fusion enzyme is retained in the 
microsomal membrane. Solubilization was accomplished to some extent, as the fusion enzyme was retrieved in 
the soluble supernatant after a wash step with a high salt buffer. 
In a similar fashion as described for the CYPtr-containing microsomes, an activity assay was 
performed using microsomes isolated from a 100 ml culture to verify activity of the chimeric 
construct. Oleic acid conversion to 1,18-octadecenedioic acid was checked by GC-MS analysis. 
Unfortunately, no DCA was found in the GC chromatogram (data not shown). Derivatization 
by methylation prior to GC-MS is only useful to show FAs and DCAs. No OHFAs could be 
detected in this way. Although Eschenfeldt et al report that CYP52A13 is able to overoxidize 
oleic acid to the corresponding DCA, not all oleic acid is converted to the corresponding DCA 
and also 18-hydroxyoleic acid is formed [24]. Therefore, the GC-MS protocol was adjusted and 
now silylation instead of methylation was performed. Additionally, an NADPH regeneration 
system was included in the enzymatic reaction. After the conversion assay with microsomes 
containing CYPtrCPRtr, an additional peak was observed at a retention time of 9.42 min (Figure 
3.24A), the region where OHFAs are expected based on standards 16-hydroxypalmitic acid  
(RT = 8.9 min) and 12-hydroxystearic acid (RT = 9.3 min). Unfortunately, this did not 
correspond to a OHFA. The spectrum was searched against the NIST database, which identified 
the compound as myo-inositol, 1,3,4,5,6-pentakis-O-(trimethylsilyl)-, bis(trimethylsilyl) 
phosphate. 
   





Figure 3.24: GC chromatogram of silylated extracts after microsome activity assay with chimeric construct 
CYPtrCPRtr. Only peaks identified as silylated compounds, based on the presence in the MS spectrum of the 
characteristic peaks at m/z 73 and 75, are annotated. No conversion of oleic acid to the corresponding OHFA (RT 
unknown, no standard available) or DCA (expected RT = 11.2 min) was observed. A: chimer. B: negative control. 
Next to these oleic acid conversion assays, followed by GC-MS analysis of the diethyl ether 
extracted products, NADPH oxidation was measured spectrophotometrically in the same way 
as described for CYPtr. In another setup, the difference in NADPH consumption in presence 
and in absence of the substrate oleic acid was measured. In both cases, no increased NADPH 
oxidation was observed (data not shown). This coincides with the fact that no conversion of 
oleic acid occurred. Furthermore, no substrate-induced uncoupling through one of three 
possible uncoupling reactions seems to be happening.  
 
It was tested whether the reductase domain was active to see if the lack of activity was not due 
to an inactive redox partner. To this end, the nonphysiological redox partner cytochrome c was 
used. Microsomes were isolated from a 100 ml culture after CYPtrCPRtr production. In parallel, 
microsomes were isolated from the wild type NRRL-Y-11430 strain and from a culture after 
CYPtr production. In all cytochrome c reductase assays, the same amount of microsomal 
protein, i.e. 0.1 mg, was added and it was investigated whether the microsomes collected after 
CYPtrCPRtr production showed an increased reductase activity (Figure 3.25). Indeed the 
microsomes with the chimer showed an increased reductase activity compared to both the wild 
type microsomes and the microsomes with CYPtr. Within seconds, equilibrium is reached in 
A 
B 
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case of the chimer. The reductase domain of the chimer is thus active. Of note, recombinantly 
producing CYPtr in P. pastoris seems to minorly influence the reductase activity of the 
microsomal fraction. Performing an unpaired t-test yields a p-value of 0.0325, showing that the 
slope is significantly more steep in case of CYPtr-containing microsomes, compared to the wild 
type microsomes.  
 
Figure 3.25: Cytochrome c reductase assay of microsome samples after CYPtrCPRtr production compared to 
CYPtr production and no recombinant production (i.e. wt). CYPtrCPRtr-containing microsomes reach equilibrium 
within seconds, which is not the case for the two other microsome samples. The average of three technical 
replicates is shown. 
Many examples are reported where the reductase domain of CYP102A1 from B. megaterium is 
used in an artificial fusion enzyme [271]. In our effort to produce a self-sufficient DCA 
producing enzyme, this reductase domain (BMR) was used to create an alternative chimer. 
BMR was N-terminally fused to the C-terminus of CYPtr using the natural linker of 
CYP102A1, consisting of residue 459 to 478 according to Sevrioukova et al [190]. CPEC was 
applied for molecular cloning of bmr into the cyptr-containing pPICZαB vector. Again, a small 
scale expression test with three picked Pichia colonies was performed, followed by a western 
blot analysis of the medium, lysate and microsomal fraction (Figure 3.26A, B and C, 
respectively). Similarly as for the CYPtrCPRtr chimer, the enzyme remained bound to the 
microsomal membrane and degradation was observed. 
 
 
Figure 3.26: Western blot after small-scale expression test of three colonies picked after cyptrbmr transformation 
in P. pastoris. A: concentrated medium samples. B: cell lysate. C: isolated microsomes. The fusion enzyme 
CYPtrBMR (123 kDa, 132 kDa in case of an unprocessed signal sequence) is produced but not secreted to the 
medium. The fusion enzyme is retained in the microsomal membrane. 
The microsomes were checked for activity in the same way as described for CYPtrCPRtr. 
Product was extracted with diethyl ether after an enzymatic assay for subsequent methylation 
and GC-MS analysis, and an NADPH oxidation assay was performed as well (data not shown). 
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Both assays showed that no oleic acid was converted nor substrate induced uncoupling 
occurred. Presence of the CYPtrBMR fusion enzyme in the microsomes did lead to increased 
reductase activity using the nonphysiological redox partner cytochrome c (Figure 3.27).  
 
 
Figure 3.27: Cytochrome c reductase assay of microsome samples after CYPtrBMR production compared to CYPtr 
production and no recombinant production (i.e. wt). CYPtrBMR-containing microsomes showed a higher 
reductase activity. The average of three technical replicates is shown. 
3.4 Are the truncations and/or presence of the α-factor secretion signal 
leading to inactivity? 
3.4.1 Recombinant production of the nontruncated CYP52A13 
The first exploratory experiments using CYPtr showed that the truncated enzyme remained 
bound to the microsomes and was not secreted to the medium. In the enzymatic assays, no 
conversion to the desired DCA occurred, nor was there any increased substrate-induced 
NADPH consumption. In the chimeric constructs, we observed CPR activity, and thus it was 
concluded that lack of activity is due to inactive CYPtr. It was also attempted to recombinantly 
produce CYP52A13 in a nontruncated form (CYPnt) in P. pastoris. In this way, it was 
investigated whether or not the truncations led to the loss of activity. Using a nontruncated form 
would additionally allow for the optimization of a self-sufficient chimer in its natural 
environment of the ER membrane, before continuing with solubilization efforts. Furthermore, 
a positive control could be created in this way.  
 
CYPnt_pPICZA was linearized and transformed in P. pastoris NRRL-Y-11430. Six colonies 
were picked and tested in a small scale expression test. No Histag is present so not western blot 
but Coomassie staining of the SDS-PAGE gel was performed (Figure 3.28). As there are no 
truncations, CYPnt should reside in the microsomal fraction. To identify the gel band, 
coinciding with CYPnt, a microsome sample of the empty wild type P. pastoris strain was taken 
along. Comparing the profile of the six different colonies to the wild type microsome sample 
shows a different pattern between 50 and 75 kDa, the region where CYPnt (60 kDa) is expected. 
Gel bands were cut out in this region and analysed by MALDI-TOF MS (data not shown). The 
more intense band around 75 kDa was identified as the peroxisomal alcohol oxidase 1 (AOX1). 
Upon methanol induction, AOX1 can account for up to 30 % of the total soluble protein [312]. 
It is thus not surprising that AOX1 is contaminating isolated fractions. The two bands around 
50 kDa were identified as the mitochondrial ATP synthase subunits α and β (ATP1 and ATP2). 
The ATP synthase subunits are found in the inner membrane of the mitochondria and were 
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reported to contaminate isolated microsomal fractions before [325]. The intermediate bands 
could not be identified. However, if CYPnt would be produced to a high yield, this should be 
visible as a prominent band in the 50-75 kDa region on gel. Efforts were done to improve the 
microsome isolation protocol in order to further enrich the microsomal proteins leading to the 
identification of recombinant CYPnt. Including additional wash steps of the microsomal 
fraction resulted in identification of several additional proteins in the aforementioned MW 
region, however, not leading to the identification of CYPnt (data not shown). Moreover, 
enzymatic cell lysis instead of mechanical cell lysis with glass beads was performed in order to 
leave peroxisomes and mitochondria intact and isolate these organelles using intermediate 
centrifugation speeds. Alternatively, a prolonged expression phase of 72 h and 96 h was 
executed in an attempt to increase the CYPnt yield. However, CYPnt could not be identified in 
any case (see Addendum).  
 
 
Figure 3.28: SDS-PAGE analysis of 20 µg microsomal protein after small-scale expression test of six colonies 
picked after cprnt transformation in P. pastoris. Gel bands in the blue rectangle were cut out for MALDI-TOF MS. 
CYPnt (60 kDa) was not identified in the analysed gel bands. 
In parallel to the MALDI-TOF MS identification efforts, enzymatic assays were performed as 
an alternative way to prove production of an active CYPnt. At first, it was again assumed that 
the endogenous CPR from P. pastoris could serve as the alternative redox partner and it was 
tested whether whole cells could be used to assess activity instead of performing in vitro assays 
using isolated microsomes. On the one hand, the substrate oleic acid was added during the 
expression phase. On the other hand, cells were collected after the expression phase, washed 
and resuspended in phosphate buffer for a subsequent whole-cell bioconversion assay. After 
bioconversion, the products were extracted with diethyl ether and methylated for subsequent 
GC-MS analysis. Oleic acid was completely consumed after 24 h and no corresponding DCA 
appeared in the GC chromatogram (Figure 3.29). The same was observed in case of the in vitro 
whole-cell bioconversion assay, i.e. complete consumption of oleic acid without the appearance 
of DCA (data not shown). Although also 18-hydroxyoleic acid could be the final product, which 
is not detected with the applied GC-MS protocol, it is more likely that the oleic acid was 
completely consumed by β-oxidation in the peroxisomes. Upon methanol induction, it is known 
that the peroxisomes proliferate. Also FAs can be used as the sole carbon source and addition 
of FAs as well leads to peroxisome proliferation [326]. Therefore, further enzymatic assays 
were performed with isolated microsomes. 
 




Figure 3.29: GC chromatogram of samples taken during an in vivo bioconversion assay. Oleic acid was added to 
the P. pastoris culture during the cypnt expression phase and samples were taken every 12 h. Oleic acid was 
completely consumed after 24 h without DCA formation (expected RT = 27.45 min). 
Microsomes were isolated and used in different enzymatic assays. First NADPH oxidation was 
monitored in presence and in absence of the substrate oleic acid. No difference in the rate of 
consumption was observed (data not shown). In another assay, the diethyl ether extract, 
collected after conversion, was silylated and analysed by GC-MS. No 18-hydroxyoleic acid, 
nor 1,18-octadecendioic acid was found in the chromatogram (data not shown). Of note, in both 
assays, recombinant CPRtr was added. As described before, the isolated CPRtr had a low 
activity per ml so it can be disputed whether this was enough to deliver the required electrons 
to CYPnt. 
 
Using SDS-PAGE and subsequent MALDI-TOF MS of excised gel bands did not result in the 
identification of CYPnt. Also the performed enzymatic assays came back negative. Therefore, 
it was decided to add a Histag C-terminally to CYPnt enabling the use of the more sensitive 
western blot analysis. Additionally, it was asked whether the expression yield could be 
improved by altering the translation initiation sequence. Invitrogen proposes the following 
sequence as a suitable translation initiation sequence for high expression (G/A)NNATGG, that 
is the so-called Kozak sequence. First, the Histag-containing enzyme was constructed by PCR 
using back-to-back primers, followed by NheI digest and ligation. Back-to-back primers were 
then applied as well in order to modify the translation initiation sequence, resulting in the 
following sequence GAGATGGGT. A Gly residue was inserted between Met and Thr with the 
aim of introducing the guanine base following the ATG start codon. Three colonies were picked 
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upon transformation of P. pastoris with the linearized plasmid in each case for a small scale 
expression test. Microsomes were subsequently collected and analysed by western blot (Figure 
3.30). Only a very light signal is observed in the 50-75 kDa region in case of CYPntHis. This 
coincides with the expected MW of 60 kDa. This very low signal shows that the expression 
yield is low and explains why CYPnt proved so difficult to find on SDS-PAGE gel. After 
introduction of the Kozak sequence, no enzyme was present in the microsomal fraction, based 
on western blot analysis. It could thus be concluded that the introduction of this Kozak sequence 
did not improve the protein yield. 
 
 
Figure 3.30: Western blot after small-scale expression test of three colonies picked after both cypntHis and 
cypntHis_KozakSeq transformation in P. pastoris. CYPntHis (60 kDa) was only produced in a low amount. No 
CYPntHis is present after altering the translation initiation sequence (KozakSeq). 
Western blot analysis resulted only in a very low signal so other means of CYPnt identification 
and possibly quantification were considered. In this regard, an LC-MS method, multiple 
reaction monitoring (MRM), was applied for CYPnt detection and quantification in order to 
investigate which constructs lead to the highest enzyme yield. For MRM, there is no need for a 
Histag so the original CYPnt enzyme was again used. As the Kozak sequence did not lead to 
an increased CYPnt yield, another translation initiation sequence was investigated. The 
nontruncated form of CPR-a (from here on now referred to as CPRnt) shows to be produced 
well in P. pastoris (discussed below) and it was therefore chosen to substitute the 5’ region in 
cypnt with the 5’ region from cprnt, that is ACCATGGCA. Of note, this sequence also 
coincides with the suggested Kozak sequence as described above. This sequence was 
introduced using back-to-back primers in the same way as performed for the previous Kozak 
sequence. After transformation of the linearized plasmid in P. pastoris, a 100 ml expression test 
was performed, taking along the original CYPnt construct. Microsomes were isolated and 
prepared for MRM. In the sample preparation, BSA was added as an internal standard and the 
AUC was normalized using this internal standard. The AUC of CYPnt_TrlInCPRnt was 
adjusted relative to CYPnt and the results are shown in Figure 3.31. From this it was concluded 
that again, modification of the translation initiation sequence led to a decreased instead of an 
increased yield.  
 




Figure 3.31: Relative abundance of CYPnt before and after introducing the translation initiation sequence of 
CPRnt, determined by MRM. The total AUC for each peptide was calculated and normalized to BSA. The 
normalized AUC for each CYPnt peptide taken along in de analysis is shown. The normalized AUC of CYPnt was 
corrected to 1 and the construct with the alternative translation initiation sequence was corrected relative to CYPnt. 
The alternative translation initiation sequence leads to a decreased instead of an increased yield. 
3.4.2 Providing the redox partner for the nontruncated CYP52A13 
3.4.2.1 Chimeric construct 
CYP needs a redox partner for the delivery of electrons and for initial enzymatic assays, it was 
hypothesized that the endogenous CPR of P. pastoris might serve to this purpose. As no active 
system was obtained for designs based on this assumption, recombinant production of CPRtr 
was explored for the external addition in enzymatic assays. As described above, only low 
activity samples could be obtained and addition to either CYPtr or CYPnt, present in the 
microsome, did not lead to oleic acid-converting microsomes. Therefore, an artificial chimer 
was created between the CYPnt and BMR in the same way as described for CYPtr. Expression 
tests were performed in parallel with CYPnt and expression was difficult to prove for the 
chimeric construct as well. It was hypothesized that also in this case, only a very low yield was 
obtained. This was evidenced by a cytochrome c reductase assay, shown in Figure 3.32. A 
100 ml expression test was executed after which the microsomes were isolated, taking along 
CYPnt. The reductase activity of 0.1 mg microsomal protein after CYPntBMR production was 
compared to the reductase activity of 0.1 mg microsomal protein after CYPnt production and 
showed only a minor increase. Referring to Figure 3.27, presence of the BMR domain results 
in a marked reductase activity increase in the CYPtrBMR chimeric construct. A similar increase 
in reductase activity is not observed here, thereby confirming the low enzyme yield. Due to this 
low yield, no further efforts were done to construct CYPntCPRtr chimers. 
 




Figure 3.32: Cytochrome c reductase assay of microsome samples. A: CYPnt. B: CYPntBMR. 
3.4.2.2 Co-expression of the nontruncated CPR-a 
No active enzyme was yet obtained and several reasons could be ascribed to that. No suitable 
redox partner was present, that is neither the endogenous CPR from P. pastoris nor CPRtr or 
the BMR domain were sufficient. The truncations might lead to loss of activity, which could 
not be verified using the nontruncated form due to its low production yield. An attempt was 
done to prove the activity of CYP52A13 in P. pastoris by creating a positive control where 
CYPnt was co-expressed with a nontruncated form of CPR-a from C. viswanathii (CPRnt) in 
the ER of P. pastoris. It was hypothesized that co-expression of the natural redox partner CPRnt 
might be beneficial for CYPnt production as it has been reported that CYP production and 
stability are dependent on the co-expressed CPR [237], [327]. Interestingly, Gudiminchi et al 
optimized a high-throughput screening method for CYP production in P. pastoris by measuring 
the CO-bound difference spectrum of whole cells. They applied their protocol to investigate in 
which case CYP52A13 yields were the highest and saw that co-expressing CPR increased the 
CYP yield [327]. To this end, a co-expression plasmid was created where the cprnt expression 
cassette was cloned into the cypnt vector using a Golden Gate-inspired molecular cloning 
approach. To be able to linearize the obtained plasmid with the PmeI restriction enzyme for 
efficient integration into the genome of P. pastoris, the PmeI restriction site was removed from 
the cprnt vector by site directed mutagenesis before cloning the cprnt expression cassette into 
the cypnt vector. For rapid detection, constructs including a C-terminal Histag were used. A 
100 ml expression test was performed, taking along the CYPntHis construct. Microsomes were 
isolated and it was already evident from the collected pellet that CPRnt was present as the colour 
was markedly different from the microsomes containing CYPntHis alone (Figure 3.33A). The 
pellet appears to be more green-brown, the greenish colour coinciding with the presence of a 
blue semiquinone flavin and a yellow fully oxidized flavin [183]. Western blot analysis (Figure 
3.33B) shows a very intense signal, not only at the expected MW of 78 kDa (CPRnt) and 60 kDa 
(CYPnt), but a smear is seen. Therefore, it could not be concluded whether one of the two or 
both enzymes were produced and what the ratio between the two enzymes was.  
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Figure 3.33: A: Microsomal pellet isolated after (left) CYPntHis production and (right) CYPntHis-CPRntHis 
production. B: Western blot analysis of these isolated microsomes. No signal is seen for CYPntHis (60 kDa). After 
co-expression, a smear is observed, instead of two distinct signals coinciding with CYPntHis (60 kDa) and 
CPRntHis (78 kDa). 
The next step was to use these microsomes in an in vitro enzymatic assay. Not one but five 
different enzymatic assays were set up, selected from different sources, all assaying 
ω-hydroxylation (see 2.13.1). Subsequent to each assay, the extracted products were analysed 
by GC-MS upon silylation. Unfortunately, not one chromatogram showed the presence of 
18-hydroxyoleic acid or 1,18-octadecenedioic acid (data not shown). Here again it could be 
questioned whether this was actually due to an inactive CYPnt. The western blot in Figure 3.33 
shows an intense signal together with a lot of degradation whereas CYPntHis shows no signal 
at all. Even though CPRntHis co-expression could lead to an increased yield of CYPntHis, it 
was considered that most of the signal came from CPRntHis, based on other co-expression 
experiments (see below). This would mean that instead of a CYPntHis:CPRntHis ratio higher 
than one, as present in natural systems, the ratio is lower than one and an excess of CPRntHis 
is present. Indeed, Paddon et al reported it to be advantageous to express cpr from a weak 
promotor [132].   
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3.4.3 Evaluation of CYP52A13 constructs by mass spectrometry 
Throughout, many different constructs were made, which were characterized by a set of 
different techniques and assays. However, none of these tests allows to compare the actual 
production levels of recombinant CYP in the different set ups. Therefore, we designed a mass 
spectrometric assay implementing MRM to track the presence of CYP-derived peptides in 
tryptic digestions from protein extracts from the producing strains. Therefore, a milli-scale 
experiment was set up, where 2 ml cultures were grown in a 24-well deep-well plate. This 
allowed for the analysis of all constructs in parallel and in triplicate. Microsomes from the 
P. pastoris producing CYPtr were included in this experiment as well. Subsequent to growth 
and recombinant protein production, microsomes were collected and prepared for quantification 
by MRM. The abundance of eight peptides was quantified by determining the AUC and 
normalization to BSA (Figure 3.34). For each peptide, the abundances of the different 
constructs were significantly different from one another, as determined by one-way ANOVA 
(p < 0.0001 for all eight peptides). Tukey’s multiple comparison test further specified that the 
CYPtr construct was significantly more abundant than all CYPnt constructs, and this for every 
peptide. No significant differences were seen between the different CYPnt constructs, based on 
Tukey’s multiple comparison for the peptides shown in Figure 3.34A, B, C, D, E and H. In case 
of the peptide LYPSVPQNFR, the peptide abundance for CYPnt was significantly higher than 
for the CYPntBMR chimer, the CPRnt co-expression construct and both CYPnt constructs with 
an alternative translation initiation sequence (KozakSeq and TrlInCPRnt) (Figure 3.34F). In 
case of the peptide DGLSPVLVR, CYPnt was significantly more abundant than the CPRnt 
co-expression construct (Figure 3.34G). Although other differences were not significant, it 
could be seen that the applied CYPnt modifications did not lead to an increased, but rather to a 
decreased yield. It must be noted that peak tailing was observed in the MRM results, probably 
due to the many contaminants in the microsomal samples, e.g. presence of membrane fractions. 
However, the same general trend was observed for all eight peptides taken along in the analysis. 
Based on this evaluation, it could be concluded that the truncation and/or addition of the 
N-terminal tag leads to an increased protein yield. Although it must be considered that the 
truncation might enhance solubility and extraction efficiency in the sample preparation leading 
up to MRM, this increased yield was suspected based on earlier experiments. The western blot 
shows an intense signal for CYPtr in the microsome and in case of the CYPtr chimers, clear 
reductase activity was observed, which was not the case for the CYPnt chimer. 




Figure 3.34: Abundance of different CYP constructs in de microsome, determined by MRM. The total AUC for 
each peptide was calculated and normalized to BSA. The normalized AUC (average of three biological replicates) 
for each CYP peptide taken along in de analysis is shown. A: SDGTLIDFTLQR, B:AILATQFNDFSLGTR, C: 
TFDIQELFFR, D: FADYYVNK, E: QDGYVFLYELVK, F: LYPSVPQNFR, G: DGLSPVLVR, 
H: LGWAFLPFNGGPR. 
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3.4.4 Recombinant production of CYPtr in a HAC1 co-expressing strain 
The use of the HAC1 co-expressing strain showed promise in recombinant CPRtr production in 
that a markedly higher yield could be obtained, based on the peak area of the 100 mM imidazole 
fraction containing CPRtr. Additionally, instead of two bands, only one band appeared in both 
SDS-PAGE and western blot analysis, indicating that the α-factor secretion signal was correctly 
processed only in this HAC1 co-expressing strain. After producing CYPtr in the wild type strain 
NRRL-Y-11430, the enzyme was not secreted and appeared at a higher MW, indicating that 
the secretion signal was not processed. Therefore, cyptr was transformed in this HAC1 co-
expressing strain to see if also for this enzyme, the processing of the secretion signal was aided. 
Three colonies were taken along in a small scale expression test. A medium sample was 
concentrated and analysed by western blot, together with the lysate and the isolated microsomes 
(Figure 3.35). Remarkably, CYPtr was found in the medium in case of the second colony. A 
band is seen around the expected MW of 58 kDa, whereas this is not visible in case of the first 
and third colony. However, the enzyme is still partially retained in the microsomal fraction. 
 
 
Figure 3.35: Western blot of concentrated medium, lysate and microsome samples after small-scale expression test 
of three colonies picked after cyptr transformation in the HAC1 co-expressing strain. CYPtr (58 kDa, 67 kDa in 
case of an unprocessed signal sequence) is successfully produced and secreted in case of colony 2. In colony 1 and 
3, no secreted enzyme is observed and CYPtr is largely degraded. 
This observation prompted us to evaluate whether the chimeric constructs from 3.3 could be 
secreted as well using the HAC1 co-expressing strain. Three colonies of each chimeric construct 
obtained after transforming this P. pastoris strain were picked for a small-scale expression test. 
A medium sample was concentrated and microsomes were isolated for western blot analysis 
(Figure 3.36). Unfortunately, no enzyme was observed in the medium and the chimers were 
still retained in the microsomes. 
   




Figure 3.36: Western blot of concentrated medium and microsome samples after small-scale expression test of 
three colonies picked after chimer transformation in HAC1 co-expressing P. pastoris. A: CYPtrCPRtr (131 kDa, 
141 kDa in case of an unprocessed signal sequence), obtained by fusion PCR and by the substitution approach. B: 
CYPtrBMR (123 kDa, 132 kDa in case of an unprocessed signal sequence). Both chimeric constructs were not 
secreted but were retained in the microsomal fraction. 
We continued investigating colony 2, able to secrete CYPtr into the medium. Cells were grown 
in a 500 ml culture, followed by IMAC purification of the medium (Figure 3.37) and the 
different elution peaks were analysed by SDS-PAGE (Figure 3.38). No clear band was observed 
around the MW of 58 kDa, the expected MW of secreted CYPtr. In both the 10 mM and 
100 mM imidazole elution peak, an intense band was observed at a lower MW. In the 100 mM 
imidazole elution peak, two additional bands were seen. All these gel bands were cut out for 
MALDI-TOF MS. Unfortunately, CYPtr could not be identified and elution peaks contained 
contaminants only.  
 
 
Figure 3.37: IMAC chromatogram of CYPtr purification from the medium after expression in a 500 ml culture. 
The right chromatogram shows the elution profile in more detail. 
  




Figure 3.38: Analysis of IMAC elution peaks, desalted and concentrated after CYPtr (58 kDa) purification Figure 
3.37. The gel bands were cut out and analysed by MALDI-TOF MS. The higher MW gel band in the 100 mM 
imidazole elution peak was identified as dihydroxyacetone synthase variant 2 (DAS2).The gel band in between 37 
kDa and 50 kDa, present in both the 10 mM and 100 mM imidazole elution peak were identified as formate 
dehydrogenase (FDH). No CYPtr was identified. 
Efforts were made to improve the yield of secreted CYPtr. To this end, colony 2 was further 
investigated in 2 ml culture experiments using 24-well deep-well plates. Using these milli-scale 
cultures allowed for testing multiple different additives and constructs to be performed in 
triplicate. In a first experiment, it was tested whether medium supplementation with either iron, 
δ-aminolevulinic acid (5-ALA), hemin or a combination of all three would increase CYPtr yield 
in the medium. Even though P. pastoris possesses the heme biosynthetic pathway and CYP 
intracellular production in P. pastoris has been accomplished without medium supplementation 
[328]–[333], the endogenous heme might not suffice to support the recombinant production and 
secretion of CYPtr. For example, for the recombinant production and secretion of another heme 
protein, heme peroxidase, in P. pastoris, the addition of hemin increased the yield of active 
enzyme in the medium [334]. Seven different conditions were tested and compared to the non-
supplemented condition. Each of the three additives were added separately in two different 
concentrations, and a combination of the three additives was used in the seventh condition. The 
medium was collected after growth and recombinant CYPtr production and concentrated for 
subsequent western blot analysis (Figure 3.39). In each case, CYPtr was successfully secreted 
and indeed, more intense bands were observed although not to a large extent. Especially the 
supplementation with 0.5 mM 5-ALA and with a combination of the three additives consistently 
showed more intense bands across all three blots.  
 
 
Figure 3.39: Western blot of DOC-TCA concentrated medium samples after milli-scale expression test in 24-well 
deep-well plates. Seven different medium supplementations were tested and compared to a non-supplemented 
culture. The three blots show the three biological replicates. * = 0.1 mM FeSO4, 0.1 mM 5-ALA and 3 µM hemin. 
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It has been mentioned above that co-expression of CPR can markedly influence CYP 
production and stability. In parallel to the construction of a cypntHis-cprntHis co-expression 
vector, a cyptr-cprntHis co-expression vector was created. Eight colonies were picked upon 
transformation, of which only four contained both cyptr and cprntHis, based on colony PCR. 
These four colonies were subsequently grown for a small-scale expression test after which a 
medium sample was taken, concentrated and analysed by western blot. It was seen that CYPtr 
was present in the medium in a higher yield after CPRntHis co-expression (Figure 3.40A). 
CPRntHis indeed was produced, as shown by western blot of the isolated microsomes (Figure 
3.40B). Of note, CYPtr contains an N-terminal Histag, whereas the Histag of CPRntHis is 
present at the C-terminal end. The anti-His antibody used for CPRntHis detection by western 
blot is specific for the Histag at the C-terminus. The signal seen in the microsomes (Figure 
3.40B) is thus expected to be specific for CPRntHis and should not give a false positive due to 
CYPtr retained in the microsomes. The MW of CPRnt is much higher than of CYPtr (both 
enzymes differ in MW by 20 kDa). However, they appear to be equal in MW on blot raising 
questions about the nature of the signal in the microsomal extract. It must be noted that the 
western blot marker is not suited for exact MW determination, especially in the higher MW 
region, as in this region the marker is often overdeveloped and consequently, individual marker 
bands become more difficult to distinguish. 
 
 
Figure 3.40: Western blot after small-scale expression test of four colonies picked after cyptr-cprntHis co-
expressing vector transformation in HAC1 co-expressing P. pastoris. A: Concentrated medium samples. The anti-
His-HRP antibody (MA1-21315-HRP, Invitrogen) was used for CYPtr (58 kDa) detection. B: Microsomes. The 
anti-His(C-term)-HRP antibody (R931-25, Invitrogen), specific for C-terminal Histags, was used for CPRntHis 
(78 kDa) detection. 
Further efforts for CYPtr yield improvement and purification optimizations were set aside. It 
was decided to focus on obtaining an active enzyme first because only then it becomes of 
interest to also optimize the production and purification process. 
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4.1 The truncated CYP52A13 is not active 
The original aim of this work was to create an enzyme reactor for the synthesis of long-chain 
α,ω-DCAs. Therefore, we designed constructs to deliver soluble forms of the CPR-a and 
CYP52A13 that could be introduced in such a reactor. Unfortunately, while we could achieve 
recombinant production of the proposed truncated form of CYP52A13, this did not result in an 
oleic acid-converting construct. This can be due to either an incompatibility with the redox 
partners used, or due to inherent inactivity of CYPtr. 
 
Three alternative redox partners were considered for the delivery of electrons from NADPH to 
CYPtr; (1) the endogenous CPR from P. pastoris, (2) CPRtr, either recombinantly produced 
and added to the microsomes as a separate enzyme, or fused to CYPtr, and (3) BMR, fused to 
CYPtr. 
 
In the first assays, the use of endogenous CPR from P. pastoris as a redox partner did not result 
in DCA formation, nor was NADPH consumed to a higher extent upon substrate addition. In 
fact, several examples were found in literature where the low level of endogenous CPR from 
P. pastoris was able to reduce the recombinant CYP [328]–[333]. However, other CYPs did 
not show activity when this CPR served as the only redox partner [335] and it is a generally 
used strategy to overexpress either the homologous or a heterologous CPR when CYP is 
recombinantly produced in P. pastoris [237], [331], [336]–[338]. Also fusion to the reductase 
domain of the self-sufficient CYP102A1 did not yield an active protein product. It is 
documented that changing the redox partner can have a marked influence on the catalytic 
properties of CYP [264]–[267]. Therefore, it was decided to focus further on using the native 
redox partner CPR-a. 
 
In a first series of experiments, an attempt was done to produce CPRtr in a soluble and secreted 
form using the expression host P. pastoris. Indeed, CPRtr could be purified from the medium 
of the NRRL-Y-11430 strain by IMAC. Herein, secreted CPRtr proved to be active towards the 
nonphysiological redox partner cytochrome c. However, no increased NADPH consumption 
was seen upon substrate addition, indicating that the delivery of electrons to CYPtr was not 
accomplished. On the one hand, this can be ascribed to the low activities obtained. On the other 
hand, it must be considered that CPRtr might not be able to deliver electrons to CYPtr. It has 
been reported in literature that the binding site of CPR to either cytochrome c or CYP overlaps 
[202], negating the hypothesis that truncating CPR prevents interaction with its redox partner. 
However, we remind that the very first CPR crystal structure to be resolved, i.e. rat CPR 
obtained after a limited trypsin digest, was able to reduce cytochrome c but not CYP [191]. 
Therefore, it cannot be excluded that our CPRtr is unable to reduce our CYPtr. In the course of 
this PhD study, the structure of a N-terminally truncated CPR-b from C. tropicalis strain 1230, 
has been resolved [195]. This reductase shares 98.7 % amino acid sequence identity with CPR-a 
and the activity was similar. He and Chen inferred that the allelic cpr variants from C. tropicalis 
1230 were the same as those from C. viswanathii ATCC 20336 [310]. Ebrecht et al showed that 
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this truncated CPR was able to not only reduce cytochrome c, but also CYP (more specifically 
CYP52A21 from C. albicans) [195]. It must be noted that they only deleted amino acids 2 to 
22. One might thus wonder if the truncation applied in this dissertation (36 residues were 
deleted), led to an inability to interact with CYPtr. We based our design on the report of a 
truncated CPR from S. cerevisiae. In earlier reports of self-sufficient CYP construction, Shibata 
et al published a study where this CPR from S. cerevisiae was truncated differentially for its 
use in a CYP17A1 chimeric construct. They reported that the deletion of up to 53 amino acids 
all resulted in 90-95 % progesterone conversion, be it with different 17α-hydroxylase activities 
[269]. This strengthens the hypothesis that indeed our CPRtr cannot only reduce cytochrome c 
but CYPtr as well. 
 
Throughout the expression experiments, it became evident that the CPRtr was very unstable, 
which is likely to be the result of removing the enzyme from its membrane environment. High 
yields could not be obtained and a high amount of intracellular degradation was observed as 
well, indicating folding issues and consequently directing the misfolded protein to the 
cytoplasm for degradation. Furthermore, using the recombinant host co-expressing HAC1, 
precipitation issues during enzyme purification occurred. In fact, the latter strain led to a 
significant yield increase and improved removal of the secretion signal. This was concluded 
based on two results. Firstly, it was observed that only one band appeared with the right MW 
on blot, whereas two bands were visible after CPRtr production in NRRL-Y-11430. The two 
bands differed only slightly in MW and it was thought that this resulted from an unprocessed 
signal sequence. Only one band appears upon HAC1 co-expression, indicating that the signal 
sequence was processed correctly in that case, which might lead to increased secretion. Indeed, 
the co-expression of HAC1 has been shown to aid in the signal sequence processing in efforts 
to produce the adenosine A2A receptor [315] and increased yield of secreted protein has been 
reported with this strain [339]. Secondly, a significant increase of the absorption peak eluting 
with 100 mM imidazole was observed in case where no precipitation occurred either during 
sample preparation preceding IMAC or during sample loading on the HisTrap column. CPRtr 
produced in the HAC1 co-expressing strain could not be recovered in any case, and thereby 
proved to be highly unstable. These instability issues appeared to be more pronounced than in 
case of CPRtr production in NRRL-Y-11430. From this, it was hypothesized that inclusion of 
the cofactors FAD and FMN became more limiting, whereas in the wild type strain, the lower 
production rate can be better followed by cofactor inclusion. This hypothesis could theoretically 
be confirmed by measuring the FAD and FMN concentrations spectrophotometrically and 
compare these to the CPRtr concentration. The concentration of CPRtr in crude samples can be 
determined based on the cytochrome c reductase activity [340]. Alternatively, total protein 
concentration can be measured from a pure CPRtr sample. However, the enzyme was already 
lost during the first steps of enzyme collection and aforementioned assays are therefore not 
possible without further optimizations.  
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CPRtr was fused N-terminally to the C-terminus of CYPtr in an effort to create a self-sufficient 
CYP. By creating a chimer, it was no longer necessary to separately produce CPRtr, which 
proved to be difficult and where yields, too low for functional assays, were obtained. Clear 
cytochrome c reducing activity was observed by the CPRtr, present as the reductase domain of 
the created self-sufficient CYPtr. If the truncated reductase indeed is able to reduce CYPtr as 
well, as discussed above, than why was oleic acid not converted? Several possible answers can 
be given to this question. Uncoupling reactions always occur to some extent and these increase 
when for example the substrate does not fit the binding pocket well or alterations are made 
concerning the redox partner [176]. Theoretically, the construction of a self-sufficient enzyme 
should increase coupling efficiency by improving the electron transfer. However, coupling 
might not be sufficient in this chimer for efficient reduction of CYPtr. The possibility of 
uncoupling was addressed in this dissertation by assaying whether NADPH was increasingly 
consumed in presence of oleic acid compared to NADPH consumption in absence of oleic acid 
by microsomes after recombinant expression. If substrate binding occurs, followed by the 
delivery of electrons from NADPH to CYPtr via CPRtr, it was expected that an increased 
NADPH consumption would be observed. If increased NADPH consumption does not match 
the level of FA hydroxylation, uncoupling occurs through one of the three shunts 
(autooxidation, peroxide and/or oxidase shunt). However, no such increased NADPH 
consumption was seen. Taken together with the absence of hydroxylated products in the GC 
chromatograms, this led to the conclusion that no hydroxylation, nor uncoupling is happening. 
Next to these shunt pathways, other uncoupling reactions, independent of substrate binding, 
have been mentioned in literature [176]. For example, the reduced flavin cofactors of CPR could 
interact with molecular oxygen, whereby ROS are formed [195], possibly harmful for the 
recombinant CYP. In fact, such an assay was performed, measuring the formed hydrogen 
peroxide after complete oxidation of NADPH, and 3.54 % of the added NADPH resulted in 
hydrogen peroxide formation (data not shown). No excessive uncoupling reactions thus seem 
to happen. To finally address whether CPRtr can transfer electrons to CYP, one could exploit 
the fact that the reduced CO-bound form shows a characteristic absorption peak at a wavelength 
of 450 nm. Hayashi et al showed how the redox partner was able to reduce the heme group by 
observing an increased 450 nm absorption peak upon NADPH reduction in presence of CO and 
substrate [341]. Unfortunately, we did not have access to facilities to produce CO-bound CYPtr. 
 
An aspect that has not been covered, is the involvement of cytochrome b5. Three possible 
contributions of this enzyme have been reported, i.e. cytochrome b5 has an allosteric effect, it 
delivers the second electron to CYP or both electrons are delivered by cytochrome b5 [139]. 
Functional assays performed by Eschenfeldt et al proved that CYP52A13 and its native redox 
partner CPR-a actively convert oleic acid when recombinantly produced in insect cells. No 
cytochrome b5 was added or co-expressed [24]. Therefore, it was hypothesized that this third 
enzyme partner was not required for activity. However, addition of this enzyme or co-
expression might still be valuable. For example it has been reported to positively influence the 
coupling efficiency of chimer constructs in several cases [271]. 
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The fact that the reductase domains showed to be active, together with the absence of substrate-
induced uncoupling, would lead to the conclusion that CYPtr is not active. It might be asked 
whether the truncated form is correctly folded and present as a holo-enzyme and if the substrate 
is able to bind in the active site in presence of the unprocessed secretion signal. These questions 
as well could be further addressed by means of spectrophotometric assays. Upon reduction of 
and CO binding to the heme-iron, the Soret peak of the substrate-free enzyme shifts from 418 
nm to about 450 nm. This only occurs if cysteine thiolate is retained as the proximal ligand, 
thereby proving correct folding. Furthermore, substrate binding could be assessed by 
spectrophotometrically measuring the Soret peak shift occurring upon substrate binding. The 
Soret peak shifts to 390 nm upon conversion of the low spin state to the high spin state of the 
heme-iron. This happens when the substrate binds and thereby displaces the axial water ligand 
[177].  
 
The location of CYPtr needs further consideration as the truncated enzyme contains an α-factor 
secretion signal, thereby directing the enzyme post-translationally to the ER for subsequent 
processing and secretion through COPII vesicles. However, no secretion was observed using 
P. pastoris NRRL-Y-11430 and the enzyme was found in the microsomal fraction. Normally, 
class II CYPs are anchored in the ER membrane via the N-terminal transmembrane helix at the 
cytosolic side. However, this anchor was removed in CYPtr and replaced by the α-factor 
secretion signal aiming for translocation inside the ER lumen. Is CYPtr retained at the cytosolic 
side? The protein is translocated post-translationally into the ER lumen. If the protein is already 
folded in the cytoplasm, this translocation is blocked and the CYPtr would thereby be present 
at the cytoplasmic side. A hydrophobic patch, consisting of the N-terminal part of the catalytic 
domain and the F-G loop, was reported to enable additional membrane interaction. As the F-G 
loop was kept intact due to involvement in substrate binding, membrane interaction might still 
occur through this hydrophobic patch. Alternatively, CYPtr might be retained in the ER lumen 
[342]. This would be an alternative reason why both the endogenous CPR from P. pastoris and 
the recombinant CPRtr would not be able to reduce CYPtr. Furthermore, glycosylation already 
starts in the ER lumen, which might be a reason for the seemingly higher MW observed in 
Figure 3.8. In case of the chimeric construct, it was hypothesized that the enzyme was not 
translocated across the ER membrane into the ER lumen. On the one hand, the chimer was 
retrieved in the soluble supernatant around the expected MW upon washing microsomes with 
a high salt buffer. On the other hand, reducing activity was observed for the chimeric construct 
upon addition of cytochrome c and NADPH. Based on the chimeric construct results, it was 
hypothesized that the lack of oleic acid conversion could be attributed to an inactive CYPtr 
enzyme. 
 
The different questions that were asked throughout the discussion are shown in light of the 
catalytic mechanism in Figure 3.41. 
 




Figure 3.41: Catalytic mechanism including the different questions that were asked throughout this discussion. 
4.2 The yield of CYP52A13 in a nontruncated form is too low for functional 
assays 
The first assays showed that CYPtr did not actively convert oleic acid. To eliminate the question 
whether the truncations were the cause of this inactivity, it was decided to start producing 
nontruncated CYP52A13 in the native ER environment before testing alternative truncations. 
Using CYPnt, the intention was to test different linkers, and play with the amount of deleted 
residues in the CPR N-terminus, in order to acquire the self-sufficient CYP with the best 
possible coupling efficiency. However, it quickly became clear that CYPnt production in the 
heterologous host P. pastoris was not straightforward and only low yields were obtained. 
Eschenfeldt et al used insect cells for the recombinant production of CYP52A13 and CPR-a 
and they as well could not identify their recombinant proteins by SDS-PAGE analysis, 
visualized by Coomassie-staining [24]. Performing activity assays, they showed that only about 
10 % oleic acid was converted to both OHFA and DCA. Therefore we pursued an increased 
CYPnt yield. Unfortunately, this was unsuccessful. Even though yeasts, being eukaryotes, 
possess the ER required for class II CYPs, it thus still proves to be advantageous to modify the 
N-terminus. Indeed, Schoch et al and Galanie et al reported that modifying the N-terminus of 
class II CYPs improved recombinant production in yeast [237], [238]. Schoch et al reported 
that this could be ascribed to the limiting space in the ER membrane. Galanie et al observed 
that their CYP enzyme (SalSyn) was present as three forms with different MWs. This was 
ascribed to the incorrect processing of the N-terminus, thereby orientating the CYP towards the 
ER lumen, amendable for glycosylation. Altering the N-terminus, enabled correct processing 
and a higher activity was accomplished. In this dissertation, an alternative N-terminal artificial 
sequence is thereby provided to increase the CYP yield in P. pastoris, i.e. the N-terminal tag, 
described by Lamb et al for the crystallization of CPR from S. cerevisiae [193]. Due to the fact 
that higher yields were obtained with this tag but the construct did not prove to be active, 
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alternative truncations might be tested. It must be noted that the CYP yield can differ from one 
strain to another, as well as differ between different recombinant hosts. For example, Hausjell 
et al demonstrated that the highest yield for the plant CYP chalcone 3-hydroxylase was obtained 
with the P. pastoris MutS strain KM71H, compared to Mut+ strains GS115 and SMD1168H. 
It was hypothesized that this difference could either be ascribed to a reduced stress, due to the 
fact that no high levels of AOX1 are being produced, or due to the reduced formation of 
hydrogen peroxide. Also the two Mut+ strains showed different expression yields [234] and 
CYPs have been successfully produced in Mut+ strains as well [328], so both MutS and 
alternative Mut+ strains might be tested in parallel in order to look for the best producing strain. 
 
In order to obtain a positive control, as well as to increase CYPnt yield, a co-expression 
construct was created. Unfortunately, the results indicated a large imbalance between CYPntHis 
and CPRntHis production, with CPRntHis being produced to a much higher level and showed 
to decrease instead of increase CYPntHis yields. It has been stated that CPR as well can attribute 
to uncoupling by delivering the electrons from NADPH to molecular oxygen instead of CYP. 
The high level of CPRntHis might thus lead to increased ROS production, possibly inactivating 
CYPntHis. Indeed it has been reported that it is advantageous to express cpr from a weak 
promotor [132]. As such, a positive control could not be created. Alternatively, microsomes 
from C. viswanathii ATCC 20962 were isolated after inducing the culture with oleic acid. 
However, it proved to be difficult to remove the oleic acid and formed DCA from the isolated 
microsomes, thereby interfering with subsequent activity assays. Indeed, alternative substrates 
could be used in order to induce expression of the CYP52A13 encoding gene, such as the alkane 
octadecane. However, it must be considered that these microsomes also contain other CYPs 
which are induced upon oleic acid addition, e.g. CYP52A17 [23]. For these reasons, attention 
first went to the recombinant CYPnt production in P. pastoris. 
 
4.3 A first step towards the production of a soluble secreted class II CYP 
has been made 
A remarkable result was the secretion of CYPtr in the medium when produced in the HAC1 
co-expressing P. pastoris strain. To our knowledge, this is the first report of a soluble and 
secreted class II CYP. Unfortunately, this was only obtained in small-scale experiments. After 
a midscale expression test and IMAC purification, no CYPtr was recovered. Instead, DAS2 and 
FDH were found in the first two elution peaks. Both enzymes are important catalysts of the 
methanol utilization pathway and can take up 20 % of the total protein content upon methanol 
induction [312]. DAS2 resides in the peroxisome whereas FDH is localized in the cytosol. 
Although the optical density of this midscale culture was not significantly lower than observed 
during other protein production experiments, this might still indicate a significant amount of 
cell lysis occurring during this midscale expression test. Further efforts are thus required in 
order to obtain soluble and secreted CYPtr in a sufficient yield for further applications. Clonal 
variations were seen and it appeared that colony 2 produced a more stable CYPtr than colony 1 
and 3. This might be ascribed to differences in gene copy numbers or different gene integration 
events (although efficient homologous insertion in the AOX1 locus is targeted due to digestion 
in the AOX1 promotor). However, clonal variations are not solely attributed to these factors 
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[343]. Therefore, it might be interesting to investigate differentially expressed genes between 
the three initial colonies.   
 
Whether CYPtr produced as a soluble and secreted enzyme can be used as a biocatalyst, is 
questionable. Whereas no degradation was observed in case of CYPtr production in NRRL-Y-
11430, where the enzyme was retained in its natural membrane environment of the ER, 
significant degradation was seen upon HAC1 co-expression and the CYPtr could not be 
purified. Removing the enzyme from its membrane environment proved to be a hard to 
overcome issue for further biocatalyst development. However, the N-terminal tag improved 
yields and increased solubility as it enabled secretion. Although the chimer CYPtrCPRtr was 
not secreted using the same strain, it could be retrieved in a soluble form using a high salt buffer 
and this in absence of detergents, further highlighting the value of this artificial N-terminal tag. 
 
5 Conclusion 
CYPs are very interesting enzymes for their large potential in industrial biocatalysis. 
Unfortunately, they are notorious for their instability and low activities. The class II CYPs come 
with an extra challenge, i.e. they are hydrophobic membrane-bound enzymes. CYP52A13, of 
interest in the production of long-chain α,ω-DCAs, as well proves to be difficult to produce 
recombinantly. Only low yields were obtained in the yeast P. pastoris and activity towards the 
substrate oleic acid could not be confirmed. Even so, an N-terminal modification was proposed, 
leading to increased yields in the strain NRRL-Y-11430, solubilization in absence of detergent 
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The part of this chapter describing CYP102A1 display on E. coli-derived OMVs as a proof-of-concept is in 
preparation for publication. 
 
Abstract 
The cytochrome P450 (CYP) monooxygenase superfamily has large potential in synthetic 
biology applications. For example, several CYPs have been shown to regioselectively oxidize 
fatty acids at their ω-position, such as the Candida viswanathii CYP52A13. This is of interest 
in the production of long-chain α,ω-dicarboxylic acids (DCA), as only a limited amount of long-
chain DCAs is commercially available and the price is elevated. CYPs are generally applied in 
fermentation processes, due to their low stability and the need for a redox partner and cofactor. 
Unfortunately, substrate uptake and/or product transport limitations are frequently encountered 
and side reactions occur due to other enzymes in the cellular environment. The production of a 
solubilized CYP52A13 was pursued for its use in an in vitro biocatalytic process for long-chain 
DCA production. However, this proved to be very challenging and no success was booked so 
far. Therefore, another route was taken, i.e. the display of a self-sufficient CYP on the surface 
of outer membrane vesicles (OMVs), derived from Escherichia coli. This strategy provides an 
in vivo immobilization technique, possibly enhancing stability of CYP enzymes. Using the self-
sufficient enzyme CYP102A1 from B. megaterium, a proof-of-concept could be delivered. 
Unfortunately, no DCA-producing catalyst was obtained. 
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Previous chapter showed that recombinant production of class II-type CYPs is not 
straightforward and requires a lot of time and effort for optimization. Producing CYP in a 
soluble form for industrial application is very challenging and no great successes have been 
booked so far. Therefore, an alternative approach for the application of class II-type CYPs in 
industrial catalysis was investigated, i.e. bacterial surface display and display on outer 
membrane vesicles (OMVs). Surface display offers some advantages over both fermentation 
and in vitro biocatalysis. By displaying the enzyme on the surface, substrate uptake and product 
transport limitations, which is a major hurdle in the production of long-chain α,ω-DCAs by 
fermentation, are circumvented. Moreover, the displayed enzyme is immobilized in vivo on the 
outer membrane, creating a membrane environment which could enhance stability of CYPs 
from class II. 
 
CYP102A1, the natural self-sufficient class VIII enzyme, has been displayed on the surface of 
E. coli using three different approaches. In a first publication, Yim et al used the ice-nucleation 
protein (INP) InaK from Pseudomonas syringae, in a truncated form [250]. INPs are found in 
plant pathogenic bacteria and are composed of three distinct domains: a N-terminal unique 
domain containing the membrane anchor, a C-terminal unique domain and a central repeating 
domain [251]. This central domain serves as a template for ice nucleation and was deleted, as 
this is not required for surface display [250]. In a second publication, Ströhle et al reported the 
display of CYP102A1 by Autodisplay. The so-called autotransporter AIDA-I  was used. This 
protein consists of an adhesin passenger with a translocator domain at the C-terminus, fused by 
a linker peptide. Ströhle et al displayed CYP102A1 by fusing the AIDA-I translocator 
(including the linker peptide) to its C-terminus and clone the corresponding nucleotide sequence 
in frame of the gIII signal peptide-encoding sequence from the pBAD gIII vector [254]. Thirdly, 
a very recent article reports the display of CYP102A1 by in situ SpyCatcher-SpyTag 
interaction. The Spycatcher protein was fused to the Lpp-OmpA hybrid surface display anchor. 
CYP102A1 was fused to the SpyTag peptide. Both proteins were expressed separately in 
E. coli, after which the SpyCatcher protein and SpyTag peptide form a covalent isopeptide 
bond, thereby coupling CYP102A1 to a membrane anchor posttranslationally, and enabling 
translocation to the surface of E. coli [255]. The surface display of class II-type CYPs on the 
surface of E. coli has been reported as well, i.e. human CYP3A4 and human CYP1A2. This 
was done by the group of Jose by means of Autodisplay [247], [249]. 
 
Gram-negative bacteria are known to produce OMVs. These are spherical particles of 20-
250 nm, derived from the outer membrane (OM). Numerous functions have been ascribed to 
these OMVs such as biofilm formation, pathogenesis and communication [344]. In our lab, 
OMVs have been investigated in frame of the multidrug-resistant Stenotrophomonas 
maltophilia [345]–[347]. OMVs have emerged as a valuable vaccine delivery vehicle as they 
are able to modulate the immune response and much research has already been done to engineer 
these OMVs in order to obtain fit-for-purpose vesicles [348]. Next to vaccine delivery, OMVs 
have been suggested to serve as synthetic nanoreactors. Park et al were able to display a scaffold 
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protein of 107 kDa on the surface of OMVs derived from E. coli, using an INP of P. syringae. 
Several enzymes were assembled on this scaffold, resulting in OMVs able to hydrolyse 
cellulose. The display on OMVs led to a marked activity increase when compared to the same 
scaffold, surface displayed on yeast cells [349]. It was hypothesized that this was due to the 
nanoscale dimension of the OMVs, leading to a higher enzyme:volume ratio and improved 
substrate accessibility, in contrast to the microscale dimension of a yeast cell [350]. Therefore, 
this approach caught our attention.   
 
In normal conditions, E. coli produces only a low amount of OMVs. For the use of OMVs as a 
biocatalyst, inducing a hypervesiculating phenotype is preferred [350]. OMVs are formed by 
blebbing of the OM. This blebbing is thought to occur at regions where crosslinks are reduced, 
leading to decreased envelope stability (Figure 4.1) [344], [351], [352]. The Tol-Pal complex 
is composed of five proteins, that is TolA, TolB, TolQ, TolR and Pal, and spans the entire 
E. coli envelope. Non-covalent interactions between the peptidoglycan (PG) layer and the Tol-
Pal complex serves as one of the crosslinks, providing envelope stability. Deleting one or more 
of these Tol-Pal complex-encoding genes reduces the amount of crosslinks between the PG and 
the OM, consequently leading to increased vesiculation [353]. Next to the Tol-Pal complex, the 
deletion of other genes, encoding proteins involved in envelope crosslink modulation, were 
reported to result in a hypervesiculating strain, for example, knocking out the gene encoding 
the OM lipoprotein NlpI. It was hypothesized that this deletion resulted in a PG turnover 
imbalance. Proper crosslinking was therefore prevented, consequently leading to 
hypervesiculation [354], [355]. Not only reduced crosslinking, but also envelope stress was 
reported to be involved in OMV biogenesis (Figure 4.1). Disruption of genes involved in the 
σE stress response pathway, that is degS, degP and rseA, led to a marked OMV increase. This 
pathway is activated in response to misfolded protein in the periplasm and it was hypothesized 
that OMV formation was a result of protein accumulation, leading to bulging of the OM and 
finally secreting these accumulated proteins through OMVs [356]. Furthermore, OMV 
biogenesis occurs as a response to external factors such as temperature, nutrient availability and 
quorum sensing, where the quorum sensing molecule Pseudomonas quinolone signal (PQS) 
intercalates in the OM, thereby inducing membrane curvature and ultimately leading to OMV 
production (Figure 4.1) [344], [351], [352]. Several antibiotics as well have been shown to 
induce OMV production. Subinhibitory concentrations of antimicrobial peptides which 
intercalate with the membrane, such as polymyxin B and colistin, lead to increased vesiculation, 
where the OMVs serve as a protective response [357]. Similar phenomena were observed when 
using β-lactam antibiotics, which blocks PG synthesis and thereby impairing the cell wall 
integrity. Upon addition of β-lactam antibiotics to resistant bacteria, β-lactamase-containing 
OMVs are produced [346], [358]. In this context it is worth noting that also molecules inducing 
the SOS response (e.g. the antibiotic ciprofloxacin), have been reported to induce vesiculation, 
although not OMVs but outer inner membrane vesicles (OIMV) are formed as a result of 
explosive cell lysis [347], [352].  
 




Figure 4.1: (top) Cell envelope of the gram-negative bacterium E. coli. The envelope contains two membranes, 
i.e. the outer and inner membrane (OM and IM, respectively), with the periplasm, containing a peptidoglycan layer 
(PG), in between. The OM consists of an asymmetrical bilayered membrane, existing of a phospholipid inner 
leaflet and an outer leaflet containing lipopolysaccharides (LPS). Envelope stability is enabled through several 
crosslinks such as the covalent crosslink of Braun’s lipoprotein (Lpp) and the non-covalent interactions between 
the PG layer and the Tol-Pal complex (TolA, TolB, TolQ, TolR and Pal). (bottom) Several routes leading to outer-
membrane vesicle biogenesis. Deletion of TolA- and TolR-encoding genes reduces the amount of crosslinks, 
leading to hypervesiculation. Accumulation of misfolded protein leads to bulging of the OM and finally to 
secretion of these accumulated proteins through OMVs. Molecules, intercalating in the OM, induce membrane 
curvature and lead to OMV production. 
In this chapter, the surface display of a self-sufficient CYP, able to hydroxylate FAs at the 
ω-position, was investigated. Using CYP102A1, it was explored if the surface display could be 
taken one step further, i.e. if OMVs displaying CYP102A1 could be isolated. The INPs and 
Autodisplay have been put forward as the systems of choice for the display of complex and 
large proteins [252], [253], exemplified by their application in CYP display. The use of an INP 
was chosen for surface and OMV display in this dissertation, in analogy with the surface display 
of CYP102A1 by Yim et al [250] and the OMV display of INP-Scaf3 (107 kDa) by Park et al 
[349]. It was opted to display the two redox partners as one self-sufficient fusion enzyme, in an 
attempt to mimic the highly efficient self-sufficient CYP102A1. Additionally, only one enzyme 
needs to be translocated to the OM instead of two. When expressing two or more proteins using 
the same translocation pathway, competition occurs, reducing expression [252], [349]. Several 
hypervesiculating mutants, as well as polymyxin B induced strains, were tested for their ability 
to produce OMVs, displaying a self-sufficient CYP. 
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2 Material and methods 
2.1 Materials 
All chemicals were purchased from Sigma-Aldrich, unless specified otherwise. 
 
2.2 Strains and media 
For cloning as well as for surface display, the E. coli JM109 strain (New England Biolabs 
(NEB)) was used. Cells were grown in Luria-Bertani (LB) medium. LB consists of 1 % (w/v) 
NaCl (Merck), 0.5 % (w/v) yeast extract (Lab M) and 1 % (w/v) tryptone (Lab M). For agar 
plates, 1.5 % (w/v) agar (Lab M) was included. 100 µg/ml carbenicillin (Cb) (Gold 
Biotechnology) was added to medium and agar plates for selection of transformants and for 
plasmid maintenance during protein production. 
 
For OMV display, several deletion mutants were used next to E. coli JM109 and are shown in 
Table 4.1. Two of the deletion mutants were ordered from the Keio collection [359]. In this 
collection, a duplicate of each deletion mutant is present. They included two independent 
mutants due to the fact that handling errors, cross-contamination and accumulation of secondary 
mutations can occur in high-throughput experiments. Therefore, both replicates for each 
deletion mutant was ordered for evaluation. For cloning, precultures and OMV quantification, 
cells were grown in LB medium. Strains from the Keio collection were grown in the presence 
of 25 µg/ml kanamycin (Kan) (Labconsult). In case of protein production, LB medium or 
Terrific Broth (TB) medium was used. TB consists of 1.2 % (w/v) tryptone (Lab M), 2.4 % 
(w/v) yeast extract (Lab M), 0.4 % (v/v) glycerol and phosphate buffer (0.017 M KH2PO4, 
0.072 M K2HPO4). Alternatively, precultures were grown in non-inducing medium MDAG-135 
and protein production was performed in autoinduction medium ZYM-5052, as described by 
Studier et al [360]. Here as well, 100 µg/ml Cb (Gold Biotechnology) was added to medium 
and agar plates for selection of transformants and for plasmid maintenance during protein 
production. 
  
Table 4.1: E. coli deletion mutants, used for OMV display. 
Strain Deletion Source 
tolA 837 ΔtolA E. coli Keio Knockout Collection 
Horizon Discovery: OEC4987-200826250  
tolA 838 ΔtolA E. coli Keio Knockout Collection 
Horizon Discovery: OEC4987-213606638 
nlpI 863 ΔnlpI E. coli Keio Knockout Collection 
Horizon Discovery: OEC4987-200828301 
nlpI 864 ΔnlpI E. coli Keio Knockout Collection 
Horizon Discovery:  OEC4987-213605299 
JC8031 ΔtolRA Described in [353] 
Kindly provided by Prof. Dr. Laetitia Houot  
(Laboratoire d’Ingénierie des Systèmes Macromoléculaires, CNRS) 
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2.3 DNA constructs and molecular cloning 
InaK was truncated for its use as a surface display anchor, and is from here on now denoted as 
InaKtr. A construct was designed, consisting of the N- and C-terminal unique domains and a 
C-terminal Asp-Pro-Gly linker, as described by Yim et al [250]. Truncation of the central 
domain was performed based on the previous report of Shimazu et al [361], where they deleted 
the central domain except for subdomain 1 (an incomplete 32-residue repeat, which may serve 
as a transition between the N-terminal and the repeating domain) and one 48 residue repeat 
from subdomain 4. Furthermore, a NheI restriction site and sequence encoding a Histag of six 
His residues at the C-terminus were introduced (Figure 4.2). This construct was codon 
optimized, synthesized and cloned in the vector pMAL-c4x by GenScript. Cloning was 
performed in between restriction sites NdeI and EcoRI, thereby excluding the maltose binding 
protein encoding gene. The pMAL-c4x vector was chosen for its tac promotor, as this promotor 
was proposed to be optimal for recombinant CYP expression in E. coli [229], [230]. The 
construct will further be referred to as InaKtr_pMAL (see Addendum). 
 
 
Figure 4.2: Design of the truncated InaK surface display anchor. The gene encoding InaKtr was under the control 
of the tac promotor. InaKtr consists of the unique N-terminal and C-terminal domain. Subdomain 1 and one 48 
residue repeat from subdomain 4 were kept. At the C-terminus, a Asp-Pro-Gly linker was introduced, followed by 
a NheI restriction site, encoding Ala and Ser, and a Histag. The recombinant passengers are introduced in between 
the Asp-Pro-Gly linker and the Histag. 
For all molecular cloning experiments, Circular Polymerase Extension Cloning (CPEC), was 
applied as described in previous chapter (Chapter 3 - 2.4) and all primers are given in Table 
4.2. The gene encoding CYP102A1, otherwise denoted as BM3, was amplified from genomic 
DNA of Bacillus megaterium (kindly provided by Prof. Inge Van Bogaert (CSB, Ghent 
University)), using the primer pair ForBM3_CPEC InaKtr - RevBM3_CPECInaKtr. The 
InaKtr_pMAL vector was linearized and amplified using the primers ForInaKtr_CPECBM3 
and RevInaKtr_CPECBM3. The amplified bm3 gene was subsequently inserted in this 
linearized InaKtr_pMAL vector, in frame of the sequence encoding the Asp-Pro-Gly linker, 
preceding the NheI restriction site and the Histag encoding sequence, resulting in BM3 with an 
N-terminal InaKtr surface display anchor and a C-terminal Histag. The construct will be 
denoted as InaKtrBM3_pMAL. The final polypeptide chain is shown schematically in Figure 
4.3. 
 




Figure 4.3: Schematic representation of polypeptide chains for the surface and OMV display of (top) the natural 
self-sufficient CYP102A1 from Bacillus megaterium, also referred to as BM3 and (bottom) the artificial chimeric 
construct of truncated CYP52A13, fused to the reductase domain of BM3, linked by a flexible linker of five glycine 
residues. 
In order to place the expression of inaKtrBM3 under the control of the araBAD promotor, the 
complete coding sequence was amplified with the primers ForInaKtrBM3_CPECpBAD and 
RevInaKtrBM3_CPECpBAD () for insertion in the vector pBAD/Myc-HisA. The vector was 
amplified and linearized using the primers ForpBAD_CPECInaKtrBM3 and 
RevpBAD_CPECInaKtrBM3 (). 
 
For the surface display of a self-sufficient CYP52A13, the heme domain of BM3 was replaced 
by CYPtr (as described in Chapter 3 - 2.3) without the N-terminal tag. The native BM3 linker 
between the heme and reductase domain was replaced by a Gly-rich linker, in analogy with the 
optimized linker used for the so-called molecular lego approach as described by Degregorio et 
al [274] and Castrignano et al [275]. The insert gene encoding CYPtr was amplified from 
CYPtr_pPICZαB with the primers ForCYPtr_CPECInaKtr-BMR and RevCYPtr_CPECInaKtr-
BMR (Table 4.2). The InaKtrBM3_pMAL construct was used as the template for vector 
amplification using the primer pair ForBMR_5G - RevInaKtrBM3_CPEC CYPtr (Table 4.2). 
Subsequent CPEC reaction resulted in the construct encoding the enzyme denoted as 
InaKtrCYPtrBMR. The final polypeptide chain is shown schematically in Figure 4.3. In a 
similar fashion, chimers were constructed where CYP52A13 was truncated differentially, and 
the design of these alternative truncations is described below. The respective cyp insert 
sequences were amplified from CYPnt_pPICZA, using the forward primers 
ForCYPΔ32_CPECInaKtr-BMR, ForCYPΔ25_CPECInaKtr-BMR and ForCYPnt_ 
CPECInaKtr-BMR, with the reverse primer RevCYP_AltTrunc (Table 4.2). The respective 
vector sequences were amplified using the forward primer ForBMR_5G and the reverse primers 
RevInaKtrBM3_CPECCYPΔ32, RevInaKtrBM3_CPECCYPΔ25 and RevInaKtrBM3_ 
CPECCYPnt (Table 4.2). CPEC then resulted in the constructs encoding the enzymes denoted 
as InaKtrCYPΔ32BMR, InaKtrCYPΔ25BMR and InaKtrCYPntBMR, respectively. 
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Table 4.2: Primers used for molecular cloning of the different expression constructs, by means of CPEC. The bold 
sequence indicates the overlapping region between vector and insert. The hyphen separates the non-annealing part 
of the primer from the sequence annealing to the template for initial amplification of the respective inserts and 
linearization of the respective vectors. 





ForBM3_CPEC InaKtr ATGACAATTAAAGAAATGCCTCAGC 
RevBM3_CPEC InaKtr CCCAGCCCACACGTCTTTTG 
ForInaKtrBM3_CPEC pBAD ATGACCCTGGATAAGGCG 
RevInaKBM3_CPEC pBAD GGCCCAAGCTT-CGAATTCTTAGTGATGATGGTGATG 
ForpBAD_CPEC InaKtrBM3 GAATTCGAAGCTTGGGCC 





ForCYPtr_CPEC InaKtr-BMR AAACTTGGTGCAAAGCCTGTTAC 
RevCYPtr_CPEC InaKtr- BMR GCCACCGCCACCGCCTGACCTAGG-
ATACATTTCAATATTGGCACCATCG 
ForCYPΔ32_CPEC InaKtr-BMR GGTAGATACCTGATGTACAAGTTGGG 
ForCYPΔ25_CPEC InaKtr-BMR AGAGTCCTTGACTACTTCTACGG 





RevInaKtrBM3_CPEC CYPnt GATGATGTCGTGGACG-GTCATGCCCGGGTCCTTAAC 
RevCYP_AltTrunc GCCACCGCCTGACCTAGG-
GTACATTTCAATATTAGCACCGTC  
To design the alternative truncations of CYP52A13, the Phyre2 [317] secondary structure 
prediction was investigated. According to this prediction, not the full N-terminal helix is 
incorporated in the membrane (Figure 4.4). Therefore, a first alternative was to only truncate 
the transmembrane helix up to AA 32 (indicated by the arrow in Figure 4.4) instead of the first 
38 AAs, and no internal AAs were substituted. This construct will be referred to as CYPΔ32. 
Upon further investigation of the structure using Phyre2 in combination with additional 
literature study, another construct was considered. Monk et al described the first CYP structure 
without N-terminal truncations and with the transmembrane helix structure intact, i.e. 
S. cerevisiae lanosterol 14α-demethylase from the CYP51 family [165]. There it was seen that 
beyond Pro38, the transmembrane helix makes extensive polar contacts with the catalytic 
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domain. Also in other CYP structures, a proline-rich region was observed and truncation of this 
proline-rich domain resulted in loss of function [256]. Although CYP52A13 lacks such a 
proline-rich domain, this was investigated by looking at the alignment of CYP52A13 and 
CYP51 in Phyre2 (Figure 4.5). Here Pro38 aligned with residue 26 of CYP52A13 so it was 
decided to include a construct only lacking the first 25 residues, further denoted as CYPΔ25. 
Lastly, CYPs have been expressed in E. coli without an N-terminally truncated transmembrane 
helix. These constructs were incorporated in the membrane by providing a signal sequence from 
PelB or OmpA. After processing of the respective signal sequences, they showed that the native 
CYP was left behind in the membrane [242]. With this in mind, it was asked whether truncation 
of the N-terminal helix was necessary when providing the surface display anchor InaKtr. This 
construct will be referred to as CYPnt. 
 
 
Figure 4.4: N-terminus CYP52A13 – secondary structure and disorder prediction using Phyre2. The arrow 
indicates the site of truncation in case of the Δ32 construct. 
 
Figure 4.5: Alignment of the N-terminus of CYP52A13 (= query sequence) with lanosterol 14α-demethylase 
(= template sequence) using Phyre2. The arrow indicates the site of truncation in case of the Δ25 construct. 
2.4 Culture conditions 
All cultures were started with a 5 ml preculture using LB medium including the appropriate 
antibiotics in a 50 ml shake flask, which were incubated overnight at 37 °C and 200 rpm. In 
case of the OMV experiments, 1 % glucose was added for the pMAL constructs. 
 
In case of surface display, E. coli JM109 was grown in 50 ml LB including 0.5 mM 
δ-aminolevulinic acid (5-ALA) and 100 µg/ml Cb, inoculated with 500 µl preculture, in a 
500 ml shake flask at 28 °C and 200 rpm until an OD600 of 0.5. At this point, expression was 
induced by the addition of isopropyl-β-D-thiogalactoside (IPTG) (Gold Biotechnology) to a 
final concentration of 1 mM. The expression phase was carried out overnight and cells were 
collected the next day for subsequent assays and analyses. 
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For OMV quantification, the respective E. coli strains were grown in 50 ml LB (including Kan 
in case of strains from the Keio collection), in a 500 ml shake flask after inoculation with 500 µl 
preculture. The cultures were incubated at 37 °C and 200 rpm until an OD600 of 0.5, at which 
point the supernatant was collected for sOMV isolation as described below. Alternatively, 
cultures were grown overnight for sOMV collection in the stationary phase. In case of 
quantifying the polymyxin B induced hypervesiculation, JM109 was grown in 100 ml LB in a 
1 l shake flask at 37 °C and 200 rpm until an OD600 of 0.5. The culture was split in two and 
polymyxin B (Labconsult) was added to a final concentration of 0.75 µg/ml. Incubation 
continued for another 3 h and sOMVs were collected.  
 
When OMV display was pursued, the respective E. coli strains were grown in 100 ml LB or TB 
with 0.5 mM 5-ALA and 100 µg/ml Cb in a 1 l shake flask. For strains from the Keio collection, 
Kan was added and for the pMAL constructs, 0.5 % glucose was included. Cultures were 
incubated at 37 °C and 200 rpm until an OD600 of 0.5. At this point, the temperature was lowered 
to 28 °C and expression was induced either by IPTG addition to a final concentration of 0.3 mM 
(pMAL constructs) or by arabinose addition to a final concentration of 0.2 % (w/v) (pBAD 
constructs). Expression was carried out to the late exponential phase. In case of expression in 
E. coli nlpI 863, an overnight expression phase was performed. The cells and/or supernatant 
were subsequently collected for OMV collection. In early experiments, expression was induced 
with 1 mM IPTG, as indicated in the results section. No glucose was added in these cultures. 
Other expression times have been used, as indicated in the results section. In those experiments, 
the growth phase was carried out at 28 °C as well. 
 
2.5 Cell lysis and outer membrane collection 
Cells were collected by centrifugation at 20 000 g and 4 °C for 15 min. The supernatant was 
discarded and the cell pellet was resuspended in 50 mM Tris-HCl, pH 7.4, including protease 
inhibitor. Cell lysis was done by sonication on ice. Following lysis, the cell debris and unlysed 
cells were pelleted by centrifugation. A second sonication step was included and the two 
supernatant lysate samples were pooled for membrane collection by ultracentrifugation at 
100 000 g and 4 °C for 1 h. The membrane pellet was washed with the same buffer, including 
300 mM NaCl (Merck), and ultracentrifugation was repeated. Collection of the outer membrane 
(OM) was performed as described by Sandrini et al [362], with modifications. To solubilize the 
inner membrane (IM), the washed membrane pellet was incubated with 50 mM Tris-HCl, 
pH 7.4, including 2 % Triton X-100 for 30 min at room temperature with occasional mixing. A 
last ultracentrifugation step at 100 000 g and 4 °C for 1 h was performed, resulting in an OM 
pellet and solubilized IM in the supernatant. 
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2.6 OMV collection 
2.6.1 sOMV collection 
Spontaneously formed outer membrane vesicles (sOMVs) were isolated from the culture 
supernatant after pelleting the cells by centrifugation at 10 000 g and 4 °C for 10 min. The 
collected supernatant was filtered using a pore size of 0.22 µm. In later experiments, a switch 
was made to a 0.45 µm filter, as indicated in the results section. Next, the filtered medium was 
ultracentrifuged for 3 h at 100 000 g and 4 °C. The OMV pellet was washed with phosphate 
buffered saline (PBS), followed by ultracentrifugation. The final OMV pellet was resuspended 
in PBS for subsequent enzymatic assays and/or analyses. For OMV quantification, no washing 
step was included and the obtained pellet was immediately resuspended in 1 ml PBS. In case 
of OptiPrep™ density ultracentrifugation, the OMVs were also not washed and directly 
resuspended in a 45 % OptiPrep™ solution. 
 
2.6.2 eOMV extraction 
For EDTA extraction of outer membrane vesicles (eOMVs), the method described by Van de 
Waterbeemd et al [363] was used, with modifications. Cells were collected by centrifugation at 
10 000 g and 4 °C for 10 min. The cell pellet was resuspended in 7.5 volumes (ml/g wet weight) 
100 mM Tris-HCl, pH 8.6, 10 mM EDTA, and incubated for 30 min at room temperature. Cells 
were pelleted by centrifugation and the supernatant was collected. Subsequently, filtration was 
performed applying a pore size of 0.22 µm. Alternatively, a pore size of 0.45 µm was chosen, 
as indicated in the results section. eOMVs from the supernatant were pelleted by 
ultracentrifugation for 3 h at 100 000 g and 4 °C. Similar as for the sOMVs, wash and final 
resuspension was performed in PBS. In case of OptiPrep™ density ultracentrifugation, the 
OMVs were not washed and immediately resuspended in a 45 % OptiPrep™ solution. 
 
2.7 SDS-PAGE and western blot 
The same protocol as described in previous chapter (Chapter 3 - 2.9) was applied. Proteins were 
separated either using a 7.5 % or a 12 % polyacrylamide gel. All Histags were C-terminally 
attached in this chapter so only the anti-His(C-term)-HRP antibody (R931-25, Invitrogen) was 
used. 
 
2.8 Trypsin digestion and MALDI-TOF MS 
The same protocol as described in previous chapter (Chapter 3 - 2.12) was applied. 
Identification was done with Mascot using the E. coli (strain K12) protein database, 
downloaded from Uniprot. 
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2.9 Fatty acid bioconversion assay 
Hydroxylation of fatty acids (FAs) was assayed as follows. The reaction was performed in a 
volume of 1 ml, containing 100 mM potassium phosphate, pH 7.4, 0.1 mM oleic acid (from a 
10 mM stock in DMSO), 1 U glucose-6-phosphate dehydrogenase (G6PDH), 5 mM glucose-6-
phosphate (G6P) and 1 mM NADPH. The reaction was carried out for 20 min at 37 °C and 
500 rpm in case of InaKtrBM3. For InaKtrCYPBMR (CYP indicating either CYPtr, CYPΔ32, 
CYPΔ25 or CYPnt), the reaction was incubated for 3 h at 37 °C and 500 rpm. The conversion 
was subsequently quenched with HCl and extraction was performed with and equal volume of 
diethyl ether (three times). The diethyl ether extracts were pooled, evaporated under vacuum 
and stored at – 20 °C until GC-MS analysis. 
 
2.10 GC-MS analysis 
Silylation and subsequent GC-MS analysis was performed as described in previous chapter 
(Chapter 3 - 2.14). 
 
2.11 12-pNCA assay 
After surface display, the cells were collected by centrifugation at 10 000 g and 4 °C for 10 min 
and washed three times with PBS. Thereafter, the cells displaying InaKtrBM3 were 
resuspended in PBS to a final OD600 of 50. OMVs were assayed after collection as described 
above. For measuring the activity of InaKtrBM3, the assay developed by Schwaneberg et al 
[364] was applied, with modifications. The reaction was carried out in a total volume of 250 µl, 
consisting of 100 mM Tris-HCl, pH 8.2 and either cells at a final OD600 of 2 or 25 µl 
resuspended OMVs. To this reaction, p-nitrophenoxydodecanoic acid (12-pNCA) (Molport) 
was added to a final concentration of 50 µM from a 5 mM stock solution in DMSO. After 
preheating at 30 °C, NADPH was added simultaneously to a final concentration of 0.1 mM. 
The formation of p-nitrophenol was monitored at 405 nm (ε = 13 200 M-1cm-1) and 30 °C for 
30 min with shaking with the Bio-Rad Microplate Reader model 680.  
 
2.12 Proteinase K accessibility assay 
Cells were collected and washed with PBS after surface display as described in preparation of 
the 12-pNCA assay. To the resuspended cells, proteinase K was added to a final concentration 
of 0.1 mg/ml and incubated at 37 °C and 200 rpm for 1 h. Proteinase inhibitor was added and 
the cells were washed with 200 mM Tris-HCl, pH 8. Subsequently, the OM was collected as 
described by Hantke et al [365], with modifications. The washed cells were resuspended in 
50 mM Tris-HCl, pH 8, containing 20 mM sucrose and 0.2 mM EDTA. To this suspension, 
lysozyme was added to a final concentration of 0.04 mg/ml. The suspension was incubated at 
room temperature for 10 min and protease inhibitor was added. To solubilize the IM, an equal 
volume of 50 mM Tris-HCl, pH 8, with 2 % Triton X-100 and 10 mM MgCl2 was added. After 
incubation on ice for 30 min, cell debris was collected by centrifugation at 10 000 g and 4 °C 
for 10 min. The OM was pelleted from the supernatant by ultracentrifugation at 100 000 g and 
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4 °C for 1 h. The pellet was washed and after the second ultracentrifugation step, resuspended 
directly in Laemmli buffer. 
 
In case of OMV display, proteinase K was added to resuspended OMV samples at a final 
concentration of 0.1 mg/ml. After incubation at 37 °C and 200 rpm for 1 h, an equal volume of 
2X Laemmli was added for western blot analysis. 
 
2.13 Nanoparticle Tracking Analysis 
OMVs were quantified by means of nanoparticle tracking analysis (NTA), using the NanoSight 
LM10-HS microscope (Malvern Instruments Ltd), equipped with a 405 nm laser. The OMV 
suspension was diluted with PBS to fit within the measuring range of 3 x 108 and 1 x 109 
particles/ml. For every sample, three movies of 30 s were recorded and the temperature was 
monitored. The recorded movies were processed with the NTA Analytical Software version 2.3. 
Three biological replicates were measured for assessing hypervesiculation. Subsequent 
statistical analysis was performed using the Graphpad Prism software. 
 
2.14 OptiPrep™ density ultracentrifugation 
The OMV pellet was resuspended in 2 ml 45 % OptiPrep™ in 10 mM Hepes, pH 7.4, 0.85 % 
(w/v) NaCl and transferred to the bottom of a 12 ml ultracentrifuge tube. Decreasing density 
layers were added, i.e. 2 ml 40 %, 2 ml 35 %, 2 ml 30 %, 2 ml 25 % and 1 ml 20 % OptiPrep™ 
in 10 mM Hepes, pH 7.4, 0.85 % (w/v) NaCl. Density ultracentrifugation was carried out at 
141 000 g and 4 °C for 3 h. Samples of 1 ml were collected using the Gradient Station™ 
(BioComp) equipped with the Triax™ Flow Cell (BioComp). Next, these were diluted with 
10 ml PBS and OMVs were pelleted by ultracentrifugation at 141 000 g and 4 °C for 3 h. 
 
  




3.1 The display of self-sufficient CYPs on the E. coli surface 
Surface display was initiated by constructing the vector, containing the InaKtrBM3-encoding 
sequence for the surface display of CYP102A1 (from here on now denoted as BM3). 
Subsequently, the heme domain of BM3 was substituted by the gene encoding the truncated 
CYP52A13 as described in previous chapter, without the artificial N-terminal sequence. As the 
CYPtrBMR construct from previous chapter was not active, it was decided to make an 
alternative chimer, in analogy with the molecular lego approach described by Gilardi et al [273]. 
Instead of using the natural BM3 linker sequence, CYPtr was directly attached to BMR using 
a flexible linker of five Gly residues [274], [275]. We chose the BMR domain in the production 
host E. coli over the available CPRtr construct as the corresponding gene was predicted to be 
better suited for this recombinant host, based on the GenScript Rare Codon Analysis Tool and 
the online tool ATGme. The obtained plasmids were transformed in E. coli strain JM109, a 
strain often used for recombinant production of CYPs [229], [230]. After overnight expression 
at 28 °C, the cells were collected and lysate, inner membrane (IM) and outer membrane (OM) 
samples were isolated for western blot analysis (Figure 4.6). First, it is clear that both enzymes 
are produced, with InaKtrBM3 (152 kDa) present to a much higher level compared to 
InaKtrCYPtrBMR (154 kDa) in all fractions. Both constructs were present in the OM fraction, 
indicating that the surface display was successful for both enzymes. It must be noted that the 
used protocol for OM isolation rather leads to OM enrichment and might not result in 
completely pure OM so additional experiments are required to confirm surface display. In all 
lanes, multiple bands are seen for both enzymes. Higher MW bands indicate aggregation, which 
might be the result of extensive heating during the sample preparation (boiling of sample in 
Laemmli in preparation of SDS-PAGE) or due to contamination with formed inclusion bodies, 
although these should have been removed by the intermediate centrifugation step performed 
after sonication to remove cell debris. Multiple bands at a lower MW are seen as well, which 
shows that degradation occurs. Based on the MW of the lower bands, it was hypothesized that 
proteolysis of the linker sequences occurs. Proteolysis of the linker sequence in between InaKtr 
and BM3 or CYPtrBMR leads to a signal at 118 kDa or 120 kDa, respectively. Release of the 
BMR sequence by proteolysis of the linker in between the heme and reductase domain 
theoretically gives a signal around 65 kDa, as determined by the Expasy translate and protparam 
tools. 
 
Figure 4.6: Western blot analysis of the collected cell fractions, that is the lysate, the inner membrane (IM) and 
the outer membrane (OM), after either InaKtrBM3 (152 kDa) or InaKtrCYPtrBMR (154 kDa) production in 
JM109. 
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Further characterization of the surface displayed enzymes was done by performing a whole-cell 
bioconversion assay. In case of InaKtrBM3, palmitic acid was used as the substrate. Following 
the bioconversion assay, the products were extracted and silylated for GC-MS analysis. The 
chromatogram obtained after a 20 min palmitic acid conversion by surface displayed 
InaKtrBM3 is shown in Figure 4.7. Two small peaks appeared in this chromatogram, i.e. at RT 
7.971 min and 8.105 min. The MS spectra of both peaks are shown in Figure 4.8. Both spectra 
coincide with hydroxylated palmitic acid. The molecular ion of m/z 416 is not found, and it 
indeed is reported that the molecular ion of silylated OHFAs is only present in low abundance 
[366]. Instead the ion [M-15]+, missing one methyl group, and the ions [M-31]+ and [M-105]+, 
resulting from interactions between the two functional groups, are seen. In the MS spectrum of 
Figure 4.8A, the ion with m/z 131 is highly abundant, indicating that palmitic acid is 
hydroxylated at the ω-2 position. The spectrum of Figure 4.8B shows a highly abundant ion 
with m/z 117, indicating hydroxylation at the ω-1 position. InaKtrBM3 thus actively converts 




Figure 4.7: A: GC chromatogram of silylated extracts after a 20 min whole-cell palmitic acid bioconversion assay 
using JM109 cells, surface displaying InaKtrBM3. Palmitic acid was hydroxylated at its ω-1 and ω-2 position. 
B: GC chromatogram of silylated extracts of a blank, i.e. no palmitic acid substrate was added during 
bioconversion. The identified palmitic acid and stearic acid are contaminants, always observed by GC-MS 
analysis. Only peaks identified as silylated compounds, based on the presence in the MS spectrum of the 
characteristic peaks at m/z 73 and 75, are annotated. 
A 
B 





Figure 4.8: MS spectra of hydroxylated palmitic acid. A: MS spectrum of peak at RT 7.971 min (Figure 4.7), that 
is 14-hydroxypalmitic acid. B: MS spectrum of peak at RT 8.105 min (Figure 4.7), that is 15-hydroxypalmitic 
acid.  
In case of InaKtrCYPtrBMR, oleic acid was used as the substrate for a whole-cell bioconversion 
assay. In one condition, a NADPH regeneration system was added. In the second condition, 
NADPH was discarded, serving as a blank. NADPH cannot migrate through the membrane so 
conversion linked to NADPH addition was hypothesized to be specific for the surface displayed 
construct. Unfortunately, no peaks coinciding with either OHFA or DCA were observed leading 
to the conclusion that no conversion occurred (data not shown).  
 
CYPtr designed as described in previous chapter did not show any activity, neither in 
P. pastoris, nor in E. coli. Therefore, alternative truncations were performed, as described in 
Material and methods (see 2.3). In the same way as described for CYPtr, the heme domain of 
InaKtrBM3 was replaced by either CYPΔ32, CYPΔ25 or CYPnt. An expression test was 
performed and instead of isolating the lysate, IM and OM, surface display was assessed by 
means of a proteinase K accessibility assay. Only if the protein is present on the surface of 
E. coli, the protein will be degraded by proteinase K, as this protease cannot migrate through 
the membrane. Subsequent to proteinase K incubation, the OM was collected and analysed by 
SDS-PAGE (Figure 4.9A). A marked difference is seen between the OM samples isolated after 
proteinase K addition compared to a negative control (i.e. no addition of proteinase K). After 
A 
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proteinase K incubation, all protein in the higher MW region seems to be absent. On the bottom 
of the Coomassie-stained gel, an intense band is observed. These bands were cut out from all 
eight lanes and analysed by MALDI-TOF MS. In all eight bands, the outer membrane porin 
(Omp) C was identified and in case of the untreated samples (i.e. no proteinase K was added), 
a mixture of both OmpC and OmpF was found, based on the peptide mass fingerprint. MS/MS 
analysis of the most abundant peptides resulted in the identification of OmpC alone in all cases. 
This confirms that indeed we have isolated the OM. The bands around 150 kDa were cut out as 
well for MALDI-TOF MS. Unfortunately, these could not be identified. Therefore, a western 
blot was executed (Figure 4.9B). Indeed all four constructs (InaKtrCYPtrBMR, 
InaKtrCYPΔ32BMR, InaKtrCYPΔ25BMR and InaKtrCYPntBMR) are present in the OM and 
were degraded upon proteinase K addition. All four chimers were thus successfully surface 
displayed. Of note, an alternative OM isolation protocol to the one used for OM isolation in 
Figure 4.6 was applied. This alternative protocol seems to lead to a much higher purity, as no 
contaminating signal is observed from the lysate or IM in the proteinase K-treated samples. 
 
 
Figure 4.9: OM fraction, isolated after proteinase K accessibility assay. All four InaKtrCYPBMR, where CYP is 
either CYPtr, CYPΔ32, CYPΔ25 or CYPnt, were assayed. - : untreated. +: proteinase K-treated. A: SDS-PAGE 
analysis. The intense gel bands at the bottom of the Coomassie-stained gel were cut out and analysed by MALDI-
TOF MS. Either OmpC or a mixture of OmpF and OmpC was identified. B: Western blot analysis. 
A next step was to assay whether the surface displayed chimeric constructs were able to convert 
oleic acid to 18-hydroxy oleic acid and/or 1,18-octadecenedioic acid. As a blank, the NADPH 
regeneration system was left out of the reaction mixture. The resulting GC chromatograms from 
the CYPΔ32 construct are shown in Figure 4.10. The chromatograms from the other constructs 
were similar. Unfortunately, no OHFA nor DCA was observed so the alternative truncations 
did not lead to an active surface displayed chimer. Of note, oleic acid appeared to be consumed 
in absence of the NADPH regeneration system (Figure 4.10B). When only NADPH was 
discarded from the reaction mixture, thus still including G6P and G6PDH, oleic acid did not 
seem to be consumed in the blank (Figure 4.11). Oleic acid was thus degraded by β-oxidation 
in absence of the alternative energy source G6P. This highlights the disadvantage of working 







Figure 4.10: GC chromatogram of silylated extracts after whole-cell oleic acid 
bioconversion assay using JM109 cells, surface displaying InaKtrCYPΔ32BMR. A: 
Bioconversion assay including NADPH regeneration system. B: Bioconversion assay 
excluding NADPH regeneration system. No hydroxylated product of oleic acid was 
observed. Oleic acid appeared to be consumed in absence of an NADPH regeneration 
system. Only peaks identified as silylated compounds, based on the presence in the 
MS spectrum of the characteristic peaks at m/z 73 and 75, are annotated. 
 
 
Figure 4.11: GC chromatogram of silylated extracts after whole-cell oleic acid 
bioconversion assay using JM109 cells, surface displaying InaKtrCYPΔ32BMR. A: 
Bioconversion assay including NADPH. B: Bioconversion assay excluding NADPH 
but including the regeneration components G6P and G6PDH. No hydroxylated product 
of oleic acid was observed. Only peaks identified as silylated compounds, based on the 
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3.2 Taking it one step further: CYP display on outer membrane vesicles 
3.2.1 Evaluation of hypervesiculating E. coli 
Interest went to creating OMVs, displaying a self-sufficient CYP, in order to obtain a true in 
vitro system, with these OMVs serving as a nanoscale carrier. In normal conditions, E. coli 
produces only a low amount of OMVs. It is thus desired to induce hypervesiculation for an 
increased OMV yield [350]. Several mutations, as well as membrane intercalating molecules, 
have been reported to result in increased vesiculation. Single deletion mutants were ordered 
from the Keio collection and it was evaluated whether these indeed led to increased OMV 
formation. The single deletion mutant tolA was selected for the first OMV display experiments. 
OMVs were isolated when the cultures were in the early exponential phase and quantified by 
NTA (Figure 4.12). Both independent deletion mutants tolA 837 and tolA 838 were taken along 
in parallel and compared to the JM109 strain, used for surface display. At first sight, tolA 838 
seemed to produce the highest amount of vesicles. However, this could not be statistically 
confirmed as the standard deviation was too big. In this experiment, two different types of 
ultracentrifuge tubes were used for OMV isolation, which may explain large variability. For 




Figure 4.12: OMV quantification by NTA, displayed as particles per cell. The vesiculation did not vary 
significantly between the three different strains, as determined by one-way ANOVA (p = 0.0542). 
The initial OMV display experiments using tolA 838 did not lead to great successes (see further, 
0) so additional strains were ordered from the Keio collection, i.e. the two independent nlpI 
deletion mutants. Deletion mutants disrupting the σE stress response pathway were not ordered 
as neither a degS nor a rseA deletion mutant is available in this collection. The degP deletion 
mutant was reported to show impaired growth [367] and was therefore not considered. Of 
special interest was the hypervesiculating E. coli strain JC8031, where both tolA and tolR are 
knocked out. This strain showed a marked vesiculation increase. Additionally, this strain proved 
to be successful in the OMV display of recombinant proteins in several studies [349], [368], 
[369]. The same experiment as described for the tolA mutant strains was repeated, now 
including both nlpI deletion mutants (denoted at nlpI 863 and nlpI 864) and JC8031 (Figure 
4.13A). In the early exponential phase, both tolA 838 and JC8031 produce a significantly higher 
amount of OMVs. Neither of the nlpI deletion mutants show hypervesiculation, this in contrast 
to previous reports [354], [355]. However, in these studies, OMVs were quantified after 
collection from a stationary phase culture. Schwechheimer et al hypothesized that NlpI 
suppresses PG endopeptidase activity. Deletion of nlpI leads to uncontrolled PG degradation, 
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to which the cell responds by an increased PG synthesis, even in the stationary phase, in order 
to survive. In the same study, it was observed that NlpI was specific for the PG endopeptidase 
Spr in the stationary phase, whereas the penicillin binding protein PBP4 was supressed in the 
exponential phase. Due to these differences between the exponential and stationary phase, 
OMVs from the different deletion mutants were isolated and quantified after overnight growth 
to the stationary phase (Figure 4.13B). Indeed, both nlpI deletion mutants now showed to 
produce an increased amount of OMVs, compared to JM109. 
 
 
Figure 4.13: OMV quantification by NTA, displayed as particles per cell. A: OMVs were collected in the 
exponential phase. Three biological replicates were taken along in parallel. The vesiculation was significantly 
different between the different strains, as determined by one-way ANOVA (p < 0.0001). Tukey’s multiple 
comparison test showed that both the tolA deletion mutant and JC8031 produced a significant higher amount of 
vesicles compared to all other strains, but did not differ significantly from each other. The three biological 
replicates at timepoint 1, that is JM109 (1), did not differ from the three biological replicates at timepoint 2, that 
is JM109 (2), proving reproducibility. B: OMVs were collected after overnight growth, that is in the stationary 
phase. Three biological replicates were taken along in parallel. The vesiculation was significantly different 
between the different strains, as determined by one-way ANOVA (p = 0.0004). All three deletion mutants showed 
a significantly higher vesicle production compared to JM109, based on Tukey’s multiple comparison test. JC8031 
showed to vesiculate to a higher extend than nlpI 864, but not nlpI 863, based on Tukey’s multiple comparison 
test. nlpI 863 and 864 vesiculation did not significantly vary. 
Several antibiotics have been shown to induce OMV production. It was investigated whether 
the JM109 strain showed increased OMV production adding polymyxin B. The subinhibitory 
concentration of 0.75 µg/ml, as applied by Manning and Kuehn [357], was added to an 
exponential phase culture of JM109. After an incubation time of 3 h, the medium was collected 
for OMV isolation and quantification by NTA (Figure 4.14). Indeed no growth inhibition was 
observed using this polymyxin B concentration, as the OD600 did not differ after a 3 h incubation 
(Figure 4.14A). Growth inhibition was observed only from a concentration of 1.5 µg/ml on 
(data not shown). Upon incubation with polymyxin B, a significant increased amount of OMVs 
was observed (Figure 4.14B). However, when compared to JC8031, this increased vesiculation 
appeared to be negligible (Figure 4.14C). Indeed, it has been reported that factors such as 
antibiotics and PQS do not increase the vesiculation to yields, useful for pharmaceutical and 
biotechnological applications [350].  
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Figure 4.14: Polymyxin B induced vesiculation. A: Optical density of JM109 after 3 h growth post polymyxin B 
addition to one of two cultures, executed in triplicate. The optical density did not differ significantly in absence or 
in presence of 0.75 µg/ml polymyxin B, determined by an unpaired t-test (p = 0.5262). B: OMV quantification by 
NTA, displayed as particles per cell, after induction of OMV biogenesis by polymyxin B addition, compared to a 
non-induced control. Polymyxin B induction significantly increased vesiculation, determined by an unpaired t-test 
(p = 0.0022). C: OMV quantification by NTA, displayed as particles per cell. OMVs were collected after growing 
the JC8031 strain for the same period of time as the polymyxin B induced cultures (performed in triplicate). The 
vesiculation increase by polymyxin B addition became insignificant when including the hypervesiculating strain, 
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3.2.2 Proof-of-concept: the display of CYP102A1 on the surface of OMVs 
In order to investigate whether OMV display of an active self-sufficient CYP is feasible, it was 
decided to first start with expression tests using the InaKtrBM3 construct, as surface display of 
this enzyme was already accomplished and was confirmed in this dissertation. When starting 
these OMV display experiments, only the tolA deletion mutants were available and thus 
expression tests were initially performed with these strains. A first 50 ml expression test was 
performed where tolA 837 and 838 were grown in parallel. InaKtrBM3 expression was induced 
at an OD600 of 0.5 with 1 mM IPTG and the cells were grown further to the late exponential 
phase, at which point the OMVs were isolated and analysed by western blot (Figure 4.15A). 
No signal was observed, so no OMVs displaying InaKtrBM3 were isolated. Continuing with 
tolA 838, some alternative expression conditions were investigated. Additionally, in all 
conditions, a larger culture was grown in order to increase the amount of isolated OMVs. In a 
first setup, OMVs were isolated after an expression phase of 3 h. Secondly, an overnight 
expression phase was performed. Thirdly, instead of IPTG induction, cells were grown in 
autoinduction medium, as it has been stated to lead to increased densities [360], [370]. Lastly, 
overnight expression at 20 °C instead of 28 °C was performed in order to assess whether this 
would lead to improved yield of properly folded enzyme and thus increase the yield displayed 
on OMVs. Unfortunately, none of these conditions led to successful isolation of OMVs 
displaying InaKtrBM3, as no signal was observed by western blot analysis (Figure 4.15B). To 
make sure that the enzyme was effectively produced and surface displayed, the OM was isolated 
and analysed in parallel. In all cases where expression was induced with IPTG, InaKtrBM3 was 
present around the right MW, together with several degradation bands. It was already 
mentioned before that the linker sequences seem to be prone to proteolysis. In case of 
autoinduction, only one band is seen and this at a lower MW. Autoinduction appears thus to be 
unsuitable for surface display of this enzyme. 
 
 
Figure 4.15: Western blot analysis after InaKtrBM3 (152 kDa) production in the tolA deletion mutant(s). A: OMV 
samples isolated after expression in both tolA 837 and tolA 838. B: OMV and OM samples after InaKtrBM3 
production in tolA 838, applying four different expression conditions. 
No success was booked using the tolA deletion mutant so other strains were selected, as 
described above. The tolRA double deletion mutant JC8031 produced the highest amount of 
OMVs per cell, apart from tolA 838, so this strain was subsequently used for InaKtrBM3 
production. Of note, from here on now, TB medium instead of LB medium was used when 
collecting OMVs of an exponential phase culture, as it was observed that higher cell densities 
were obtained in TB medium. A first expression test showed that InaKtrBM3 was produced 
and successfully surface displayed after a 3 h expression phase. Instead of performing a 
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conversion assay, followed by GC-MS analysis, a quick and easy continuous 
spectrophotometric enzymatic assay was used for assessing activity. Schwaneberg et al 
developed an enzymatic assay, specifically for BM3 [364]. The assay is based on the conversion 
of p-nitrophenoxycarboxylic acids (pNCAs) by ω-hydroxylation, thereby releasing ω-
oxycarboxylic acids and the chromophore p-nitrophenol. Assaying intact JC8031 cells after 
InaKtrBM3 production, the cells proved to produce p-nitrophenol (Figure 4.16A). As a blank, 
NADPH was left out of the reaction mixture. NADPH is not able to traverse the membrane so 
observed activity upon NADPH addition must be the result of surface displayed InaKtrBM3. 
The OMVs were isolated and assayed as well, showing 12-pNCA conversion activity (Figure 
4.16B). An extra wash step was performed in order to remove any residual medium and these 
washed OMVs were again assayed (Figure 4.16C). Unfortunately, no activity was observed 
anymore. The OMVs were further analysed by SDS-PAGE and compared to OMVs of JC8031, 
not producing any recombinant protein. In parallel, the OM was isolated and taken along in the 
SDS-PAGE analysis (Figure 4.17A). In the OM lanes, a band appears around 150 kDa, which 
is absent in case of JC8031, not producing recombinant protein. This band was not seen in the 
OMV lanes. The band was cut out and by MALDI-TOF MS it was confirmed to be InaKtrBM3. 
An expression test producing InaKtrBM3 overnight in LB medium, in analogy to the surface 
display experiments, was performed as well, showing similar results. Due to the fact that 
activity was lost upon extra washing of the OMV pellet, a medium sample was analysed by 
SDS-PAGE (Figure 4.17B). Here, a band appeared at a slightly lower MW. Again, this band 
was cut out and analysed by MALDI-TOF MS. It was identified as BM3 and no InaKtr-specific 
peptides could be found in the MS spectrum (see Addendum). Taken together with the 
aforementioned activity in the crude OMV sample, it was clear that a significant amount of 
active BM3 is cleaved of the InaKtr anchor and released in the medium.  
 
 
Figure 4.16: 12-pNCA assay after InaKtrBM3 production in JC8031 for 3 h in TB medium. A: cells. B: crude 








Figure 4.17: SDS-PAGE analysis after InaKtrBM3 production in JC8031 for 3 h in TB medium or overnight in 
LB medium. A JC8031 culture not producing recombinant protein was taken along in parallel. A: OMV and OM 
samples The band appearing around 150 kDa was identified as InaKtrBM3 by MALDI-TOF MS. B: Concentrated 
medium samples. The band appearing in between 100 kDa and 150 kDa was identified as BM3 and no peptides, 
specific for the InaKtr anchor were found (see Addendum). 
During these experiments, it was evident that the surface display of InaKtrBM3 in JC8031 led 
to growth impairment as the optical density was significantly lower than the density reached by 
JC8031, not producing recombinant protein, in the same period of time. An OD600 of 2.15 was 
reached after a 3 h expression phase, compared to 5.16 for JC8031, not producing recombinant 
protein. After overnight expression, an OD600 of 2.72 was measured, compared to 6.12 for 
JC8031, not producing recombinant protein. This slower growth was already seen during the 
growth phase, indicating leaky expression. Efforts were done to resolve these issues. On the 
one hand, glucose was added and IPTG concentration for induction was reduced to 0.3 mM. 
On the other hand, inaKtrBM3 was cloned into the vector pBAD/Myc-HisA, where the gene is 
under the control of the more tightly regulated arabinose-induced araBAD promotor. In both 
cases, optical densities were reached comparable to JC8031, with the construct under the 
control of the araBAD promotor showing superior growth over the IPTG-induced culture. 
Unfortunately, no OMVs were found to contain InaKtrBM3, neither after a 3 h expression 
phase, upon collection in the late exponential phase and after overnight expression (Figure 
4.18A, B and C, respectively). From these experiments, it was confirmed that a significant 
amount of BM3 was cleaved of the InaKtr anchor and released in the medium. A concentrated 
sample of the OMV supernatant showed the most intense band at a lower MW than the expected 
MW of 152 kDa upon collection at late exponential phase (Figure 4.18B). Also after overnight 
expression, a lower MW band is observed in the supernatant (and in the crude OMV sample 
collected after expression of InaKtrBM3_pMAL) (Figure 4.18C). 
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Figure 4.18: Western blot analysis of OMV samples derived from JC8031 after producing InaKtrBM3 (152 kDa), 
either under the control of the tac promotor (pMAL) or under the control of the araBAD promotor (pBAD). A: 3 h 
expression phase. B: OMV collection in the late exponential phase. A concentrated sample of the OMV supernatant 
(SN) was taken along in parallel. C: Overnight expression phase. An OMV sample was taken before and after an 
extra wash step (i.e. OMV 1 and OMV 2, respectively), together with a concentrated sample of the OMV 
supernatant. 
No spontaneously formed OMVs displaying InaKtrBM3 were isolated so far. Therefore, 
another path was taken, inspired by the application of OMVs as a vaccine. In the development 
of OMV-based vaccines, not only spontaneously formed OMVs are investigated (from here on 
now referred to as sOMV). Rather, OMVs are extracted after cell collection using either 
detergents, resulting in so-called dOMVs, or detergent-free extraction methods [348]. These 
detergent-free extraction methods are reported to result in more native-like OMVs (from here 
on now referred to as extracted OMVs or eOMVs). Van de Waterbeemd et al reported the use 
of EDTA, a chelating agent that destabilizes the OM and thereby releasing OMVs, in 
combination with a genetic modification resulting in a loosely attached OM. This approach 
resulted in a good eOMV yield, and this yield was superior to the sOMV yield [363]. Therefore, 
EDTA extraction of eOMVs from the JC8031 strain, recombinantly producing InaKtrBM3, was 
performed. Both the pMAL and the pBAD constructs were taken along in parallel, as well as 
the original JM109 strain, surface displaying InaKtrBM3. After isolation of the eOMVs by 
ultracentrifugation, followed by a wash step, the eOMVs were assayed for activity (Figure 
4.19). Expression of inaKtrBM3 under the control of the tac promotor (pMAL) led to eOMVs 
showing p-nitrophenol formation to equilibration (Figure 4.19A). A moderate activity was seen 
in case of arabinose induction (pBAD) (Figure 4.19B). No activity was seen when producing 
InaKtrBM3 in the JM109 strain (Figure 4.19C). Indeed, western blot analysis shows that 
InaKtrBM3 is present in both JC8031-derived eOMVs, whereas the enzyme is absent from 
eOMVs, derived from JM109 (Figure 4.19D). 
 




Figure 4.19: eOMVs extracted after InaKtrBM3 (152 kDa) production. A: 12-pNCA assay. JC8031-derived 
eOMVs. Expression was under the control of the tac promotor (pMAL). B: 12-pNCA assay. JC8031-derived 
eOMVs. Expression was under the control of the araBAD promotor (pBAD). C: 12-pNCA assay. JM109-derived 
eOMVs. D: Western blot analysis. 
Although success was booked with eOMVs, interest still went to obtaining sOMVs, as 
collection of these vesicles does not require an extra extraction step. To this end, both 
InaKtrBM3_pMAL and InaKtrBM3_pBAD were transformed in the nlpI deletion mutant 
(nlpI 863). After overnight expression, allowing the cells to grow to the stationary phase (as 
only then, hypervesiculation was observed), both sOMVs and eOMVs were collected. sOMVs 
were collected from the JM109 strain as well, where hypervesiculation was induced by 
polymyxin B addition. eOMV extraction from the JM109 strain was again performed, but now 
after overnight expression. The JC8031 strain was taken along in parallel. Next to the 12-pNCA 
assay, OMV samples were analysed by western blot (Figure 4.20A). To verify if the InaKtrBM3 
was truly displayed on the OMV surface, a proteinase K accessibility assay was performed, 
after which again a western blot analysis was executed (Figure 4.20B). These analyses showed 
that only eOMVs contained InaKtrBM3 and that these were surface displayed, as proteinase K 
completely degraded the enzyme. Neither using the nlpI deletion mutant, nor OMV induction 
by polymyxin B addition resulted in successfully obtaining sOMVs. The JC8031 strain also 
resulted in the best eOMV yield, especially when inaKtrBM3 was under the control of the tac 
promotor. Some minor signal was also seen in the eOMV sample extracted from nlpI 863 using 
the pMAL construct. The results seen on western blot were further confirmed by a 12-pNCA 
assay. In case of JC8031, the eOMVs were clearly active (Figure 4.21A and B), with the 
eOMVs after IPTG induction reaching equilibrium very quickly (Figure 4.21A). The sOMVs 
derived from JC8031 seemed to show minor activity (Figure 4.21C and D), although no signal 
was seen by western blot. OMVs derived from the JM109 strain did not contain any InaKtrBM3 
according to the western blot, and indeed the sOMVs did not show any activity (Figure 4.22B). 
However, some minor activity was seen in the eOMV sample (Figure 4.22A). Based on the 
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western blot analysis, InaKtrBM3 was present in the eOMVs derived from nlpI 863 after IPTG 
induction. This was confirmed by the 12-pNCA assay, as a small amount of p-nitrophenol was 
formed (Figure 4.23A). Also the eOMVs after arabinose induction seem to be slightly active 
(Figure 4.23B). Neither of the sOMV samples showed any p-nitrophenol formation. These 
experiments show that the extraction of OMVs using EDTA, in combination with mutations 
impairing envelope stability, result in the highest OMV yields. 
 
 
Figure 4.20: A: Western blot analysis of eOMVs and sOMVs, either derived from JM109, JC8031 or nlpI deletion 
mutant 863. In the last two strains, two different constructs (pBAD, i.e. araBAD promotor, or pMAL, i.e. tac 
promotor) were taken along. B: Western blot analysis of the proteinase K treated OMV samples. 
 
 
Figure 4.21: 12-pNCA assay using OMVs isolated after InaKtrBM3 production in JC8031. A: eOMVs. Expression 
was under the control of the tac promotor. B: eOMVs. Expression was under the control of the araBAD promotor. 
C: sOMVs. Expression was under the control of the tac promotor. D: sOMVs. Expression was under the control 
of the araBAD promotor. 
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Figure 4.22: 12-pNCA assay using OMVs isolated after InaKtrBM3 production in JM109. A: eOMVs extracted 
after overnight expression. B: sOMVs collected 6 h post polymyxin B induction. 
 
 
Figure 4.23: 12-pNCA assay using OMVs isolated after InaKtrBM3 production in nlpI deletion mutant 863. 
A: eOMVs. Expression was under the control of the tac promotor. B: eOMVs. Expression was under the control 
of the araBAD promotor. C: sOMVs. Expression was under the control of the tac promotor. D: sOMVs. Expression 
was under the control of the araBAD promotor. 
Although no signal coinciding with InaKtrBM3 was observed by western blot, the seemingly 
small activity observed in the 12-pNCA assay prompted us to further pursue the sOMV 
approach. So far, the culture supernatant was filtered using a 0.22 µm filter before sOMV 
collection by ultracentrifugation, as this was an established protocol within the lab. This pore 
size is smaller than the upper limit of the OMV size. Indeed, scanning literature learned that 
0.45 µm filters are often used instead of 0.22 µm filters [351], [371]. We wondered whether the 
use of 0.45 µm filters could increase the OMV yield, and thereby obtaining a sufficient amount 
of active OMVs. A culture was set up where InaKtrBM3 was produced in JC8031 upon IPTG 
induction. The culture supernatant was divided in two. One half was filtered using a 0.22 µm 
filter, whereas the other half was filtered using a 0.45 µm filter. In this way, it was made sure 
that no differences could be ascribed to biological variations between different cultures. The 
isolated sOMVs were subsequently assayed for 12-pNCA hydroxylation and analysed by 
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use of the 0.45 µm filter, whereas no such increase was seen in case of the 0.22 µm filter. 
Western blot analysis showed a signal in the sOMV sample collected after using the 0.45 µm 
filter and not in case of the 0.22 µm filter. However, this signal was observed at a lower than 
expected MW of 152 kDa. No residual medium was present as OMVs were washed as 
mentioned before. This western blot analysis was not performed immediately after sOMV 
collection so the enzyme might have degraded during storage. Both sOMV samples were further 
analysed by NTA (Figure 4.24C). Indeed, relatively more particles with sizes around 200 nm 
were recovered. The overall particle concentration is not comparable to one another due to 




Figure 4.24: sOMVs isolated after InaKtrBM3 expression in JC8031 under the control of the tac promotor. One 
half of the medium was filtered with a 0.22 µm filter. The other half was filtered with 0.45 µm filter. A: 12-pNCA 
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As InaKtrBM3 seemed to be present in sOMVs, collected after filtering the supernatant with a 
0.45 µm filter, all strains and constructs, mentioned above, were reinvestigated. Both eOMVs 
and sOMVs were collected, now filtering the respective supernatant with a 0.45 µm filter, and 
tested for activity by the 12-pNCA assay. First, the JC8031 strain was revisited in order to 
confirm that the sOMVs, obtained after 0.45 µm filtration indeed were active and the arabinose-
induced construct was taken along in parallel (Figure 4.25). In Figure 4.25A, p-nitrophenol 
formation was clearly seen, thereby confirming that active sOMVs were successfully obtained. 
It must be noted that the medium appeared to be somewhat viscous and eOMV extraction was 
no longer possible as cells lysed upon incubation with the EDTA-rich buffer. It was noticed 
that every time the JC8031 strain with the construct under the control of the tac promotor was 
grown, starting from a glycerol stock made from the preceding preculture, a slightly lower 
OD600 value was reached upon collection in late exponential phase. This raised the question 
whether these OMVs truly are sOMVs resulting from OM blebbing, or are these the result of 
(partial) cell lysis. There was no clear activity seen for any other sOMV sample (Figure 4.26B 
and D). The JC8031-derived eOMVs collected after InaKtrBM3 production, under the control 
of araBAD were active (Figure 4.25B), as well as the nlpI 863-derived eOMVs collected after 
InaKtrBM3 production under the control of the tac promotor (Figure 4.26A), which was also 
seen after filtration with a pore size of 0.22 µm. Now, also the nlpI 863-derived eOMVs under 
the control of araBAD showed activity (Figure 4.26C). Neither the vesicles derived from tolA 
838 nor derived from the polymyxin B-induced JM109 strain actively converted 12-pNCA (data 




Figure 4.25: 12-pNCA assay using OMVs isolated after InaKtrBM3 expression in JC8031. Filtration was done 
with a 0.45 µm filter instead of a 0.22 µm filter. A: sOMVs. Expression was under the control of the tac promotor. 
B: eOMVs. Expression was under the control of the araBAD promotor. C:sOMVs. Expression was under the 









Figure 4.26: 12-pNCA assay using OMVs isolated after InaKtrBM3 production in nlpI deletion mutant 863. 
Filtration was done with a 0.45 µm filter instead of a 0.22 µm filter. A: eOMVs. Expression was under the control 
of the tac promotor. B: sOMVs. Expression was under the control of the tac promotor. C: eOMVs. Expression 
was under the control of the araBAD promotor. D: sOMVs. Expression was under the control of the araBAD 
promotor. 
To further characterize the isolated OMVs, purification by OptiPrep™ density 
ultracentrifugation was attempted. The sOMVs were isolated as before from the JC8031 strain 
producing InaKtrBM3 upon IPTG induction and were subsequently loaded on the bottom of an 
OptiPrep™ gradient. Ultracentrifugation was performed for 3 h, after which 1 ml fractions were 
collected automatically, while measuring the absorbance at 260 nm (Figure 4.27A). This graph 
shows two spikes of absorbance increase, that is in fraction 6 and 8. In this graph, a stepwise 
absorbance increase was seen, indicating that no linear gradient was obtained. sOMVs  (or other 
types of membrane structures) were collected from each fraction and analysed by western blot 
(Figure 4.27B). Of note, the bottom layer was not collected by the fraction collector, i.e. fraction 
11, and appeared to be very viscous upon Laemmli buffer addition whereby analysis by 
SDS-PAGE and western blot was not possible. Based on the western blot analysis, the higher 
density fractions 8, 9 and 10 contained InaKtrBM3. However, vesicles are expected to float to 
lower density fractions. The InaKtrBM3-containing fractions were further investigated by 
SDS-PAGE (Figure 4.27C). In all three fractions, intense bands are present around the expected 
MW of OmpF, OmpC and OmpA, which have been used as markers for OMVs due to their 
large abundance in the OM and OMVs. The gel bands were cut out and analysed by MALDI-
TOF MS. Only OmpC was found in the upper band and not a mixture of OmpF and OmpC. 
The lower band was identified as OmpA. As these Omp proteins are also present in these higher 
density fractions, together with the fact that no linear gradient was obtained, it was concluded 
that a longer centrifugation time is required for proper vesicle purification. The same protocol 
was used for the purification of eOMVs, derived from JC8031 after InaKtrBM3 production, 
A B 
C D 
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induced by arabinose (Figure 4.28). Similarly, the higher density fractions showed to be positive 
for InaKtrBM3 and OmpC and OmpA were found in the same fractions.  
 
 
   
Figure 4.27: OptiPrep™ density ultracentrifugation sOMVs, derived from JC8031 after InaKtrBM3 production 
under the control of the tac promotor. A: Absorbance at 260 nm of OptiPrep™ gradient after centrifugation for 
3 h at 141 000 g. 1 ml fractions were collected from top to bottom and were numbered accordingly. B: Western 
blot analysis of the collected fractions after OptiPrep™ density ultracentrifugation. C: SDS-PAGE analysis of the 
InaKtrBM3-positive fractions. The intense gel bands in between 25 kDa and 37 kDa were cut out and analysed by 
MALDI-TOF MS. The upper band was identified as OmpC, the lower band as OmpA. 
 
   
Figure 4.28: OptiPrep™ density ultracentrifugation eOMVs, derived from JC8031 after InaKtrBM3 production, 
under the control of the araBAD promotor. A: Absorbance at 280 nm of OptiPrep™ gradient after centrifugation 
for 3 h at 141 000 g. 1 ml fractions were collected from top to bottom and were numbered accordingly. B: Western 
blot analysis of the collected fractions after OptiPrep™ density ultracentrifugation. C: SDS-PAGE analysis of the 
InaKtrBM3-positive fractions. The intense gel bands in between 25 kDa and 37 kDa were cut out and analysed by 
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3.2.3 OMV display of self-sufficient CYP52A13 
Using the self-sufficient CYP102A1 enzyme, OMVs were successfully obtained, containing 
the surface display construct InaKtrBM3. Although it was debated whether actual sOMVs were 
obtained, extraction of eOMVs was obtained in four different cases, i.e. in one of two deletion 
mutants JC8031 or nlpI 863 in combination with either the pMAL or pBAD vector. We showed 
that all four InaKtrCYPBMR constructs (with CYP being either CYPtr, CYPΔ32, CYPΔ25 or 
CYPnt) were surface displayed so we wondered whether these surface displayed enzymes 
would also be included in JC8031-derived vesicles, i.e. eOMVs and/or sOMVs. The four 
different constructs had a markedly different influence on the growth characteristics of JC8031. 
Expressing the CYPtr and CYPnt construct did not seem to greatly impair growth (OD600 = 
6.26 and 5.00, respectively). However, expression of the CYPΔ32 construct led to a significant 
decrease of the final optical density (OD600 = 3.12). Upon expression of the CYPΔ25 construct, 
little growth was observed after IPTG induction (final OD600 = 0.687). Indeed, eOMV collection 
including either the CYPΔ32 or CYPΔ25 construct was not possible as the cells lysed upon 
EDTA incubation. The remaining collected OMV samples were analysed by western blot and 
SDS-PAGE (Figure 4.29A and B, respectively). In case of CYPtr and CYPnt, only the eOMVs, 
and not the sOMVs, contained the self-sufficient CYP and in these samples, the OM markers 
OmpC and OmpA, but not OmpF, were identified. The sOMVs of CYPΔ32 and CYPΔ25 both 
contained the self-sufficient CYP. As sOMVs only contained the surface displayed enzyme 
when growth is clearly impaired, these sOMVs were more likely to be the result of cell lysis 
and no true sOMVs were formed. 
 
 
Figure 4.29: OMVs collected after InaKtrCYPBMR (CYP stands for either CYPtr, CYPΔ32, CYPΔ25 or CYPnt) 
production in JC8031. A: Western blot analysis. B: SDS-PAGE analysis. The gel bands indicated in the blue boxes 
were cut out and analysed by MALDI-TOF MS. Both upper bands were identified as OmpC, whereas both lower 
bands were identified as OmpA. 
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4.1 InaKtr is a powerful tool for the surface display of CYPs 
INPs have been reported in literature to be excellent anchors for the surface display of complex 
proteins and enzymes including cofactors have been successfully displayed [252], [253]. The 
value of INP as a surface display anchor was confirmed in this chapter, as all different constructs 
made, appeared at the surface of the E. coli cell. Especially for the construct where the 
N-terminal membrane anchor of CYP52A13 was not deleted, this was remarkable. Indeed it 
has been mentioned in literature that native class II CYPs can be incorporated into the 
membrane when provided with the signal sequence from PelB or OmpA. However, it was not 
specified whether the CYPs were incorporated in the IM or the OM and how the CYP was 
orientated (cytoplasm, periplasm or surface displayed) [242]. Here it thus seems that the native 
enzyme was integrated in the OM facing the extracellular space, based on the proteinase K 
accessibility assay. This raises questions: is the transmembrane anchor of CYP52A13 
integrated in the OM or solvent exposed and how come the hydrophobic anchor was not 
retained in the IM? One might wonder if the proteinase K indeed was properly inhibited by the 
proteinase inhibitor cocktail and completely washed away before OM collection, and thereby 
not degrading intracellular and periplasmic proteins. All four constructs appear in either 
eOMVs or sOMVs, which strengthens the conclusion that the constructs are effectively 
integrated in the OM. However, again this conclusion should be taken with care, as it was not 
confirmed that the produced OMVs were derived from the OM alone and no IM was 
incorporated. The OMVs were not purified by OptiPrep™ density ultracentrifugation so it 
should also be taken into account that enzyme released upon cell lysis might adhere to the 
membranes, especially in case of the hydrophobic CYP52A13. 
 
As powerful as the InaKtr anchor appears to be, optimization of the linker sequence fusing the 
anchor to the enzyme should still be addressed. The linker sequence was sufficient to retain 
enough enzyme at the surface of either the cell or the OMV in order to obtain an actively 
converting immobilized CYP, proven by InaKtrBM3. Unfortunately, a high amount of BM3 
enzyme was found in the culture medium, indicating that the linker sequence is susceptible to 
proteolysis. Although the released BM3 was still active, this has implications for the costs of 
the catalytic process. Using either cells or OMVs gives the opportunity for easy catalyst 
recycling. However, when the enzyme is cleaved of the anchor, the activity of the recovered 
catalyst will significantly reduce at each recycling step. 
 
4.2 The surface display of CYP52A13 chimers does not result in an oleic-
acid converting biocatalyst 
The molecular lego approach as described by Gilardi et al [273] was used in order to create a 
chimer between CYP52A13 and the reductase domain of CYP102A1. Three different 
truncations, as well as the nontruncated form of CYP52A13 were incorporated into such a 
chimer. Unfortunately, not one construct led to the conversion of oleic acid upon surface 
display. The same questions as put forward in previous chapter, can be asked here. Is BMR 
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capable of delivering electrons to the CYP domain? Is there uncoupling, leading to ROS 
formation, which might inhibit CYP? Can the substrate in fact bind in the active site? Is the 
protein yield too low for functional assays? These questions were already addressed in previous 
chapter and these issues will therefore not be discussed here. 
 
It should be realized that the OMVs displaying the InaKtrCYPBMR constructs could not be 
properly assayed as these were only obtained at the very end of this PhD study. Park et al 
showed how the use of OMVs increased activity, which was ascribed to the higher 
enzyme:volume ratio [349]. If the enzyme shows an activity too low to be detected after surface 
display, activity might still be observed using OMVs due to this higher ratio. Of note, next to 
InaK, other INPs have been identified and it was reported that alternative INPs differ in their 
efficiency to target their recombinant protein passenger to the surface [361]. Also Autodisplay 
resulted in successful display of CYPs on the surface of E. coli [247], [249], [254]. If the 
problem lies within the low activity, alternative anchors might be tested as well in order to 
improve the yield of surface displayed CYPs thereby improving the activity of the whole-cell 
biocatalyst.  
 
An additional factor in the surface display of CYP52A13 is the fact that the membrane 
environment of the OM is markedly different from the ER membrane. The OM of the E. coli 
envelope consists of an asymmetrical bilayered membrane, existing of a phospholipid inner 
leaflet and an outer leaflet containing lipopolysaccharides (LPS). It has been reported that the 
membrane environment can significantly influence the activity of CYP and its redox partner 
CPR [167], [168]. In this regard, it might be interesting to extract OMVs using detergents. 
Detergent extraction methods have been extensively used in the development of vaccines using 
OMVs. The extracted dOMVs contain considerably less LPS while bacterial OM proteins and 
other membrane components are integrated [348]. These dOMVs could therefore serve as a 
way to investigate the influence of LPS on the enzyme activity. 
 
Also regarding the involvement of the membrane in the overall catalysis, it might be interesting 
to test several alternative surface display anchors. The surface anchor InaKtr used in this 
dissertation contained both the N-terminal and C-terminal unique domain of the INP and this 
N-terminal surface anchor is markedly longer than the natural CYP membrane anchor. In fact, 
using the N-terminal INP surface anchor alone proved to be sufficient for surface display [252]. 
Shorter INP surface anchors might therefore be tested to mimic the natural membrane anchor 
more closely. Alternatively, the INP central repeating domain and/or the linker between the 
surface display anchor and the CYP could be altered in order to enable membrane interaction, 
which can be beneficial for CYP catalysis. The Autodisplay surface display anchor is attached 
to the CYP C-terminus instead of the N-terminus. Investigating the surface display of self-
sufficient CYPs, this approach could be tested as well. 
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4.3 A proof-of-concept was delivered, demonstrating the use of OMVs 
displaying a self-sufficient CYP as nanobiocatalysts 
In this chapter, OMVs displaying an active self-sufficient CYP enzyme, i.e. CYP102A1 from 
B. megaterium, were successfully isolated. EDTA-extracted eOMVs were obtained in four 
different cases, i.e. using one of two deletion mutants JC8031 or nlpI 863 in combination with 
either the pMAL or pBAD vector. This confirms the study in which Van der Waterbeemd 
showed that OMV extraction with EDTA from a gram-negative bacterium, genetically 
modified resulting in a loosely attached OM, yields a higher amount of vesicles compared to 
the isolation of spontaneously formed sOMVs [363]. Spontaneously formed sOMVs were 
isolated only when the tolRA double deletion mutant JC8031 was used to express the 
InaKtrBM3-encoding gene under the control of the tac promotor in the pMAL-c4x vector. It 
became evident that obtaining sOMVs in a sufficient yield to observe activity, requires a very 
delicate equilibrium between OM instability and viability. The JC8031 strain shows to be 
particularly well suited for this purpose, but only in combination with the strong tac promotor. 
In the first experiments, the strain transformed with the pMAL construct showed good optical 
densities at the point of OMV collection. Unfortunately, every consecutive round of OMV 
production, starting from a glycerol stock made during the previous experiment, a decreased 
optical density was reached. At a certain point, eOMVs could no longer be extracted as the cells 
lysed upon contact with the EDTA-buffer. This exemplifies this delicate equilibrium. A 
construct under the control of the araBAD promotor did not result in a sOMV yield, sufficient 
to observe activity. This promotor is proposed to be used in order to better control expression, 
however this negatively affects the sOMV yield. Knocking out nlpI was reported to result in 
hypervesiculation without affecting the membrane integrity. Indeed hypervesiculation was 
observed, but only after overnight growth. However, this increased membrane integrity 
negatively affected the sOMV yield. It thus seems that the membrane instability really needs to 
be pushed to its limits and a strong promotor is required for sOMV production. This is further 
evidenced by the fact that only the growth impaired strains, surface displaying either the 
CYPΔ32 or the CYPΔ25 construct, produced sOMVs including the recombinant proteins, 
whereas in case of the two other constructs, eOMVs but not sOMVs contained the recombinant 
protein. One might therefore wonder if these are indeed all true sOMVs or if cell lysis occurs 
and results in released membrane fractions containing the surface displayed construct. Indeed, 
it must be noted that knock-out strains with disrupted cross-links, often showed a leaky 
membrane and Toyofuku et al reported that vesicles formed by cell lysis might be co-isolated 
in that case [352]. In order to further characterize the OMVs, OptiPrep™ density 
ultracentrifugation was performed, in the same way as described by Park et al [349], except that 
the gradient started from 45 % OptiPrep™ at the bottom instead of 35 % OptiPrep™. 
Unfortunately, the protocol did not result in complete purification. Although the gradient was 
formed with lower density solutions, it was still questioned whether Park et al indeed purified 
their OMVs completely as also they observed their OMVs to be mainly in the bottom fractions 
[349]. Kim et al [369], as well as Chutkan et al [371], report pure OMVs to be present in 
fractions which are lower in density than reported by Park et al. In order to purify and further 
characterize the formed OMVs, longer centrifugation times should be performed and/or the 
centrifugation speed should be increased.  
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Throughout this chapter, an enzymatic assay with the substrate 12-pNCA was used in order to 
measure the activity spectrophotometrically in case of InaKtrBM3 display. This proved to be a 
valuable alternative to GC-MS. However, it was observed that only a fraction of the added 
substrate seemed to be converted to p-nitrophenol. It must be noted that only hydroxylation of 
12-pNCA at the ω-position will result in the chromophore p-nitrophenol. BM3 preferentially 
hydroxylates the subterminal positions ω-1, ω-2 and ω-3. Products resulting from hydroxylation 
at a position other than the terminal position will not be visible by spectrophotometry, 
explaining the low yield of p-nitrophenol. Using the F87A mutant, the conversion of 12-pNCA 
to p-nitrophenol was much higher so this this mutant might be used instead to enhance 
sensitivity [364]. Schwaneberg et al proposed that this assay might also be used for 
ω-hydroxylating CYP enzymes such as the CYP4 and CYP52 family [364]. The CYP52A13 
chimeric constructs were tested for activity using this assay as well. However, the validity of 
this assay for ω-hydroxylating CYPs was questioned. Based on the relative bond strengths of 
subsequent C-H bonds in the hydrocarbon chain, the ω-1 position is preferentially hydroxylated 
over the terminal position and regiospecificity must be enforced through specific protein-
substrate interactions. Inserting a phenoxy group at the hydrocarbon chain terminus was 
hypothesized to interfere with these specific interactions, based on the fact that CYP4 enzymes 
do not convert substrates where a phenyl group was located at the chain terminus [372]. In case 
of CYP52A21 [373] and CYP52A23 [53], it was hypothesized that a constricted access channel 
enables the regioselective hydroxylation at the ω-position. FAs were converted to halogenated 
derivatives with the halogen atom at the terminal position. It was observed that with increasing 
halogen atom size, access to the terminal carbon atom was impaired. Therefore, the 
aforementioned assay was not included in case of InaKtrCYPBMR display. 
 
5 Conclusion 
In this chapter, it could be shown that InaKtr is a powerful tool for the surface display of self-
sufficient enzymes. Unfortunately, the surface display of CYP52A13, fused to BMR, did not 
result in an oleic acid converting biocatalyst. OMVs, displaying a self-sufficient enzyme, were 
successfully obtained, by either isolating sOMVs from the medium or extracting eOMVs from 
the cells. In case of CYP102A1 display, the vesicles showed to be active, thereby delivering a 
proof-of-concept for the use of OMVs as an in vivo CYP immobilization strategy for their use 
as nanobiocatalysts. The origin of the sOMVs, i.e. are the vesicles indeed spontaneously formed 
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Abstract 
Many oxidoreductases show valuable activities for industrial applications. Unfortunately, their 
use is often limited due to their requirement for a cofactor. This is also the case for the enzyme 
of interest in this dissertation, i.e. CYP52A13 requires one mole NADPH for the ω-oxidation 
of one mole long-chain fatty acids to ω-hydroxy fatty acid and two extra moles for the 
overoxidation to the corresponding long-chain α,ω-dicarboxylic acid. As NADPH is an 
expensive cofactor, large-scale application of this system would not be feasible if the NADPH 
has to be added in stoichiometric amounts. For this reason, a NADPH-regeneration system was 
investigated. Formate dehydrogenase (FDH) was chosen as it is irreversible, requires an 
inexpensive co-substrate and the formed CO2 is inert and can be easily removed. FDH from 
Burkholderia stabilis 15516 was selected as it has been reported to show NADP+-specificity. 
In this chapter, a secretory approach was pursued in two different recombinant hosts, P. pastoris 
and E. coli, for simplified downstream processing. In P. pastoris, active FDH was purified from 
the medium. Unfortunately, stability issues limited its use. No active FDH could be obtained in 
the recombinant host E. coli.  
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CYP monooxygenases are oxidoreductases, requiring a redox partner for the delivery of 
electrons from a hydride donor. This hydride is delivered by either NADH or NADPH. CYPs 
from class IV and class X are notable exceptions to this, as they do not use NAD(P)H [134]. 
The need for such cofactors is one of the major limitations in CYP-based biocatalysis [120], 
[122] and also affects the industrial implementation of other oxidoreductases. NAD(P)H is 
expensive and the addition of this cofactor in stoichiometric amounts is economically not 
feasible. Therefore, a cofactor regeneration system is required.  
 
Formate dehydrogenases (FDHs) are a diverse set of enzymes, varying in quaternary structure, 
prosthetic groups and substrate specificity. One group exists of the NAD+-dependent FDH 
enzymes, lacking metal ions or prosthetic groups and they are generally found as a dimer of 
two identical subunits. These enzymes catalyse the conversion of formate to CO2, thereby 
reducing NAD+ to NADH. The hydride ion is directly transferred from formate to the C4 atom 
of the nicotinamide without acid-base catalysis. The catalytic mechanism and the amino acid 
residues involved herein were extensively described in the past and are highly conserved in the 
FDH enzymes [374], [375]. 
 
FDH is of particular interest for cofactor regeneration on an industrial scale due to its many 
advantages, coinciding with prerequisites for low cost recycling. The FDH substrate formate is 
cheap and does not interfere with other enzymes. Only one enzyme has been reported so far to 
be inhibited by formate, that is xylitol reductase. Additionally, the reaction is irreversible. 
Furthermore, the formed end product CO2 is easily removed and therefore, it does not interfere 
with purification processes [291]. A very successful application is the NADH recycling by FDH 
from Candida boidinii in the ton-scale production of tert-leucine [376]. Unfortunately, some 
disadvantages have limited the large scale industrial application of FDHs. Native enzymes have 
a low specific activity, a limited chemical and thermal stability and most enzymes specifically 
prefer NAD+ instead of NADP+ [377]. Many protein engineering studies have been done to 
improve these properties. Both rational design, for example the substitution of cysteine residues 
in order to improve chemical stability, and directed evolution approaches were reported. The 
plethora of FDH engineering studies has been reviewed in [378] and this was updated more 
recently in [379]. Although many improvements have been accomplished by protein 
engineering, this has not yet resulted in a NADP+-dependent FDH for industrial application.  
   
Recombinant production of a NADP+-dependent formate dehydrogenase  
for cofactor regeneration 
154 
 
Glucose dehydrogenase (GDH) offers similar advantages, i.e. the glucose substrate is cheap 
and does not interfere with enzyme activities and the reaction is irreversible because the end 
product gluconolactone spontaneously hydrolyses to gluconic acid. GDH has the additional 
advantages of being highly active and more stable and accepts NADP+. Therefore, this 
dehydrogenase is widely used, mostly in in vivo whole-cell bioconversion. Its use in in vitro 
application is limited due to the fact that the formed gluconic acid acidifies the reaction mixture 
and it needs to be purified from the main product. More recently, phosphite dehydrogenase 
(PTDH) has emerged as an interesting cofactor regeneration system, although protein 
engineering is required to increase catalytic activity, thermostability and NADP+ specificity 
[291], [380], [381].  
 
Hatrongjit and Packdibamrung identified the first native NADP+-dependent FDHs in five 
species from the Burkholderia cepacia complex (BCC), where the FDH from B. stabilis showed 
the highest specific activity [382]. All NAD+-dependent FDHs contain the conserved NAD+ 
binding sequence G(A)XGXXG(X)17D and the aspartic acid determines the NAD
+ specificity, 
by interacting with the 2’- and 3’-OH of the NAD+ ribose ring [374]. In FDHs from the BCC 
species, the aspartic acid is replaced by a glutamine residue and it was shown that substitution 
of this residue with aspartic acid, changed the NADP+ specificity to NAD+ [382]. Using FDH 
from B. stabilis, further efforts were done to alter cofactor specificity of NAD+-dependent FDH 
enzymes by protein engineering [377]. Alternatively, the sequence was used as a template for 
genome mining studies, resulting in the identification of two other NADP+-dependent FDHs, 
i.e. the acidic, thermostable FDH from Lactobacillus buchneri NRRL B-30929 [383] and the 
acidic FDH from Granulicella mallensis MP5ACTX8 [384]. In our search for a NADPH 
regeneration system, we selected FDH from B. stabilis for recombinant production.  
 
The recombinant production host Pichia pastoris was preferred, due to its many advantages for 
industrial applications as described before (Chapter 3 - 1). FDH production in a secreted form 
was pursued in order to simplify downstream processing. FDH from C. boidinii has been 
successfully produced in a secreted form in P. pastoris [385] and recently, the NAD+-dependent 
Chaetomium thermophilum FDH was purified from the P. pastoris medium as well [386]. Next 
to P. pastoris, FDH production in the recombinant host Escherichia coli was investigated. 
Generally, FDH enzymes are produced in the cytoplasm, although surface display of FDH has 
been reported as well [387]. It was decided to direct FDH to the periplasm. This choice was 
again based on economic perspectives to reduce purification efforts. Indeed, leakage to the 
medium occurs in this system, which is enhanced by prolonged induction times. In the medium, 
less contaminating proteins are present, compared to the intracellular space, thus leading to 
simplified downstream processing [313]. 
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2 Material and methods 
2.1 Materials 
All chemicals were purchased from Sigma-Aldrich, unless specified otherwise. 
 
2.2 Strains and plasmids 
For recombinant protein production in P. pastoris, the coding sequence for FDH from 
Burkholderia stabilis 15516 was synthesized, codon optimized and cloned in the vector 
pPICZαB in frame of the α-factor secretion signal in between restriction sites PstI and SalI by 
GenScript. The stopcodon was removed from the synthesized sequence in order to include the 
Histag at the C-terminus (see Addendum). FDH was produced in the P. pastoris strain NRRL-
Y-11430 (kindly provided by Prof. Nico Callewaert (VIB, Ghent University)). The 
transformation was performed in the same way as described before (Chapter 3 - 2.5), except 
that PmeI was used for plasmid linearization. The plasmid was maintained in E. coli XL1-blue. 
 
Similarly, the coding sequence was synthesized, codon optimized and cloned in the vector 
pET20b(+) in frame of the pelB signal sequence in between restriction sites XhoI and NcoI by 
GenScript for recombinant protein production in E. coli. Here as well, the stopcodon was 
removed in order to attach a C-terminal Histag (see Addendum). The FDH_pET20b(+) 
construct was transformed in E. coli competent DH5α (NEB) cells by electroporation for 
plasmid maintaining. The construct was transformed in E. coli competent BL21(DE3) (a kind 
gift from Prof. Savvas Savvides (VIB, Ghent University)) cells by electroporation for 
recombinant protein production. Transformants were selected in LB medium (1 % (w/v) NaCl 
(Merck), 0.5 % (w/v) yeast extract (Lab M) and 1 % (w/v) tryptone (Lab M)) including 
100 µg/ml carbenicillin (Cb) (Gold Biotechnology). Alternative E. coli strains used for 
recombinant production were BL21-AI (Invitrogen) and the BL21(DE3) pLysS host (a kind 
gift from Prof. Savvas Savvides (VIB, Ghent University)). 
 
2.3 Recombinant protein production in Pichia pastoris 
Protein production was started with a 10 ml preculture in YPD medium with 100 µg/ml 
Zeocin™, incubated overnight at 28 °C and 250 rpm upon inoculation with a colony or with 
1 ml from a glycerol stock. First a growth phase of 48 h was executed where P. pastoris was 
grown in BMGY medium (1 % (w/v) yeast extract (Lab M), 2 % (w/v) peptone (BD), 100 mM 
potassium phosphate buffer, pH 6, 1.34 % (w/v) YNB (Formedium) and 1 % glycerol (v/v)), 
inoculated with preculture (1/50), at 28 °C and 250 rpm. Subsequently, the cells were washed 
with BMMY medium (BMGY medium with glycerol replaced by methanol (VWR)), followed 
by an expression phase of 48 h in BMMY medium. The expression phase was carried out at 
28 °C and 250 rpm whereby expression was induced with the addition of methanol to a final 
concentration of 1 % (v/v) every 12 h. Alternatively, cells were incubated at 16 °C and/or 
expression was induced with methanol to a final concentration of 0.5 % (v/v) methanol every 
24 h or of 3 % methanol (v/v) every 12 h.    
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Small scale expression tests were carried out in 10 ml cultures in 50 ml birmboin tubes. 
Midscale expression tests refer to 500 ml cultures in 3 l baffled shake flasks. 
 
2.4 Recombinant protein production in Escherichia coli 
A preculture was set up, inoculating 5 ml LB including 100 µg/ml Cb in a 50 ml birmboin tube 
with a colony or 500 µl from a glycerol stock. The preculture was incubated overnight at 37 °C 
and 200 rpm. The next day, cells were grown in LB including 100 µg/ml Cb, inoculated with 
1/100 volume preculture. Cells were grown at 28 °C and 200 rpm until an OD600 of 0.8 was 
reached. At this point, expression was induced by adding isopropyl-β-D-thiogalactoside (IPTG) 
(Gold Biotechnology) to a final concentration of 0.4 mM. An overnight expression phase was 
carried out in order to promote protein leakage to the medium. Exploratory experiments were 
carried out in 50 ml cultures using 500 ml shake flasks and alternative expression conditions 
were tested, as denoted in the results section. For protein purification purposes, 300 ml cultures 
were set up in a 3 l shake flask. 
 
The same method was used in case of the pLysS host and the BL21-AI strain, with some 
modifications. In case of the pLysS host, 25 µg/ml chloramphenicol was included together with 
Cb. For the BL21-AI expression host, induction was performed at an OD600 of 0.4 with 
arabinose to a final concentration of 0.2 %. Autoinduction was executed as described by Studier 
et al [360], [370]. After the expression phase, samples were taken and mixed with 2X Laemmli 
for western blot analysis. These samples are referred to as total cell protein or TCP. 
 
2.5 Escherichia coli cell fractionation 
2.5.1 Target protein verification 
Upon the first exploratory expression tests, the cultures were collected and fractionated in order 
to verify where de produced FDH resided. To this end, cells were pelleted by centrifugation at 
10 000 g and 4 °C for 10 min. A 1 ml medium sample was taken and concentrated by DOC-
TCA precipitation (as described in Chapter 3 - 2.8). The precipitated protein was resuspended 
in Laemmli for western blot analysis. The periplasmic fraction was collected by means of 
osmotic shock. Therefore, cells were first resuspended in 30 mM Tris-HCl, pH 8, containing 
20 % sucrose and 1 mM EDTA. The resuspended cells were gently stirred for 10 min at room 
temperature. The cells were subsequently pelleted at 10 000 g and 4 °C for 10 min. The pellet 
was subsequently resuspended in ice-cold 5 mM MgSO4 and gently stirred for 10 min on ice. 
Next, the shocked cells were pelleted and a 1 ml supernatant sample was taken for DOC-TCA 
precipitation. The precipitate was then resuspended in Laemmli buffer. In a following step, cells 
were resuspended in ice-cold 20 mM Tris-HCl, pH 7.5, including protease inhibitor and lysed 
by sonication. The soluble lysate was separated from the insoluble lysate by centrifugation. A 
sample of the soluble lysate was taken and mixed with 2X Laemmli buffer for western blot 
analysis. The insoluble pellet was washed with 20 mM Tris-HCl, pH 7.5 and then resuspended 
in a 1 % (w/v) SDS solution. Solubilization was enhanced by heating and vigorous mixing. 
Subsequently, a sample was mixed with 2X Laemmli buffer. 
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2.5.2 Sample preparation protein purification 
After a first midscale expression test, cells were pelleted by centrifugation at 10 000 g and 4 °C 
for 10 min and the medium was collected for IMAC purification. The cell pellet was 
resuspended in 30 mM Tris-HCl, pH 8, including 1 mM EDTA and 20 % (w/v) sucrose. The 
suspension was divided in two in order to test two different methods for periplasmic protein 
collection. The first half was subjected to osmotic shock. To this end, the suspension was first 
incubated on ice for 1 h with gentle agitation. Cells were pelleted by centrifugation and the 
supernatant was saved. The collected cells were subsequently resuspended in a hypotonic 
solution containing 5 mM MgSO4. A second incubation step on ice for 1 h with gentle agitation 
was performed. The cells were spinned down and the two supernatant fractions were pooled 
and diluted 1/5 with IMAC binding buffer for subsequent protein purification. To the second 
half of the resuspended cells, 1 mg/ml lysozyme was added and incubated on ice for 1 h with 
gentle agitation. Cells were pelleted and the supernatant was diluted 1/10 with IMAC binding 
buffer, followed by protein purification. 
 
A second midscale expression test was performed, after which the culture was divided in three 
equal parts. To the first part, Tris, NaCl and MgSO4 was added to a final concentration of 
100 mM, 300 mM and 2 mM, respectively. This suspension was incubated for 4 h on ice with 
gentle agitation in order to increase protein leakage to the medium. Centrifugation was 
performed at 10 000 g and 4 °C for 10 min and the supernatant was saved. The pelleted cells 
were resuspended in 100 mM Tris-HCl, pH 7.5, 500 mM NaCl and 2 mM MgSO4. Incubation 
was carried out for 2 h on ice with gentle agitation. After centrifugation, the two supernatant 
fractions were pooled and FDH was purified by IMAC and SEC. The second part was subjected 
to osmotic shock as described above. The two supernatant fractions were pooled and a buffer 
exchange, using the Amicon® Ultra-15 centrifugal filter devices (Merck) with a 10 kDa cutoff, 
was performed to the IMAC binding buffer in order to remove EDTA. This sample, together 
with the collected medium (supplemented with NaCl to a final concentration of 300 mM) of 
this second part was further purified by IMAC and SEC. The third part of the culture was lysed. 
Cells and medium were separated by centrifugation at 10 000 g and 4 °C for 10 min. The 
medium was saved and NaCl was added to a final concentration of 300 mM. Cells were 
resuspended in 20 mM Tris-HCl, pH 7.5, including 500 mM NaCl and protease inhibitor. Cells 
were lysed by sonication. After pelleting the cell debris, the soluble lysate was pooled with the 
medium and purified by IMAC and SEC. 
 
2.6 SDS-PAGE and western blot 
The same protocol as described before (Chapter 3 - 2.9) was applied. As FDH contains a 
C-terminal Histag, only the anti-His(C-term)-HRP antibody (R931-25, Invitrogen) was used. 
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2.7 Protein purification 
2.7.1 IMAC purification 
Immobilized Metal Affinity Chromatography (IMAC) purification was performed in the same 
way as described in Chapter 3 - 2.10. Alternatively, 5 % glycerol was included in the all buffers. 
 
2.7.2 SEC purification 
Size exclusion chromatography (SEC) purification was performed with the column HiLoad™ 
16/600 Superdex™ 200 prep grade (Cytiva), mounted on the ÄKTA purifier (Cytiva). The 
IMAC fractions containing FDH were injected on the SEC column after equilibration of the 
column with the a buffer consisting of 50 mM Tris-HCl, pH 7.5, and 150 mM NaCl. Upon 
injection, the same buffer was used for elution. Fractions of 1 ml were collected and those 
belonging to the same peak were pooled and concentrated using the Amicon® Ultra-15 
centrifugal filter devices (Merck). Alternatively, 5 % glycerol was included in this SEC buffer. 
 
2.8 Trypsin digestion and MALDI-TOF MS 
The same protocol as described before (Chapter 3 - 2.12) was applied. Identification was done 
with Mascot using either the P. pastoris NRRL-Y-11430 protein database or the E. coli (strain 
K12) protein database, downloaded from Uniprot. 
 
2.9 Determination of protein concentration 
Protein concentrations were determined with the Thermo Scientific™ Coomassie (Bradford) 
Protein Assay Kit. The measurement was done using the Bio-Rad Microplate Reader model 
680. 
 
2.10 Enzymatic assay 
FDH activity was measured spectrophotometrically by monitoring the formed NADPH at 
340 nm (ε = 6220 M−1 cm−1) using the Bio-Rad Microplate Reader model 680. The reaction 
was carried out in a volume of 250 µl consisting of 200 mM potassium phosphate buffer, 
pH 7.4, 1 mM NADP+ and 0.1 mM sodium formate. The reaction was initiated by simultaneous 
addition of the substrate sodium formate and was incubated for 30 min at 30 °C. 
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3.1 Recombinant FDH production using Pichia pastoris as host 
The complete coding sequence of fdh from B. stabilis 15516 was codon optimized and cloned 
in the vector pPICZαB in frame of the α-factor secretion signal, inserting a C-terminal Histag 
for IMAC purification. As mentioned before, expression in P. pastoris and secretion to the 
medium was preferred as this already serves as a first purification step because P. pastoris 
secretes little endogenous proteins. Following transformation, three P. pastoris colonies were 
picked for a first small scale expression test. A sample of the medium was taken, concentrated 
and analysed by western blot (Figure 5.1). In parallel, cells were lysed and a sample of the 
lysate was taken along. In the medium, a clear signal was observed for all three colonies at the 
expected MW of 43 kDa. No signal was seen in the lysate, indicating that the protein production 
and secretion is efficient and no intracellular degradation occurs. 
 
 
Figure 5.1: Western blot of lysate and concentrated medium samples after small-scale expression test of three 
colonies picked after fdh transformation in P. pastoris. FDH (43 kDa) was successfully secreted to the medium. 
This secretion appeared to be efficient as no signal was observed in the lysate. 
After the small-scale expression test, midscale expression tests were performed, followed by 
FDH purification from the medium in two steps. Firstly, FDH was purified by IMAC, and 
secondly, SEC was performed as the polishing step. In a first batch of cultures, methanol 
concentrations were varied during the expression phase. Standard practice in the lab is the 
addition of methanol to a final concentration of 1 % for inducing recombinant protein 
production and additional methanol supplementation every 12 h. Alternatively, the methanol 
concentration was lowered to a final concentration of 0.5 % for the induction of recombinant 
protein production and additional supplementation was only done once after 24 h. As methanol 
metabolism requires a high oxygen supply, oxygen depletion might result in a reduced yield 
when adding 1 % methanol every 12 h during the expression phase. Lowering the methanol 
concentration might thus reduce oxygen limitations. Lastly, the methanol concentration was 
increased to a final concentration of 3 % for the induction of recombinant protein production, 
and supplemented every 12 h during the expression phase. Higher methanol concentrations 
have been reported to result in less byproduct formation and to increase recombinant protein 
production selectivity [388]. The OD600 at the point of collection after 0.5 % methanol addition 
was 57.3, after 1 % methanol addition 56.6 and after 3 % methanol addition 55.6. Based on 
these optical densities, the different methanol supplementation strategies did not greatly 
influence the final cell density. Medium was collected and subsequently purified by IMAC 
(Figure 5.2). It must be noted that during sample loading after both 1 % and 3 % methanol 
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addition, precipitation issues occurred. Looking at the three different chromatograms, using a 
limited methanol supplementation strategy seemed to result in a slightly higher yield as the 
100 mM imidazole elution peak has the highest absorbance. However, together with FDH, 
contaminating proteins co-eluted with 100 mM imidazole, as seen in the SDS-PAGE analysis 
of the different elution peaks (Figure 5.3) and these seemed to be relatively more present in 
case of 0.5 % methanol supplementation. A small amount of FDH eluted at a higher imidazole 
concentration of 250 mM. The SDS-PAGE analysis of the IMAC elution peaks collected from 
the medium obtained after 3 % methanol addition did not show any signal and is therefore not 
shown. In this case, all protein thus appeared to degrade during concentration and buffer 
exchange. Following IMAC, both 100 mM and 250 mM fractions were combined and further 
purified by SEC (Figure 5.4). Indeed, no major peaks were seen in case of 3 % methanol 
addition, confirming that all protein was lost after IMAC (data not shown). In the other two 
cases (Figure 5.4A and B), several peaks appeared in the chromatogram and all were collected 
for SDS-PAGE analysis (data not shown). However, no protein was visualized and western blot 
analysis, being more sensitive, was needed to see which elution peaks were in fact FDH (Figure 
5.4C). Purity was therefore not assessed. 
 
 
Figure 5.2: IMAC purification of FDH after midscale expression tests in P. pastoris. Three different methanol 
supplementation strategies were tested at 28 °C. A: 0.5 % MeOH every 24 h. B: 1 % MeOH every 12 h. C: 3 % 
MeOH every 12 h. For all purifications the complete chromatogram is shown on the left. The right chromatogram 
shows the elution profile in more detail. 
Recombinant production of a NADP+-dependent formate dehydrogenase 




Figure 5.3: SDS-PAGE analysis of IMAC elution peaks, desalted and concentrated after FDH (43 kDa) purification 
(Figure 5.2). Three different methanol supplementation strategies were tested during the expression phase, i.e. 
0.5 % MeOH every 24 h, 1 % MeOH every 12 h and 3 % MeOH every 12 h. The last one is not shown as no bands 
were seen on the Coomassie-stained gel. The arrow indicates the cut out gel bands, which were identified to be 
FDH by MALDI-TOF MS. 
 
Figure 5.4: SEC purification of FDH (43 kDa) after midscale expression tests in P. pastoris and a first IMAC 
purification step (Figure 5.2 and Figure 5.3). Three different methanol supplementation strategies were tested at 
28 °C, and only in two cases, FDH was retrieved after IMAC. A: 0.5 % MeOH every 24 h. B: 1 % MeOH every 
12 h. C: western blot analysis. 
In a next batch of cultures, the temperature during the expression phase was reduced to 16 °C 
instead of 28 °C, a common strategy to improve the yield of properly folded recombinant 
protein. By reducing the temperature during the expression phase, the metabolic activity is 
slowed down, leaving more time for the recombinant protein to fold correctly [339]. Both the 
0.5 % and 1% methanol supplementation strategy as described above were tested in parallel. At 
the point of collection, an OD600 of 54 was measured in case of 0.5 % methanol, and of 50.7 in 
case of 1 % methanol addition. A minor decrease compared to expression at 28 °C was thus 
observed. The medium was collected and first purified by IMAC (Figure 5.5). Of note, 
precipitation issues again occurred in case of 1 % methanol addition. Therefore, the sample 
loading had to be interrupted, thereby losing the data. For this reason, the chromatogram in 
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Figure 5.5B (left) is incomplete. Based on the absorbance of the elution peak at 100 mM 
imidazole, the yield after expression at 16 °C using 1 % methanol supplementation per 12 h 
resulted in the highest yield, although many contaminants were observed in this fraction as well. 
In both cases, the 250 mM imidazole elution step also contained FDH and the two elution peaks 
were combined for further SEC purification (Figure 5.7). A smaller peak was seen around an 
elution volume of 76 ml. Following this smaller elution peak, a broader peak followed with a 
higher absorption maximum. Based on the subsequent SDS-PAGE analysis (Figure 5.7C), most 
FDH eluted around 76 ml. The broader peak contained FDH as well, together with lower MW 
bands and also a smear was observed. Of note, the protein samples were more concentrated 
than after the 28 °C expression experiments so the gel band intensities cannot be directly 
compared. It became evident during these experiments that the recombinantly produced and 
secreted FDH was unstable. Many precipitation issues occurred during IMAC sample loading 
and smearing was observed on the Coomassie-stained gels after SDS-PAGE. 
 
 
Figure 5.5: IMAC purification of FDH after midscale expression tests in P. pastoris. Two different methanol 
supplementation strategies were tested at a lower expression temperature of 16 °C. A: 0.5 % MeOH every 24 h. 
The complete chromatogram is shown on the left. The right chromatogram shows the elution profile in more detail. 
B: 1 % MeOH every 12 h. The complete chromatogram is shown on the left. Problems occurred during sample 
loading, leading to loss of data. Therefore the left chromatogram shows misses part of the sample loading data. 
The right chromatogram shows the elution profile in more detail. 
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Figure 5.6: SDS-PAGE analysis of IMAC elution peaks, desalted and concentrated after FDH (43 kDa) purification 
(Figure 5.5). Two different methanol supplementation strategies were tested at a lower expression temperature of 
16 °C, i.e. 0.5 % MeOH every 24 h and 1 % MeOH. The arrow indicates the cut out gel bands, which were 
identified to be FDH by MALDI-TOF MS. 
 
Figure 5.7: SEC purification of FDH (43 kDa) after midscale expression tests in P. pastoris and a first IMAC 
purification step (Figure 5.5 and Figure 5.6). Two different methanol supplementation strategies were tested at a 
lower expression temperature of 16 °C. A: 0.5 % MeOH every 24 h. B: 1 % MeOH. C: SDS-PAGE analysis. 
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In order to address the stability issues, encountered during midscale expression experiments, 
the stabilizing effect of glycerol was investigated. 5 % glycerol was added to the buffers, used 
for IMAC, SEC and storage. In a first experiment, the activity was measured after a first IMAC 
purification. Samples which were purified excluding glycerol and including glycerol in the 
buffers, were assayed in parallel (Figure 5.8A and B, respectively) after a first freeze-thaw 
cycle, and retested after a second freeze-thaw cycle. The addition of 5 % glycerol led to an 
increased stability as the activity was much more retained upon a second freeze-thaw cycle. 
 
 
Figure 5.8: Activity assay IMAC purified FDH. NADPH formation was measured at 340 nm and the NADPH 
concentration was calculated with an extinction coefficient ε340 nm = 6.22 x 103 M−1 cm−1. A: No glycerol was added 
to the purification and storage buffers. B: Glycerol was added to the buffers. The activity was retained when 
glycerol was included. 
As the activity was retained upon glycerol addition, it was wondered if glycerol addition would 
lead to less protein loss during purification due to instability and thereby increasing the yield. 
In the IMAC chromatogram (Figure 5.9), no big differences in absorbance maxima were seen 
and subsequent SEC (Figure 5.11A) did not show significant absorbance increase either. The 
SDS-PAGE analysis after both purification steps (Figure 5.10 and Figure 5.11B, respectively) 
show that only little FDH was obtained after IMAC and that is was lost after SEC. 
  
 
Figure 5.9: IMAC purification of FDH after midscale expression tests in P. pastoris, including glycerol in the used 
buffers. The complete IMAC chromatogram is shown on the left. The right chromatogram shows the elution profile 
in more detail. 
A B 
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Figure 5.10: IMAC purification of FDH (43 kDa) after midscale expression tests in P. pastoris, including glycerol 
in the used buffers. SDS-PAGE analysis of IMAC elution peaks, desalted and concentrated after FDH purification 
(Figure 5.9) 
 
Figure 5.11: SEC purification of FDH (43 kDa) after midscale expression tests in P. pastoris and a first IMAC 
purification step (Figure 5.9 and Figure 5.10). A: SEC chromatogram. The numbers indicate the collected peaks. 
B: SDS-PAGE analysis of the SEC elution peak after concentration. No protein was recovered. 
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3.2 Recombinant FDH production using Escherichia coli as host 
Recombinant FDH production and secretion in P. pastoris did not lead to great successes. A 
switch was therefore made to the alternative production host E. coli. It was chosen to clone fdh 
in frame of the pelB signal sequence of the pET20b(+) vector, thereby sending FDH to the 
periplasm. Prolonged induction times were applied in order to enhance leakage to the medium, 
leading to a simplified FDH purification process. A first exploratory expression test was 
performed at 37 °C, inducing recombinant expression with 0.4 mM IPTG, and a prolonged 
induction phase of 16 h was executed. A non-induced control was taken along. After expression, 
the cells were collected and the different cell fractions, i.e. periplasm, soluble lysate and the 
insoluble lysate (containing cell debris, unlysed cells and inclusion bodies (IB)) were isolated 
for western blot analysis, together with a concentrated medium sample (Figure 5.12). FDH was 
expressed in both the induced culture, as well as in the non-induced control but was only found 
in the insoluble lysate. As no soluble protein was present, it was concluded that the produced 
FDH was mainly present in inclusion bodies (IBs). 
 
 
Figure 5.12: Western blot analysis of the collected cell fractions, that is the concentrated medium, periplasm, 
soluble lysate and insoluble lysate, after FDH (43 kDa) production in BL21(DE3) at 37 °C. +:induced culture, -
:non-induced control. 
In order to circumvent IB formation, the temperature was lowered in order to slow down protein 
production and allowing more time to properly fold. On the one hand, the temperature was 
lowered to 16 °C during the expression phase, after a growth phase at 37 °C where glucose was 
added to reduce leaky expression. On the other hand, the culture was incubated at 28 °C during 
both growth and expression. In parallel, a lower IPTG concentration for the induction of 
recombinant protein production was tested. The different cell fractions were collected and the 
western blot is shown in Figure 5.13. Incubation of the culture at 28 °C during both growth and 
expression resulted in the desired leakage to the medium, with induction using 0.4 mM IPTG 
resulting in a seemingly higher yield. However, leaky expression still occurred and in the 
soluble lysate, a signal at a higher MW is seen as well. Incubation at 37 °C including glucose 
during growth, followed by an expression phase at 16 °C showed to result in production of 
soluble FDH. In this case, the non-induced control seemed to result in the highest yield. Leakage 
to the medium was not obtained, although there seems to be a signal at a higher MW in the 
medium of the non-induced control. Of note, the optical densities obtained after growth at 
37 °C, followed by expression at 16 °C, were lower than after incubation at 28 °C. In the first 
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case, the OD600 of the non-induced control was 2.685, induction with 0.1 mM IPTG resulted in 
an OD600 of 2.475 and induction with 0.4 mM resulted in an OD600 of 1.595. In the second case, 
the OD600 values were more similar, being 3.72, 2.9 and 3.34, respectively. Especially inducing 
with 0.4 mM IPTG thus resulted in a reduced cell density in the first case.  
 
 
Figure 5.13: Western blot analysis of the collected cell fractions, that is the concentrated medium, soluble lysate 
and insoluble lysate, after FDH (43 kDa) production in BL21(DE3) at (1) 16 °C, where first the cells were grown 
at 37 °C, including 1 % glucose in the medium or (2) at 28 °C, where the cells were also grown at 28 °C. Induction 
of recombinant expression was performed with either 0.1 mM or 0.4 mM IPTG and a non-induced control was 
taken along in parallel (-). 
After incubation at 28 °C during both the growth and expression phase, FDH was successfully 
recovered in the medium. Therefore, a larger scale culture was set up, followed by IMAC 
purification (Figure 5.14). Cells were pelleted and the medium was collected for IMAC 
purification. After resuspension, the cells were split in two in order to test two different 
protocols for FDH extraction from the periplasm. On the one hand, FDH was extracted from 
the periplasm by means of osmotic shock. On the other hand, lysozyme was used. Eluting with 
100 mM imidazole, the highest absorption peak was observed, as seen during FDH purification 
from the medium after recombinant production in P. pastoris. However, the 100 mM imidazole 
elution peak still contained many contaminating proteins in case of FDH purification from the 
medium, as seen by SDS-PAGE, and no clear visible band around 43 kDa appeared. Both 
periplasmic extraction protocols resulted in distinct bands around 43 kDa. These bands were 
cut out for MALDI-TOF MS analysis. Unfortunately, this could not confirm the presence of 
FDH but instead, the bands appeared to contain the elongation factor Tu, a contaminant often 
encountered, which has a similar MW as FDH. A western blot analysis was therefore needed 
to find out if FDH was actually produced and purified. In the elution peak samples after FDH 
purification from the medium, no bands at the expected MW of 43 kDa were found. In both the 
10 mM and 100 mM imidazole elution peaks, a band at a higher MW was observed instead. In 
the 100 mM imidazole elution peak, a band around 25 kDa was present as well, indicating 
degradation. In the elution peak samples after FDH purification from the periplasmic fraction, 
retrieved after osmotic shock, a signal at the right MW of 43 kDa appeared, however, eluting 
with the 10 mM imidazole washing step. No FDH was found after lysozyme treatment so 





Figure 5.14: IMAC purification of FDH (43 kDa) after recombinant production in E. coli. The medium was collected and purified, as well as the periplasm. Cells were split in 
two and two different periplasm extraction protocols were tested, i.e. osmotic shock and lysozyme treatment. For all purifications, the complete chromatogram is shown on the 
left. The right chromatogram shows the elution profile in more detail. All elution peaks were analysed by SDS-PAGE and western blot, shown in the right column. The blue 
arrow indicates the cut out gel bands, which were identified to be elongation factor Tu by MALDI-TOF MS. 
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For FDH extraction from the periplasm, EDTA was included, which might interfere with IMAC 
purification. In both cases, the final periplasm extract was diluted in order to decrease the EDTA 
concentration to 0.1 mM, which is ten times lower than the limit mentioned in the HisTrap™ 
HP manual (1 mM). Moreover, Mg2+ was included to counteract EDTA. Despite the low 
concentration and inclusion of Mg2+, it was hypothesized that the EDTA presence could still 
interfere with proper FDH purification using IMAC. Therefore, a buffer exchange to the IMAC 
binding buffer was performed after osmotic shock. In addition, two other approaches were 
tested in order to check which method resulted in the highest yield versus the highest purity. 
Firstly, the cells were incubated with Tris in order to increase the permeability of the OM, 
promoting FDH leakage to the medium. A second alternative was to lyse the cells completely 
in order to check whether the increased yield (as leakage and osmotic shock might not release 
all protein produced) can make up for the decreased purity. One 300 ml culture was divided in 
three 100 ml cultures after expression to make sure the yield difference indeed was the result 
of the FDH collection method. The medium was included as well in the periplasm extract and 
the lysate, as a prolonged induction phase was executed. The IMAC purification results are 
shown in Figure 5.15. In the Coomassie-stained gel of all three purifications, a clear band is 
visible around 43 kDa, especially when purifying the lysate. Again, gel bands were cut out and 
analysed by MALDI-TOF MS and here as well, FDH was not found, and these were mainly 
identified as elongation factor Tu. A subsequent western blot was executed, showing that very 
little FDH was purified. Only in the 10 mM elution peak of the FDH purification from the 
lysate, there appears a very light signal around the right MW of 43 kDa. This is also the case 
after medium leakage, although a more intense band is present at a higher MW. Now, a sample 
was taken of the flow through in order to see whether FDH was lost due to binding issues with 
the IMAC column. The sample was concentrated and analysed by western blot (Figure 5.16). 
No FDH was found so no FDH was lost via the flow through and it was concluded that the FDH 





Figure 5.15: IMAC purification of FDH (43 kDa) after recombinant production in E. coli. The 300 ml culture was split in three. Firstly, FDH was extracted by OM 
permeabilization. Secondly, FDH was extracted from the periplasm by osmotic shock. Thirdly, cells were lysed. Due to medium leakage after a prolonged induction phase, 
medium was collected and included in all three cases. For all purifications the complete chromatogram is shown on the left. The right chromatogram shows the elution profile 
in more detail. All elution peaks were analysed by SDS-PAGE and western blot, shown in the right column. The blue arrows indicate the cut out gel bands, which were mainly 
identified to be elongation factor Tu by MALDI-TOF MS. 
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Figure 5.16: Western blot analysis of concentrated IMAC flow through samples, taken during the IMAC 
purification shown in Figure 5.15. 
Due to these low yields, it was hypothesized that the protein might be toxic, leading to plasmid 
instability. Therefore, the problem of leaky expression was addressed. Firstly, the fdh construct 
was transformed in two alternative BL21 strains. The pLysS host was chosen, where basal 
expression is controlled by a small amount of T7 lysozyme, a natural inhibitor of T7 RNA 
polymerase. The second host of choice was the BL21-AI strain, with the T7 RNA polymerase 
under the control of the more tightly regulated araBAD promoter. In both strains, FDH 
production was obtained, as shown in Figure 5.17, and higher optical densities were measured 
than in case of the BL21(DE3) strain. The OD600 after FDH production in the pLysS host was 
4.46 compared to 4.55 in the non-induced control. After expression in the BL21-AI strain, the 
OD600 was 4.16 compared to 4.85 in the non-induced control. A second approach to control 
basal expression, was the growth and expression of the original strain in autoinduction medium. 
From the moment the culture became slightly turbid, culture samples were taken for OD600 
measurement and analysis of total cell protein (TCP) by western blot (Figure 5.18A). At the 
start of the exponential phase, FDH was produced. Throughout the exponential phase, no FDH 
was present anymore. In parallel, the fdh construct was retransformed in BL21(DE3), now 
plated out on defined medium instead of LB to make sure it lacks any inducing component. 
Also the preculture was set up in this defined medium instead of LB. Autoinduction starting 
from this preculture resulted in a slower growth and the OD600 after 12 h was significantly lower 
than inoculating autoinduction medium with an LB preculture (Figure 5.18B). On the other 
hand, FDH is clearly produced. These results strengthen the hypothesis that indeed FDH 
production is toxic for E. coli. 
 
 
Figure 5.17: Western blot analysis of TCP samples taken after FDH (43 kDa) production in either a pLysS host or 
BL21-AI. In both cases, a non-induced control (-) was grown in parallel to an induced culture (+). 
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Figure 5.18: Growth curve of BL21(DE3) producing FDH (43 kDa) in autoinduction medium. A TCP sample was 
taken for subsequent western blot analysis, shown below the growth curve. A: LB medium was used for the agar 
plates and preculture. B: Non-induction medium was used for the agar plates and preculture. 
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The production and secretion of FDH from B. stabilis in the recombinant production host 
P. pastoris was accomplished. However, very low yields were obtained and the enzyme 
degraded during the purification process. Several alternative expression conditions were tested, 
but did not result in significantly different results. It was seen that glycerol addition led to 
increased stability, as the activity was retained after a second freeze-thaw cycle compared to a 
decreased activity in absence of glycerol. Unfortunately, including glycerol in the buffers did 
not result in a higher purification yield. Because we did not observe intracellular degradation, 
and adapting the expression conditions in order to improve folding did not alter the final yields 
significantly, it was hypothesized that it was not a folding or secretion issue. This led us to 
believe that FDH was either synthesized to a low amount or was already degraded during the 
expression phase. FDH enzymes are known to have low thermostability. Could the 48 h 
incubation at 28 °C have resulted in the observed low yield? No significant yield increase was 
observed at 16 °C, thereby excluding this rationale. Alternatively, chemical instability has been 
reported and often was ascribed to oxidation of solvent-accessible cysteines. Indeed, when 
secreting FDH to the medium, the enzyme is present in an oxidizing environment, instead of in 
its native reducing environment of the cytoplasm. Mutation of these residues might be 
performed to further elucidate this hypothesis. Of note, an alignment of FDH from B. stabilis 
to the extensively investigated FDH from C. boidinii and Pseudomonas sp. 101, shows that two 
cysteines of the three cysteines align with Cys5 and Cys354 from Pseudomonas sp. 101, which 
have been reported to be not essential for chemical stability [375]. The third cysteine, Cys183 
aligns with Cys182 from Pseudomonas sp. 101 and is not conserved in C. boidinii. It was 
reported that this residue was not accessible to modifying agents and was therefore not 
subjected to mutagenesis studies [375]. Therefore, this short analysis led to the hypothesis that 
cysteine modification was not the main issue here.  
 
Two peaks are observed in the SEC chromatogram, one smaller peak eluting between 70 and 
80 ml, and a broader peak eluting later. FDH enzymes are reported to be dimers, so it was 
hypothesized that the smaller peak coincides with the dimer. The monomer would than coincide 
with the broader peak and is particularly prone to degradation. Of note, Hatrongjit and 
Packdibamrung reported the FDH from B. stabilis to be an octamer instead of a dimer [382], 
which was not seen here. It was thus hypothesized that upon production and secretion of FDH 
in P. pastoris, the multimeric quaternary structure was lost, thereby resulting in an inherently 
unstable FDH protein. In order to characterize the multimeric state of FDH further, protein 
standards with a known MW might be run on the same SEC column in order to set up a standard 
curve. Alternatively, dynamic light scattering can provide further information on the multimeric 
structure. Two reports were found in literature on the production and secretion of FDH in P. 
pastoris. First, Takacs et al mention the recombinant production of the well-known NAD+-
dependent FDH C. boidinii, already used in industry [385]. In a second publication, the NAD+-
dependent FDH from Chaetomium thermophilum, a thermophilic fungus was successfully 
secreted [386]. It was hypothesized that both FDHs are more stable, as the first has been 
successfully used in industry and the second enzyme is derived from a thermophilic fungus. Of 
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note, dimerization was not discussed and Takacs et al mention that FDH from C. boidinii 
produced in P. pastoris showed a decreased activity compared to the enzyme purified after 
production in E. coli. 
 
Due to stability issues in P. pastoris, a switch was made to the bacterial host E. coli. 
Unfortunately, FDH could not be isolated from this expression host in an active form. Although 
FDH was identified in a soluble form at the right MW in different cell fractions after a first 
expression test, no enzyme could be purified by IMAC after upscaling. The C-terminal Histag 
could not bind tightly to the IMAC column, unless FDH was degraded, as only a 25 kDa band 
appeared in the 100 mM elution peak, whereas all other signals were observed in the 10 mM 
imidazole washing step and/or at a higher MW in several cases. The enzyme is reduced and 
denatured in Laemmli buffer in preparation of SDS-PAGE. However, it was wondered if the 
dimer was not completely denatured, thereby giving rise to these higher MW bands. In this 
respect, it might be of interest to add urea in the Laemmli buffer. In the same train of thoughts, 
is the Histag shielded in the dimer, thereby reducing its affinity to the IMAC column? The 
dimeric interface is located in the central part of the polypeptide chain, so this seems unlikely. 
However, the periplasm is an oxidizing environment and inter subunit disulphide bridges might 
be formed between cysteine residues of the FDH enzyme, not present in the native dimer, 
thereby shielding the Histag. The results indicated that the FDH might be toxic to the cell. 
Especially the autoinduction assay insinuated this. Since the publication of these NADP+-
dependent FDHs in the BCC in 2010, no further reports were found where this enzyme was 
recombinantly produced and used as a regeneration system, until very recently by Jiang et al, 
who reported a mutation study for improved cofactor and substrate affinity [389]. They 
successfully produced this FDH intracellularly in E. coli and used a vector containing the T7lac 
promoter instead of the “plain” T7 promoter, resulting in a more controlled basal expression. 
However, the authors do not report actual protein yields and they refer also on difficulties on 
expression and purifications, without details. 
 
5 Conclusion 
The FDH from B. stabilis is a difficult to produce protein in both P. pastoris and E. coli. When 
secreted in the yeast P. pastoris, the problem appeared to be in the fact that no multimeric 
complex was formed, whereas periplasmic localization and/or protein toxicity seemed to be a 
problem in E. coli. Overall, the recombinant production of FDH is accompanied with many 
issues and more efforts are required to resolve these issues. Our efforts on the production of 
FDH for cofactor regeneration was only relevant when an active self-sufficient CYP is obtained 
for DCA production. Therefore, we focused on the development of such a CYP and the work 
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In this dissertation, the development of an in vitro cell-free biocatalytic process for the 
production of long-chain α,ω-dicarboxylic acids (DCAs) was pursued. Several arguments 
favoured the choice for an in vitro process. The use of isolated enzymes circumvents the issue 
of undesired side reactions such as the degradation of substrate and product in the β-oxidation 
pathway. The substrate and product do not need to cross any membrane barrier. This is in 
contrast to whole-cell bioconversion, where the β-oxidation needs to be inhibited or knocked 
out and membrane transport is a major limitation in long-chain DCA production. Furthermore, 
the implementation of an in vitro process in the classical chemical industry is more 
straightforward as fermentation processes require expertise and specialized equipment, 
demanding huge investments in this sector. Several CYPs have been described to selectively 
hydroxylate the ω-position of fatty acids and overoxidation to DCAs has been reported as well. 
One of these described CYPs, i.e. CYP52A13 from the industrial DCA producer Candida 
viswanathii [23], [24], was selected for recombinant production in search for a suitable 
biocatalyst. In the first experimental chapter (chapter 3), it was investigated whether it was 
feasible to produce a soluble and self-sufficient variant of CYP52A13 in the recombinant host 
Pichia pastoris. A soluble enzyme was preferred in order to obtain a flexible system, easy to 
implement in industry. In chapter 3, we illustrate that production of a soluble CYP52A13 was 
accomplished, as well as the production of its reductase partner CPR-a in a soluble form. Even 
more, both enzymes were obtained in a secreted form, although activity could only be shown 
for the reductase. In both cases, the N-terminal tag, described by Lamb et al for the 
crystallization of CPR from Saccharomyces cerevisiae [193], was used. When both proteins 
were fused in order to create a chimer for the construction of a self-sufficient CYP system, it 
was seen that upon washing the microsome with a high salt buffer, the chimer appeared in the 
soluble supernatant. Furthermore, replacement of the N-terminal membrane anchor with this 
artificial N-terminal tag seemed to improve the enzyme yield. This N-tag thus proves to be a 
valuable alternative sequence for recombinant class II CYP production.  
 
The CYP monooxygenase superfamily contains many potential members for industrial 
application, exemplified by the successful CYP application in the fermentative production of 
artemisinic acid, the precursor of the antimalarial drug artemisin [132]. Unfortunately, they 
have some disadvantages that need to be overcome, such as a low specific activity, but also 
instability and the need for a redox partner and stoichiometric amounts of NAD(P)H limits their 
use [120], [122]. The class II type CYPs have the additional challenge of being membrane-
bound proteins [134]. Due to aforementioned disadvantages, current CYP applications are 
constraint to whole-cell bioconversions and creating an in vitro cell-free biocatalytic process is 
not straightforward, requiring a lot of research. The troublesome production of CYP52A13 in 
P. pastoris demonstrated the complexity of this enzyme superfamily and many different factors 
determine the success or failure of this enzyme system. Which truncations in the membrane 
binding domains of the CYP enzyme results in the highest protein yield in a recombinant host 
without affecting the activity? Which redox partner results in the highest coupling efficiency, 
without negatively influencing the CYP activity? How is the N-terminus of the redox partner 
best modified to allow for the most efficient electron transfer and which linker supports this 
reduction the best? Which recombinant host is suited the most? To add to this complexity, the 
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involvement of cytochrome b5 needs to be addressed as well as the influence of the membrane 
in the overall catalysis To obtain the best performing self-sufficient biocatalysts, many 
parameters need to be considered and a high-throughput screening method would therefore be 
of great value to further investigate this. For example, the proposed high-throughput screening 
method from Gudiminchi, where CYP expression was determined by measuring the CO-bound 
difference spectrum of whole-cells, is an interesting approach [327]. This might possibly be 
extended to a method where also the reductase partner and the coupling efficiency are 
evaluated, e.g. by including the assay proposed by Hayashi et al where measurement of the CO-
bound difference spectrum was used to prove the ability of the redox partner to reduce the heme 
group [341]. 
 
During this dissertation, many issues were encountered in the development of a soluble class II 
CYP. Based on the stability issues and absence of an active system, we dare to conclude that 
the implementation of a solubilized class II CYP as an industrial biocatalyst is currently not 
feasible. Even if alternative truncations and chimers would lead to an active enzyme, the lack 
of stability would limit the biocatalytic performance and the recycling of the biocatalyst would 
not be possible. Even though the enzymes, naturally oxidizing the ω-position, show a high 
regioselectivity and the final purity of the formed DCA might be increased compared to 
fermentative production, thereby reducing costs regarding DCA purification, this would not 
compensate for the costs of the biocatalyst. Thereby, no cost-effective alternative could be 
delivered using a soluble self-sufficient enzyme. Alternatively, the soluble CYP153 family of 
class I has been reported to regioselectively oxidize the ω-position [82], [88], which might 
provide better candidates for the development of a soluble self-sufficient biocatalyst. However, 
the use of these enzymes did not yet lead to conversion yields in the range of C. viswanathii 
and overoxidation activity is almost nonexisting. The soluble self-sufficient CYP102A1 of 
class VIII shows the highest specific activity reported to date and hydroxylates FAs, although 
preferably at the positions ω-1, ω-2 and ω-3. Therefore, this is an interesting candidate for in 
vitro DCA production. Mutation studies have been reported and ω-oxidation was accomplished. 
However, the selectivity of the natural ω-oxidizing CYPs was superior. The mutated 
CYP102A1 showed a regioselectivity of 74 % whereas natural ω-oxidizing CYPs show 
selectivities of over 90 % [100]. Furthermore, limited stability has also been reported for soluble 
CYPs [120]. In this regard, the characterization of an increasing number of thermophilic CYPs 
raises interest [141]. Unfortunately, no FA hydroxylating thermophilic CYP has been identified 
to date. 
 
Even though no biocatalyst was obtained, the artificial N-terminal tag showed to solubilize CYP 
and the chimer to some extent and seemed to increase enzyme yield. Therefore, this tag might 
serve as an approach to produce soluble protein for other purposes, such as for crystallization 
efforts. No structure of a CYP52 family member has been resolved thus far. Recently, the 
crystal structures of other ω-hydroxylating CYPs have been determined. For example, Hsu et 
al determined the structure of the rabbit CYP4B1 in a substrate (octane) bound form [390]. 
Here, it was described how the Ala or Gly from the consensus sequence (A/G)GX(D/E)T on 
helix I was substituted by Glu. An ester bond between this Glu and the 5-methyl group of heme 
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resulted in the architecture favouring ω-hydroxylation over subterminal hydroxylation. 
However, the CYP4 family is the only CYP family reported to covalently bind the heme group, 
and although homology modelling of CYP52A23 to CYP4B1 gave some structure-function 
relationship insights [53], structures of the CYP52 family would be of value. Hoffmann et al 
resolved the structure of the soluble ω-hydroxylating CYP153M.aq. in a substrate-free form as 
well as with the substrate dodecanoic acid bound [391]. They demonstrated the benefit of 
having the crystal structure at hand. Guided by the available structure, targeted mutational 
studies were performed, resulting in a variant with a lower KM by introducing a so-called 
substrate anchor in the active site. Moreover, the flexibility of the substrate recognition site was 
increased, further improving the activity towards dodecanoic acid [391]. Indeed, crystal 
structures have led to the rational and semi-rational design of several CYPs, targeting not only 
the substrate recognition sites, but also the substrate access channels and the CPR interaction 
site, significantly improving overall activity [256], [392]. This is of importance due to the fact 
that CYPs are generally known to have a low specific activity [120], [122]. Furthermore, 
engineering a better substrate fit might positively influence the coupling efficiency [176]. 
Additionally, it might be of interest to learn how the regioselectivity is obtained. CYPs with 
characteristics more suited for industrial application, such as CYP102A1 or thermostable CYPs, 
might be engineered by rational design in order to introduce the same high regioselectivity.  
 
As the structure of the highly similar CPR-b from C. tropicalis is available [195], as well as the 
structure of the CYP102A1 heme-FMN complex [190], docking studies of CPR-b with the 
CYP52A13 structure, guided by the heme-FMN domain structure of CYP102A1, might identify 
potential reductase interaction sites and could be targeted to further improve coupling efficiency 
and thereby enhancing overall activity. Additional studies such as mutation studies and 
cryo-EM can lead to further insights in this complex formation. It has been reported that the 
reductase partner can have a marked influence on the CYP activity. Does the CPR redox partner 
aids in the regioselectivity of CYP52A13? This information as well could be used for the 
enhancement of regioselectivity in other CYPs. 
 
An interesting approach to combine advantages of both whole-cell bioconversions and in vitro 
biocatalysis, is the surface display of CYP enzymes on the outer membrane (OM) of 
Escherichia coli. On the one hand, stability of the produced CYP is enhanced by in vivo 
immobilization into a membrane environment and no expensive enzyme purification process is 
required, advantages accompanied with whole-cell bioconversions. On the other hand, no 
membrane barrier needs to be crossed, a big advantage accompanied with in vitro biocatalysis 
[252]. In literature, three different surface display anchors were shown to integrate the self-
sufficient CYP102A1 in the OM of E. coli, i.e. a truncated ice-nucleation protein [250], the 
autotransporter β-barrel (Autodisplay) [254] and the SpyCatcher-SpyTag system [255]. The 
Autodisplay approach was investigated in more detail and enabled a total turnover number of 
54 700, the highest reported for CYP enzymes [254]. Autodisplay was found to be applicable 
for the surface display of mammalian class II CYPs as well [247], [249]. In this dissertation, it 
was found that the use of a truncated ice-nucleation protein InaK could be extended to the 
surface display of self-sufficient class II CYPs, exemplified in chapter 4 for CYP52A13, fused 
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to the reductase domain of CYP102A1. Unfortunately, no oleic-acid converting system was 
obtained. Even though no active system was created, it is still believed to be worth considering 
for other class II CYPs, as CYP102A1 has proven to be a valuable model enzyme for class II 
CYPs. CYP52A13 proved to be difficult to produce in P. pastoris so it cannot be excluded that 
the lack of activity can be ascribed to inherent problems with the enzyme rather than the surface 
display system.  
 
In chapter 4, it was investigated if this surface display approach could be taken one step further, 
i.e. displaying a self-sufficient CYP on outer membrane vesicles (OMVs) derived from the 
E. coli OM. Park et al showed how OMV display led to an increased activity compared to yeast 
surface display of the same enzyme complex [349]. It was hypothesized that the increased 
activity could be ascribed to the nanoscale dimensions of the OMVs, resulting in an increased 
enzyme:volume ratio and improved substrate accessibility [349], [350]. In this dissertation, 
membrane vesicles were successfully isolated, either EDTA-extracted eOMVs or 
spontaneously formed sOMVs (which might include vesicles as a result of cell lysis) and 
showed to display CYP102A1, actively converting the model substrate 12-pNCA. The four 
different alternative CYP52A13 chimers were also found in isolated membrane vesicles. OMVs 
have proven their value in the development of a vaccine against Neisseria meningitis and are 
increasingly investigated as a vaccine against other pathogens [348]. Furthermore, the use of 
engineered OMVs has emerged as vehicles for targeted drug delivery [344]. In this chapter, it 
was shown that OMVs can serve as an in vivo immobilization strategy for recombinant 
production of the challenging class II CYP monooxygenases, thereby proposing an alternative 
production strategy.  
 
The OMV display approach shows great promise, although there are still many parameters that 
need to be investigated and optimized before this would result in an economically attractive 
process. Firstly, it is of interest to obtain actual sOMVs, obtained from budding of the OM. This 
would allow for a continuous process where the medium is removed for sOMV isolation instead 
of a batch process where the cells need to be collected for eOMV extraction or due to cell lysis. 
In this context, other hypervesiculating mutants might be investigated as well, e.g. mutants with 
disruptions of genes involved in the σE stress response pathway [356]. Secondly, the stability 
of these OMVs needs to be assessed. OMVs have been reported to be stable during long-term 
storage and upon several cycles of freeze-thawing [393], [394]. However, the stability in the 
desired biocatalytic setup where e.g. shearing forces and solvent will be present, needs to be 
tested. Thirdly, it might be of interest to engineer E. coli for the inclusion of a heme biosynthetic 
pathway. The heme precursor δ-aminolevulinic acid (5-ALA) is expensive so elimination of 
this additive would greatly reduce the production costs. For example, Harnastai et al showed 
that co-expression of glutamyl-tRNA reductase proved to be sufficient for eliminating the need 
for 5-ALA supplementation [239]. Another parameter that needs attention is the purification of 
these vesicles. OMVs are now generally collected by ultracentrifugation or ultrafiltration 
techniques. Alternatively, it has been shown that IMAC can be used for the purification of 
OMVs [395], thereby only retaining vesicles displaying the protein of interest. On an industrial 
scale, both ultrafiltration and IMAC are established but expensive purification processes. 
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Therefore, it remains to be seen if OMVs would be a suitable nanobiocatalyst for the production 
of bulk chemicals. It should be noted that new strategies for the recombinant production of 
CYPs are valuable in synthetic biology applications, not only for bulk chemicals such as long-
chain DCAs, but in the synthesis of fine chemicals as well. For example in the pharmaceutical 
industry, CYPs are involved in the production of many interesting compounds (see Chapter 1 - 
2.1). Moreover, liver CYP enzymes are of major importance in drug metabolism and great 
interest continues to go to recombinant production systems as biosensors in drug development. 
Even though the applicability of OMVs in context of bulk chemical production might be 
questioned, it can still prove to be an invaluable immobilization strategy for other applications.  
 
We believe that the strategy of in vivo immobilization in a membrane environment might pave 
the way to developing a biocatalyst to be used in the chemical industry, given the difficulties 
associated with the production of a soluble CYP and OMV display might thus serve as a 
valuable tool. Alternatively, other in vivo immobilization strategies have been proposed, such 
as the integration of CYPs in the membrane of polyhydroxybutyrate granules [306]. Another 
interesting idea was found for the recombinant production of rat CPR. Yim et al reported 
recombinant expression in the host Bacillus subtilis and in vivo immobilization of the enzyme 
by display on the surface of spores [396]. These might be worth investigating in parallel in 
order to obtain the best possible biocatalyst. 
 
A matter that has shortly been addressed in chapter 5 concerns cofactor regeneration in order 
to make the biocatalytic process economically feasible. Formate dehydrogenase (FDH) is 
recognized as the ideal regeneration system for industrial application due to its many 
advantages. The substrate formate is cheap, readily available and only one enzyme was reported 
to be inhibited by formate so far. The reaction is irreversible and the formed product CO2 is 
easily removed, thereby not interfering with downstream processing of the product of interest. 
Unfortunately, some disadvantages have limited the use of FDH in industry, such as low 
chemical and thermal stability and the specificity for NAD+. Although many protein 
engineering efforts have led to significant improvements, the specificity for NAD+ remains an 
issue up to today. Three FDH enzymes have been reported in literature to accept NADP+. Two 
of them prefer acidic conditions [383], [384], whereas the FDH from Burkholderia stabilis 
shows a broader pH range [382]. However, this last FDH proved to be difficult to produce 
recombinantly, as shown in chapter 5. The OMV display approach as discussed in chapter 4, 
might actually serve as an immobilization strategy for this FDH as well. The FDH from 
C. boidinii has successfully been surface displayed using a INP anchor [387]. The proposed 
strategy in chapter 4 might therefore be extended to FDH display on the surface of OMVs. In 
order to create an in vitro biocatalyst which is truly self-sufficient, and thus also including 
NADPH regeneration, it has been proposed in literature to co-immobilize the regenerating 
enzyme with the self-sufficient CYP. For example, the self-sufficient CYP102A1 has been co-
immobilized with an engineered FDH in a sol-gel matrix [293] and with GDH on an anionic 
sulfopropyl-activated carrier (ReliSorb SP) [298]. In the same train of thoughts, co-expression 
and OMV display of both the self-sufficient CYP and a regeneration system might be 
investigated to create such a true self-sufficient system. Furthermore, co-expression would 
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allow for an approach where all enzymes are isolated in one and the same purification process. 
A fusion construct between CYP102A1 and PTDH was created as well in the search for a true 
self-sufficient enzyme [294]. Would it be possible to display this fusion on the surface of 
E. coli, and by extension, on OMVs? 
 
In the context of cofactor regeneration, it has been reported for the self-sufficient CYP102A1 
to switch the cofactor specificity from NADPH to NADH [296]. Alternatively, it might be 
advantageous to test different heterologous redox partners and extend the search to redox 
partners from other classes which show NADH specificity. Indeed care should be taken when 
changing the redox partner and this can negatively influence the conversion activity, substrate 
selectivity and coupling efficiency. However, in some cases switching the redox partner 
positively influenced aforementioned parameters [58], [264], [392]. As cofactor recycling is an 
integral part of the biocatalytic process, the NADH specificity might result in decreased costs, 
as NADH is cheaper, compensating for possible issues caused by switching to a heterologous 
redox partner. When screening for the best redox partner, it is thus important to also take this 
into account and to consider the overall process. 
 
In conclusion, the CYP superfamily is a very interesting yet challenging group of enzymes for 
industrial application. Their use is now limited and whole-cell bioconversions are preferred. In 
the production of long-chain DCAs, CYPs have proven of value. The fermentative production 
of long-chain DCAs with the yeast C. viswanathii, where CYPs are responsible for the first and 
rate-limiting step of the ω-oxidation pathway, results in good yields and circumvents many 
disadvantages of the chemical conversion of FAs to DCAs by means of metathesis. However, 
the fermentation process is executed with an opportunistic pathogen and delivers only a limited 
set of DCAs at elevated prices. Therefore, an in vitro cell-free approach was investigated in this 
dissertation, aiming to obtain a flexible system resulting in high productivity and purity, 
ultimately leading to a wide variety of long-chain DCAs at decreased costs. However, no active 
soluble self-sufficient CYP could be created. Based on the obtained results, it was concluded 
that the use of class II CYPs as a soluble biocatalyst is currently not feasible. Both the 
production process of the unstable biocatalysts as well as the poor performance, would lead to 
elevated costs, consequently elevating the costs of the final DCA product. Immobilization is a 
well-known strategy to increase stability of the biocatalyst. In order to circumvent a costly 
purification before continuing to immobilization, an in vivo immobilization strategy was 
proposed, targeting CYPs to the surface of OMVs. A proof-of-concept was delivered using the 
model enzyme CYP102A1, but much more research is required in order to assess its feasibility 
as a vehicle for industrial application. Although no industrial biocatalyst could be delivered for 
the production of long-chain α,ω-DCAs, this dissertation provided tools with great promise in 
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Figure A1: Expression vectors for the production of CPRtr and CYPtr (left and right, respectively) in 
Pichia pastoris and secretion to the medium. The amino acid sequence of the artificial N-
tag is MGSSHHHHHHSSGLVPRGSHMLDIM and contains a Histag and a thrombin 
cleavage site. 
Figure A2: Expression vectors for the production of  CYPnt and CPRnt in the microsomal membranes 
of Pichia pastoris. 
Figure A3: SDS-PAGE analysis of microsomes after CYPnt production in P. pastoris. A: Comparison 
between microsomes after enzymatic cell lysis versus mechanical cell lysis. B: Microsomal 
protein obtained after enzymatic cell lysis. The lysate was centrifuged at 20 000 g or 30 
000 g or no intermediate centrifugation step was included before collecting the microsome 
from the lysate at 100 000 g. 
Figure A4: SDS-PAGE analysis of microsomes after a 24 h, 48 h, 72 h or 96 h CYPnt expression 
phase. The blue arrow indicates a band coinciding with the expected MW of CYPnt. 
MALDI-TOF MS identified this band as 60S ribosome subunit biogenesis protein and not 
CYPnt. 
Figure A5: Expression vector encoding the surface display anchor InaK in a truncated form (InaKtr). 
Figure A6: Peptide mass fingerprint of gel band appearing in between 100 kDa and 150 kDa in the 
medium sample, collected after InaKtrBM3 production in JC8031 for 3 h in TB medium. 
BM3 was identified in this gel band and no peptides, specific for the InaKtr anchor were 
found. 
Figure A7: Peptide mass fingerprint of gel band appearing in 150 kDa in the OM sample, collected 
after InaKtrBM3 production in JC8031 for 3 h in TB medium. InaKtrBM3 was identified in 
this gel band. Peptides, specific for the InaKtr anchor were found and confirmed to be 
derived from InaKtrBM3 by MS/MS. These peptides are indicated with the grey arrows. 
Figure A8: Expression vector encoding the formate dehydrogenase from Burkholderia stabilis. Left: 
Expression vector for the production and secretion in the recombinant host Pichia pastoris. 
Right: Expression vector for the production in the recombinant host Escherichia coli and 
translocation to the periplasm. 
Figure A9: Alignment of FDH from Burkholderia stabilis to the extensively investigated FDH from 
Candida boidinii and Pseudomonas sp. 101. 
 
Table A1:  Codon optimized sequences encoding truncated CPR-a (cprtr), truncated CYP52A13 
(cyptr), nontruncated CYP52A13 (cypnt) and nontruncated CPR-a (cprnt). UniProtKB entry 
CPR-a: Q66T17, UniProtKB entry CYP52A13: Q874J4. 
Table A2:  Lists of transitions selected for MRM validation 
Table A3:  Codon optimized sequences encoding the truncated ice nucleation protein InaK (inaKtr). 
UniProtKB entry InaK from Pseudomonas syringae: O30611. 
Table A4:  Codon optimized sequences encoding formate dehydrogenase (fdh) from Burkholderia 
stabilis 15516 for heterologous expression in Pichia pastoris or Escherichia coli, 





Figure A1: Expression vectors for the production of CPRtr and CYPtr (left and right, respectively) in Pichia pastoris and secretion to the medium. The amino acid sequence of 








Table A1: Codon optimized sequences encoding truncated CPR-a (cprtr), truncated CYP52A13 (cyptr), nontruncated CYP52A13 (cypnt) and nontruncated CPR-a (cprnt). 
UniProtKB entry CPR-a: Q66T17, UniProtKB entry CYP52A13: Q874J4. 
































































































Figure A3: SDS-PAGE analysis of microsomes after CYPnt production in P. pastoris. A: Comparison between 
microsomes after enzymatic cell lysis versus mechanical cell lysis. B: Microsomal protein obtained after enzymatic 
cell lysis. The lysate was centrifuged at 20 000 g or 30 000 g or no intermediate centrifugation step was included 
before collecting the microsome from the lysate at 100 000 g. 
 
Figure A4: SDS-PAGE analysis of microsomes after a 24 h, 48 h, 72 h or 96 h CYPnt expression phase. The blue 
arrow indicates a band coinciding with the expected MW of CYPnt. MALDI-TOF MS identified this band as 60S 





Table A2: Lists of transitions selected for MRM validation 
Protein Peptide sequence Precursor (m/z) Product ion (m/z) Collision energy (V) 


























































































Figure A5: Expression vector encoding the surface display anchor InaK in a truncated form (InaKtr). 
Table A3: Codon optimized sequences encoding the truncated ice nucleation protein InaK (inaKtr). UniProtKB 
entry InaK from Pseudomonas syringae: O30611. 

























Figure A6: Peptide mass fingerprint of gel band appearing in between 100 kDa and 150 kDa in the medium sample, collected after InaKtrBM3 production in JC8031 for 3 h in 




Figure A7: Peptide mass fingerprint of gel band appearing in 150 kDa in the OM sample, collected after InaKtrBM3 production in JC8031 for 3 h in TB medium. InaKtrBM3 
was identified in this gel band. Peptides, specific for the InaKtr anchor were found and confirmed to be derived from InaKtrBM3 by MS/MS. These peptides are indicated with 




Figure A8: Expression vector encoding the formate dehydrogenase from Burkholderia stabilis. Left: Expression vector for the production and secretion in the recombinant host 




Table A4: Codon optimized sequences encoding formate dehydrogenase (fdh) from Burkholderia stabilis 15516 for heterologous expression in Pichia pastoris or Escherichia 
coli, respectively. UniProtKB entry FDH from B. stabilis 15516: B5A8W5. 
Gene Codon optimized sequence 
fdh  










































Figure A9: Alignment of FDH from Burkholderia stabilis to the extensively investigated FDH from Candida 
boidinii and Pseudomonas sp. 101. 
 
